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DISSERTATION ABSTRACT 
 

Neeka Bayat-Barooni 
 
Doctor of Philosophy in Human Physiology 
 
Evaluation of Cardiac and Skeletal Muscle Progenitor Cell Dynamics in Growth Restricted Fetuses  
 

Fetal growth restriction (FGR) increases the risk of cardiometabolic disease due in part to 

deficits in cardiac and skeletal muscle growth that are not fully compensated for after birth. Deficits 

in fetal cardiomyocyte number and maturity are thought to mediate lifelong cardiac dysfunction in 

FGR offspring. Similarly, the total number of skeletal muscle myofibers is set in utero. Thus, 

reductions in fetal myofiber number and hypertrophic enlargement limit skeletal muscle growth and 

metabolic function throughout the lifespan. Previous studies identify decreased cell cycle activity in 

cardiac and skeletal muscle of FGR fetuses. Additionally, reductions in myogenic regulator factor 

(MRF) expression and in the frequency of binucleated cardiomyocytes imply impairments in 

terminal differentiation and maturation in FGR muscle. Due to limitations in current techniques, 

whether cardiac and skeletal muscle progenitor cells of FGR fetuses exhibit decreased proliferation 

and/or myogenic capacity in vivo remains a critical gap in knowledge.  

Using an ovine model of placental insufficiency and FGR, this dissertation aimed to identify 

the cellular origins of dysregulated cardiac and skeletal muscle development in FGR fetuses. We 

hypothesized that intrauterine stress exposure disrupts proliferation and differentiation programs in 

muscle progenitor cells of FGR fetuses, thereby limiting cardiac and skeletal muscle growth and 

function both in utero and throughout postnatal life. To test this hypothesis, we developed a novel 

flow cytometry approach to evaluate cardiomyocyte and skeletal myoblast development in late-
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gestation FGR and CON fetuses.  

We identified impairments in cardiomyocyte development in FGR hearts, with distinct 

phenotypes specific to the left and right ventricles (LV, RV). Cardiomyocyte endocycling was 

upregulated in both ventricles of FGR fetuses. However, this increase appeared to compromise LV 

cardiomyocyte differentiation and maturity, while RV cardiomyocyte proliferation was notably 

reduced in FGR hearts. In the skeletal muscle of FGR fetuses, we observed decreased rates of 

myoblast proliferation and fewer myoblasts in the early stages of myogenesis. The proportion of 

unfused, late-differentiation myoblasts was increased in FGR, but this is likely due to impairments 

in myoblast fusion, as indicated by decreased Myomaker abundance in FGR skeletal muscle. Both 

cardiomyocyte and skeletal myoblast dynamics correlated with fetal IGF-1 concentrations. Our 

findings suggest that exogenous growth factor stimulation may be necessary or sufficient to restore 

fetal cardiac and skeletal muscle growth, potentially reducing the risk of cardiometabolic disease in 

offspring with prior FGR. 

 

  



 

5 
 

 

ACKNOWLEDGMENTS  

I am so incredibly thankful to all the people who have mentored me, supported me, and 

helped make this research possible. 

To my dissertation committee, Dr. Ashley Walker, Dr. Hans Dreyer, Dr. Nick Willett, and 

Dr. Laura Brown, thank you for your guidance and encouragement. I am truly grateful for your 

support and the opportunity to learn from each of you. To my Ph.D. advisor, Dr. Carrie McCurdy, 

thank you for believing in me and pushing me to strive for much more than I ever thought I was 

capable of. Thank you for entertaining all of my ideas and challenging me to pursue complex 

topics. I sincerely appreciate your patience and expertise.  

To my lab mates (the McCurd Herd), thank you for sharing your knowledge, friendship, 

and enthusiasm with me. Special thanks to Dr. Byron Hetrick for introducing me to flow cytometry 

and teaching me how to do good science; to Matt for somehow making hundreds of hours of 

umbilical cord dissections and immunophenotyping a positive experience; and to Keenan for all 

of your love, compassion, and encouragement. Thank you to the veterinarians and staff at the 

Perinatal Research Center for caring for the animals and making it possible for me to pursue this 

research. 

To Jenna, Kaitlyn, Kelsey, Jess, Ellen, and Kenzie, thank you for bringing balance, joy, and 

laughter to my life outside of the lab. I feel so lucky to have met all of you. To the friends who are 

really family, Shannon, Su, Clemence, and Lily – thank you for the facetimes, the girls’ trips, and 

your endless love and support. I am so grateful to have you in my life. To Mike’l, thank you for 

being my support system, my diary, my comedic relief, and my number one fan. Thank you for 



 

6 
 

 

feeding me, inspiring me, and biking alongside me when I have to run in the dark; for listening to 

me, hyping me up, and giving me the biggest, best squeezes when I need them most. 

Finally, to my family – thank you for literally everything. To my sister and favorite person 

in the whole wide world, thank you for singlehandedly keeping my sparkle alive and always 

reminding me that “it’s not that serious”. To my mommy, thank you for answering my 6+ phone 

calls per day and making sure we never go more than a few months without seeing each other. Thank 

you for teaching me that I can do anything I set my mind to, and for being my favorite #girlboss and 

greatest inspiration. To my dad, thank you for your unwavering support and belief in my abilities, 

for always making me laugh, and for teaching me the value of education. I love you guys sooooo 

much. This dissertation is as much a reflection of you and your support as it is of my work.  

This research was supported by funding from the National Institutes of Health, the University 

of Oregon Office of the Vice President for Research and Innovation, the University of Oregon Center 

for the Study of Women in Society, and the Eugene & Clarissa Evonuk Memorial Graduate 

Fellowship. I am incredibly grateful to these organizations and their selection committees for 

believing in my research and investing in my scientific career. 

 

   

  



 

7 
 

 

TABLE OF CONTENTS 
 

Chapter Page 

I. INTRODUCTION ................................................................................................................ 11 

 REVIEW of the LITERATURE ........................................................................................... 12 

The Developmental Origins of Health and Disease ........................................................ 12 

Maternal Health & Nutrition ................................................................................. 13 

The Placenta .......................................................................................................... 15 

Mechanisms of Fetal Programming ................................................................................ 16 

Fetal Growth Restriction ....................................................................................... 16 

The Heart .............................................................................................................. 17 

Skeletal Muscle ..................................................................................................... 18 

Current Gaps in Knowledge ............................................................................................ 20 

Overarching Hypothesis .................................................................................................. 20 

Research Purpose ............................................................................................................ 20 

Specific Aims .................................................................................................................. 21 

II. EXPERIMENTAL APPROACH.......................................................................................... 22 

Models of Fetal Growth Restriction ................................................................................ 22 

Animal Models...................................................................................................... 22 

Methods to Induce FGR in Sheep ......................................................................... 25 

Study Design ................................................................................................................... 26 

Figures ............................................................................................................................. 28 



 

8 
 

 

III. SPECIFIC AIM 1 .................................................................................................................. 30 

Introduction ..................................................................................................................... 30 

Materials & Methods ....................................................................................................... 32 

Results ............................................................................................................................. 38 

Discussion ....................................................................................................................... 43 

Figures ............................................................................................................................. 51 

IV. SPECIFIC AIM 2 .................................................................................................................. 64 

Introduction ..................................................................................................................... 64 

Materials & Methods ....................................................................................................... 66 

Results ............................................................................................................................. 72 

Discussion ....................................................................................................................... 75 

Figures ............................................................................................................................. 82 

V. CONCLUSION ..................................................................................................................... 92 

VI. APPENDIX: SUPPLEMENTAL MATERIALS .................................................................. 97 

VII. REFERENCES ................................................................................................................... 101 

 

 

 

 

 
 
  



 

9 
 

 

LIST OF FIGURES  
 
Chapter Page 

Figure 2.1 ...................................................................................................................................... 28 

Table 2.1 ....................................................................................................................................... 29 

Figure 3.1. ..................................................................................................................................... 51 

Figure 3.2. ..................................................................................................................................... 52 

Figure 3.3 ...................................................................................................................................... 53 

Figure 3.4 ...................................................................................................................................... 54 

Figure 3.5 ...................................................................................................................................... 56 

Figure 3.6 ...................................................................................................................................... 58 

Figure 3.7 ...................................................................................................................................... 60 

Figure 3.8 ...................................................................................................................................... 62 

Figure 4.1 ...................................................................................................................................... 82 

Figure 4.2 ...................................................................................................................................... 83 

Figure 4.3 ...................................................................................................................................... 84 

Figure 4.4 ...................................................................................................................................... 85 

Figure 4.5 ...................................................................................................................................... 86 

Figure 4.6 ...................................................................................................................................... 87 



 

10 
 

 

Figure 4.7 ...................................................................................................................................... 88 

Figure 4.8 ...................................................................................................................................... 90 

Figure 4.9 ...................................................................................................................................... 91 

Supplemental Figure 3.1 ............................................................................................................... 97 

Supplemental Figure 3.2 ............................................................................................................... 98 

Supplemental Figure 4.1 ............................................................................................................... 99 

Supplemental Figure 5.1 ............................................................................................................... 97 

 

 

  



 

11 
 

 

I. INTRODUCTION 

Current reports estimate that one in five children in the United States are insulin resistant, 

a primary risk factor in the development of type 2 diabetes and cardiovascular disease. Rising rates 

of obesity, insulin resistance, and uncontrolled hypertension among adults reflect a gradual decline 

in the healthspan of the U.S. population. While diet and lifestyle have considerable influence on 

metabolic health, and genetic factors may predispose some individuals to obesity and 

cardiovascular disease, experimental and epidemiological data reveal significant associations 

between cardiometabolic dysfunction and exposure to suboptimal conditions in utero. 

Intrauterine stress exposure can cause deficits in fetal tissue and organ development that 

are not completely compensated for after birth. The gestational environment is especially critical 

for lifelong cardiac and skeletal muscle growth, as adult cardiomyocyte and skeletal myofiber 

numbers are established in utero. Inadequate cardiomyocyte endowment places greater strain on 

fewer cells to maintain contractile forces throughout the lifespan; thus, increasing vulnerability to 

heart failure, especially as the cardiomyocyte population begins to decline with age. Similarly, 

lifelong skeletal muscle growth is limited by the total number of myofibers. As the primary site 

for insulin-stimulated glucose uptake, deficits in skeletal muscle mass often precede impairments 

in substrate handling and insulin sensitivity that lead to metabolic disease. Muscle progenitor cell 

programs, including proliferation, differentiation, and hypertrophy, are highly sensitive to the 

surrounding microenvironment, especially during periods of rapid growth. Therefore, reductions 

in intrauterine nutrient, oxygen, and growth factor availability can significantly alter the fate and 

function of fetal cardiac and skeletal myocytes. Further understanding of how early-life 
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environmental stress disrupts cardiac and skeletal muscle development is needed to effectively 

address the multigenerational transmission of cardiometabolic disease. 

REVIEW of the LITERATURE 

The Developmental Origins of Health and Disease 

After identifying that the rising death rates from ischemic heart disease could not be 

explained by adult lifestyle risk factors such as smoking, diet, or elevated blood pressure (1), Dr. 

David Barker investigated birth records in England and Wales to determine whether cardiovascular 

disease had earlier origins. He compared the maps of deaths from heart disease and infant mortality 

70 years prior and identified that the highest rates of infant and adult cardiovascular mortality 

existed in the same geographical regions (2–5). In subsequent studies, Barker and colleagues 

determined that low birthweight was the strongest predictor of heart disease and stroke in 

adulthood (1, 6). Thus, Barker postulated that adverse early-life exposures disrupt fetal 

development and increase the likelihood of infant mortality and/or vulnerability to chronic disease 

in later life (7–9). 

Since Barker’s initial hypothesis, hundreds of epidemiological and experimental studies 

have demonstrated that poor fetal growth increases the risk for developing cardiovascular disease 

(10–22), obesity (23–26), insulin resistance (27–29), and type 2 diabetes mellitus in adulthood (30, 

31). Yet, these findings do not imply that birthweight has a causal role in determining lifelong 

health and the risk of chronic disease. Instead, birthweight serves as an accessible indicator of 

alterations in fetal growth trajectories, which likely result from adaptations to an unfavorable 

intrauterine environment. Developmental plasticity during early life allows the fetus to modify 
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growth patterns, hormone production, and metabolic processes in response to signals from the 

surrounding environment (32). This adaptability increases the chances of survival under adverse 

intrauterine conditions. However, since prenatal development is critical for establishing lifelong 

organ structure, function, and metabolism, alterations in fetal growth trajectories may lead to 

persistent phenotypes that are often maladaptive for postnatal health (33, 34). Therefore, the 

current Developmental Origins of Health and Disease (DOHaD) framework posits that adverse 

early-life exposures impede organ growth and development, resulting in an increased risk for 

cardiometabolic disease later in life (35). 

Maternal Health & Nutrition 

The nutritional, hormonal, and metabolic environment of the developing fetus is 

predominantly shaped by maternal health and diet both during and prior to pregnancy (36–39). As 

such, maternal conditions including diabetes (40–43), obesity (36, 44–49), nutrient restriction (50, 

51), “Western style” diet (52–58), substance use (59, 60), and environmental toxin exposure (61, 

62) can impact fetal developmental trajectories and long-term health. Recent findings also suggest 

that paternal exposures may impact the intrauterine milieu (63–66), though to a lesser extent, and 

thus will not be the focus of this research. 

Intrauterine stress can result from direct exposure to maternal insults or from indirect 

exposure to placental modifications and secondary messengers that mediate the effects of 

environmental disturbances (37, 67–72). As glucose is readily transported across the placenta, 

uncontrolled maternal diabetes significantly increases the concentration of glucose that is 

transferred to the fetus. This can cause fetal overgrowth (i.e., macrosomia) and metabolic 

adaptations that contribute to health complications later in life. Maternal obesity and “Western-
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style” diet (high-fat, high-sugar), in the absence of insulin resistance or GDM, have similar 

implications for intrauterine development and offspring health. Both conditions are characterized 

by elevated levels of substrates and free fatty acids, chronic inflammation, and alterations in 

circulating adipokines (73–80). Studies in human and animal models demonstrate that these 

alterations to the maternal environment can lead to excess nutrients, metabolic hormones (e.g., 

insulin and leptin), and proinflammatory cytokines in fetal circulation (44, 69, 81–83). As the 

placenta is particularly sensitive to metabolic and pro-inflammatory signaling (84), maternal 

adiposity and malnutrition can also disrupt placental substrate transport and stimulate cellular 

stress programs in both the placenta and the developing fetus (76, 85–88).  

Many small and lipophilic particles are able to passively cross the placenta to directly 

interact with the developing fetus (89). Therefore, maternal substance use during pregnancy can 

expose the developing fetus to substances like alcohol and nicotine, potentially leading to fetal 

alcohol spectrum disorder, neonatal withdrawal syndrome, or preterm birth (90–92). Similarly, 

maternal exposure to environmental toxins, such as bisphenols or environmental pollutants, can 

adversely affect fetal development, potentially leading to birth defects or neurocognitive delays 

(61, 93, 94).  

Numerous epidemiological studies link maternal famine exposure during pregnancy to 

reductions in fetal birthweight and an increased risk for cardiovascular disease (11, 17, 68). 

Deficits in maternal calorie intake and/or the consumption of specific nutrients can cause 

asymmetrical fetal growth restriction (FGR) due to reductions in intrauterine substrate availability 

(95). Additionally, maternal nutrient restriction impairs placental development, causing reductions 
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in placental size, vascularity, and endocrine function, that further limit nutrient transport and fetal 

growth (67, 68, 96).  

The Placenta 

The transfer of substances between maternal and fetal circulation is influenced by 

uteroplacental and umbilical blood flow, nutrient and oxygen gradients, and the size and 

physiology of the placenta (97, 98). Therefore, the placenta plays a critical role in determining 

fetal growth trajectories and lifelong health (99). The placenta is a dynamic tissue that evolves 

from a small, simple structure into a highly vascularized organ with complex signaling and 

transport systems that adapt to meet the needs of the developing fetus (67). It acts as the interface 

between maternal and fetal circulation, facilitating the exchange of nutrients, gasses, and waste 

products throughout pregnancy (96). Additionally, the placenta produces hormones, growth 

factors, and cytokines that are released into fetal and maternal circulation (100). Thus, the placenta 

regulates both the maternal and fetal microenvironments and plays an active role in regulating the 

maternal-fetal developmental ecosystem. 

The placenta grows throughout pregnancy to enhance the surface area for maternal-fetal 

exchange and meet the needs of the developing fetus. Structural and functional adjustments also 

allow the placenta to respond to alterations in maternal circulation and buffer the fetus from acute 

environmental insults (101). However, chronic stress exposure, particularly during critical periods 

of placental development, can impede placental growth and restrict blood flow to the developing 

fetus (99). Impairments in placental structure, morphology, and function that limit fetal nutrient 

and oxygen delivery are collectively referred to as placental insufficiency, which affects 10% of 

all pregnancies and is the leading cause of FGR (97, 102, 103). Placental insufficiency and FGR 
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can result from several maternal conditions, including undernutrition, hypertension, vascular 

dysfunction, and preeclampsia (97, 104). Moreover, intrauterine exposure to placental 

insufficiency and FGR increases the risk of preterm birth, perinatal mortality, and cardiometabolic 

dysfunction in later life (68, 105, 106). 

Mechanisms of Fetal Programming 

Fetal Growth Restriction 

Fetal growth restriction (FGR) is most commonly caused by placental insufficiency, 

though several other maternal, placental, and fetal conditions can lead to FGR (97, 107). 

Reductions in placental size and/or transport capacity limit fetal oxygen content, nutrient delivery, 

and growth factor signaling, creating a hypoxic, hypoglycemic, hyperadrenergic intrauterine 

environment (98, 107). In response to the decrease in substrate availability, fetal blood flow is 

maintained to the vital organs at the expense of the peripheral tissues, which are less metabolically 

active in utero (98). As a result, fetuses are likely to experience asymmetrical growth restriction, 

with 25-40% reductions in skeletal muscle mass compared to healthy fetuses of the same 

gestational age (104, 108). While these adaptive mechanisms promote survival in utero, 

disruptions in fetal growth trajectories often produce unfavorable phenotypes that persist after birth 

(109–112). Due to the finite window of developmental plasticity, reductions in lean mass and 

cardiac development cannot be completely compensated for in postnatal life (113, 114). Therefore, 

FGR offspring are more susceptible to cardiovascular disease, insulin resistance, and type 2 

diabetes in adulthood.  
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The Heart  

FGR fetuses have decreased cardiac muscle mass, contractility, diastolic function, and 

ventricular wall thickness (115, 116). Previous studies also identify alterations in cardiomyocyte 

morphology, cell cycle activity, maturity, and gene expression in FGR hearts. In children and 

adults with prior FGR, aberrant signaling pathways, compromised cardiac growth, and 

impairments in systolic and diastolic function suggest that fetal cardiac phenotypes worsen 

throughout postnatal life. Moreover, clinical and experimental data link these changes in cardiac 

structure and function to the development of cardiovascular disease in adulthood.  

Fetal cardiac growth consists of cardiomyocyte proliferation, differentiation, and 

enlargement. During early-mid gestation, cellular proliferation is the primary mediator of cardiac 

growth. In the third trimester, nuclear division (karyokinesis) becomes uncoupled from cytokinesis 

to produce binucleated cardiomyocytes (117, 118). The binucleated cells then undergo changes in 

size, shape, sarcomere organization, mitochondrial volume, and myofibril arrangement as they 

complete differentiation and become mature cardiomyocytes (119). While the remaining 

mononucleated cardiomyocytes will continue to proliferate throughout the final third of gestation, 

terminal differentiation is responsible for the rapid increase in cardiac muscle mass during this 

period. In most large mammals, including humans and sheep, cardiomyocyte proliferation stops 

shortly after birth, and subsequent growth is limited to cardiac hypertrophy (120). Given that total 

number of cardiomyocytes and the degree of cardiac maturity are established shortly after birth, 

lifelong cardiac function is highly dependent on cardiomyocyte growth during fetal development.  

Previous studies identify reductions in cell cycle activity in FGR hearts, suggesting 

potential impairments in fetal cardiomyocyte proliferation that may explain deficits in 
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cardiomyocyte endowment. However, cardiomyocyte differentiation also involves cell cycle entry 

and DNA synthesis for binucleation. Further, multinucleated cardiomyocytes are known to 

continue cycling to increase DNA content through endoreplication. Therefore, decreased cell cycle 

activity in FGR cardiomyocytes may reflect alterations in cellular ploidy or maturation in utero, 

and additional research is necessary to distinguish which processes are impaired in FGR fetuses.   

Skeletal Muscle  

Skeletal muscle is comprised of thousands of myofibers that are formed by muscle 

progenitor cells that differentiate and fuse together to make larger, multinucleated myotubes. 

Primary myogenesis occurs during the first and second trimesters of pregnancy, creating a 

myofiber scaffold to support subsequent skeletal muscle growth. In the second and early third 

trimesters, a final wave of myotubes is formed to fill in any unoccupied space within the myofiber 

scaffold. The total number of myofibers is set once secondary myogenesis is complete (121), and 

further skeletal muscle growth is restricted to myofiber hypertrophy, rather than the addition of 

new myofibers. Still, hypertrophic enlargement requires myoblast fusion and myonuclear 

accretion to increase myofiber DNA and protein content to levels that can sustain an increase in 

cytoplasmic volume. Thus, the lifelong capacity for skeletal muscle growth is dependent on 

myogenesis and myofiber formation during fetal development.  

Models of placental insufficiency and FGR have persistent reductions in myofiber number 

and cross-sectional area that are linked to long-term deficits in lean mass and muscle insulin 

sensitivity (122–127). Abnormal fetal growth trajectories often precede the development of 

metabolically unfavorable phenotypes, which can manifest through early postnatal “catch-up” 

periods of rapid adipose tissue expansion. However, given that skeletal muscle is responsible for 
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80-90% of insulin-stimulated glucose uptake, deficits in lean mass alone can be detrimental to 

lifelong metabolic health (128–130). Impairments in skeletal muscle metabolism often lead to 

increased adiposity, systemic insulin resistance, and ectopic fat storage. If left unmanaged, this can 

predispose FGR offspring to type 2 diabetes and cardiovascular disease in adult life. 

Previously reported deficits in myonuclear accretion indicate that myofibers of FGR 

offspring lack the cellular machinery to support hypertrophic growth in utero (131). This also 

implies that the muscle progenitor cells residing outside and around the mature skeletal myofibers 

are compromised in FGR fetuses. Because myofiber hypertrophy is dependent on the incorporation 

of new myonuclei, especially during critical windows of development, we postulated that skeletal 

muscle growth in FGR fetuses is limited by impairments in myoblast proliferation and 

differentiation in utero (122–127). However, current studies have yet to establish a comprehensive 

understanding of the alterations in fetal myogenesis prior to myoblast fusion that are restricting 

skeletal muscle growth in FGR fetuses.  
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Current Gaps in Knowledge 

Associations between fetal growth restriction and adult cardiometabolic disease are well 

established, yet the molecular mechanisms that mediate alterations in prenatal cardiac and skeletal 

muscle development remain a critical gap in knowledge. Previous studies have identified that 

fetuses affected by placental insufficiency have deficits in cardiac and skeletal muscle growth that 

persist into adulthood. This is attributed to reductions in both the size and the total number of 

cardiomyocytes and skeletal muscle myofibers in FGR offspring. Yet, the mechanisms underlying 

impairments in fetal myogenesis that program lifelong deficits in cardiac and skeletal muscle 

remain unknown. 

Overarching Hypothesis 

I hypothesized that reductions in muscle progenitor cell proliferation and differentiation 

restrict cardiac and skeletal muscle growth in FGR fetuses exposed to placental insufficiency. 

Additionally, I proposed that the rates of fetal cardiomyocyte and skeletal myoblast proliferation 

and differentiation are directly related to the concentrations of growth factors in fetal circulation.  

Research Purpose 

This dissertation aimed to identify the specific mechanisms of fetal cardiomyocyte and 

skeletal myoblast development that are impaired in FGR. By distinguishing the precise stages of 

cardiac and skeletal myogenesis that are disrupted in utero and measuring the relationships 

between growth factor availability and fetal myocyte dynamics, this research addressed critical 

knowledge gaps regarding the molecular mechanisms that limit fetal growth and compromise 

cardiac and skeletal muscle function into adulthood. 
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Specific Aims 

Aim 1. Identify the mechanisms of impaired cardiac development in FGR (Chapter III). 

Hypothesis: Cardiac muscle growth in FGR fetuses is limited by reductions in the rates of 

cardiomyocyte proliferation and terminal differentiation in utero. Left and right ventricle 

cardiomyocytes were isolated from late-gestation fetal sheep with and without exposure to 

placental insufficiency and FGR. Cellular DNA content and EdU incorporation were measured by 

flow cytometry to determine the rates of cardiomyocyte division and maturation in utero. The 

relationships between circulating growth factors and fetal cardiomyocyte dynamics were assessed 

by Pearson correlation.  

Aim 2. Identify the alterations in fetal myogenesis that restrict skeletal muscle growth 

following exposure to placental insufficiency (Chapter IV).  Hypothesis: Disruptions in 

myoblast proliferation and/or differentiation restrict skeletal muscle growth in FGR offspring. Cell 

cycle progression, myogenic lineage commitment, and terminal differentiation were assessed in 

skeletal myoblasts isolated from the biceps femoris of late-gestation fetal sheep exposed to either 

placental insufficiency and FGR or healthy control conditions in utero. Additionally, the 

abundance of myomaker—a  key mediator of myoblast fusion—was measured in whole skeletal 

muscle tissue from growth restricted and normally grown fetuses.  The associations between fetal 

growth factor concentrations and skeletal myoblast dynamics were analyzed using Pearson 

correlation coefficients. 
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II. EXPERIMENTAL APPROACH 

Models of Fetal Growth Restriction 

Animal Models 

Due to practical limitations and ethical concerns, many questions about the processes 

underlying the relationship between fetal development and adult health and disease cannot be 

tested in human pregnancies. Instead, animal models are often utilized to study disruptions in early 

development within a controlled environment. While no model organism is able to perfectly 

reproduce human pregnancy, the ovine model of FGR is widely used due to its ability to mimic 

human physiology, developmental timing, and fetal organ size and function.  

Small rodent models are significantly less expensive and easier to manage than sheep and 

other large mammals, but their sizable litters differ from the primarily singleton human 

pregnancies and it is often difficult to obtain fetal measures from a large number of small animals 

(132). Although the shorter gestation period and lifespan reduce the time needed to study entire 

pregnancies and adult health outcomes, rats and mice are born before their organs fully mature and 

continue to develop postnatally (132, 133). Thus, most small mammals are not able to accurately 

reproduce the critical window of intrauterine development that occurs in humans. Sheep, however, 

have predominantly singleton pregnancies with developmental timelines that are consistent with 

humans (107, 134, 135). Most organs are formed during the first and second trimesters, and like 

humans, fetal sheep have skeletal muscle and cardiovascular systems that are functionally mature 

near the end of the third trimester (104, 107, 113, 135, 136). Additionally, sheep exhibit similar 

responses to intrauterine stress, including fetal endocrine and cardiovascular adaptations that 
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mimic the conditions observed in human pregnancies, as well as comparable alterations in pre- 

and postnatal growth trajectories associated with FGR (99, 107, 132, 135–139).  

Sheep have been used extensively to model both the immature and adult human heart due 

to similarities in cardiac function and the patterns of cardiomyocyte development (140–142). In 

humans (143–147) and sheep (117, 118, 140, 148, 149), the fetal heart is comprised of primarily 

immature, mononucleated (2C) cardiomyocytes that proliferate to amplify the cell population until 

cell cycle activity starts to decline in late gestation. Cardiomyocyte proliferation ceases around the 

time of birth in both species (118, 145, 149–153), allowing fetal sheep to model the critical window 

of cardiomyocyte endowment observed in humans. Additionally, binucleation is associated with 

terminal differentiation in human and sheep hearts, and cardiomyocyte polyploidy is observed in 

both species (154–159).   

Sheep and humans also exhibit similar patterns of skeletal muscle development (45, 114, 

160–162), with comparable reductions in lean mass as a result of FGR (104, 109, 111, 113, 163–

167). In both humans and sheep, primary and secondary myogenesis during the first and second 

trimesters establish the total number of myofibers (168–170). This is followed by myofiber 

enlargement in the final third of gestation and postnatally, as subsequent muscle growth depends 

exclusively on myofiber hypertrophy (171–174). Therefore, fetal sheep effectively model the 

biological impact of FGR on human skeletal muscle.  

While sheep require a large animal facility and are more costly to maintain than smaller 

animal models, they are generally less expensive than non-human primates and offer specific 

advantages due to their tolerance for in utero manipulation (132). The capacity to handle fetal 

surgeries throughout pregnancy allows for serial blood sampling from both sides of the placenta 
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in unanesthetized and unstressed sheep (134, 135, 175). These measures provide important 

information about fetal blood flow and plasma substrate concentrations across gestation (99, 176–

178). Additionally, researchers are able to manipulate specific aspects of the intrauterine 

environment, such as hormone levels or hemodynamics, to investigate their roles in regulating 

outcomes associated with FGR (140). Tools like EdU (used in this study) can be administered 

directly to fetal sheep to capture dynamic processes occurring in utero, making it easier to identify 

the molecular mechanisms underlying adaptations to intrauterine stress. However, some 

experimental techniques may be more challenging due to limitations in the availability of 

antibodies and reagents that have been validated in sheep.  

While there are many similarities between human and sheep pregnancies, it is important to 

note that placentation differs significantly between species (132). Specifically, humans have a 

discoidal placenta that is round and relatively flat, while sheep have a cotyledonary placenta 

composed of circular structures distributed across the chorionic membrane (132). In healthy human 

pregnancies, there is extensive trophoblast invasion, which allows maternal blood to come into 

direct contact with fetal tissues. In contrast, sheep have syndesmochorial placentation with 

minimal trophoblast invasion (179). Maternal and fetal blood are separated by additional layers of 

tissue, and perfusion experiments indicate that the permeability of the placenta is reduced in sheep 

compared to humans (180). Despite these differences, there are several well-established methods 

to induce FGR in sheep (99, 132, 134, 135). This flexibility allows scientists to select the 

intervention that is best suited for their research and employ different models to investigate specific 

aspects of FGR. 
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Methods to Induce FGR in Sheep 

Several experimental approaches are used to induce growth restriction in fetal sheep. Since 

FGR in human pregnancies can result from a variety of maternal, placental, or fetal conditions, 

ovine models have been developed to replicate a range of factors associated with intrauterine stress 

and FGR. Each approach causes chronic alterations in placental function that inhibit the transfer 

of oxygen and nutrients to the fetus and cause reductions in fetal growth (107, 134). However, 

some models of FGR are produced by maternal interventions while others involve direct 

manipulation of the placenta or fetus (132). Differences in the timing and duration of placental 

insufficiency associated with each model allow for studies of FGR in both early and late gestation, 

as observed in human pregnancies (176). Additionally, the fetal neuroendocrine and cardiovascular 

responses vary depending on the method used to induce FGR, so each model offers unique insight 

into the mechanisms and consequences of intrauterine stress exposure.  

The degree and duration of fetal hypoxia and hypoglycemia increase with the severity of 

FGR, which is highly variable across ovine and human pregnancies (99, 134, 181). Maternal 

undernutrition through global deficits in calorie intake during mid- or late gestation causes 

reductions in placental development and FGR (11, 134). Fetal glycemia, uterine blood flow, and 

capillary density are reduced by maternal nutrient restriction, but deficits in fetal growth are less 

severe than those observed in other experimental models (107, 182). Interestingly, maternal 

nutrient restriction in early gestation does not produce placental insufficiency or FGR in fetal sheep 

(183). However, overfeeding adolescent sheep throughout gestation causes placental insufficiency 

and growth restriction, with hypoxic and hypoglycemic conditions that mimic human FGR (99, 

134, 184, 185).  
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Maternal and fetal hypoxia can also be induced by exposing ewes to high altitudes or 

hypoxic chambers during pregnancy (107, 132, 186). Reductions in intrauterine oxygen 

availability obstruct placental and fetal growth and alter fetal blood flow throughout gestation 

(136, 137, 139, 187). Surgical removal of most endometrial caruncles from the uterus prior to 

conception limits placentome formation from the beginning of pregnancy and restricts fetal growth 

throughout gestation (187–189). This method reduces oxygen and nutrient transfer to the fetus and 

decreases plasma concentrations of IGF-1 without directly exposing the fetus to the initial insult 

(107, 190, 191). Fetal placental embolization through daily microsphere injections decreases the 

surface area available for substrate transport, causing reductions in fetal arterial oxygen content, 

hypoglycemia, and growth restriction (192, 193). In this model, fetal sheep become hypertensive, 

with alterations in umbilical blood flow that are consistent with the conditions observed in human 

FGR (194, 195). Single umbilical artery ligation causes FGR by reducing placental blood flow and 

substrate delivery to the fetus (107). Fetal brain and medullary function are often spared in this 

model; however, preterm delivery is common and may limit the capacity to test some hypotheses 

using this intervention (196).   

Study Design 

 The hypotheses in this dissertation are tested using an ovine model of hyperthermia-

induced placental insufficiency and FGR. Between early- to mid-gestation, pregnant ewes are 

housed in environmental chambers that cycle between 30-35°C every 12 hours (Fig. 2.1). The 

chronic heat treatment impairs placental development (Table 2.1), causing reductions in 

placentome size and transport capacity that lead to fetal hypoxia, hypoglycemia, and reduced 

amino acid concentrations in utero (102, 135, 175). Prior studies also report decreased umbilical 
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blood flow and increased placental vascular resistance following chronic heat exposure, which is 

consistent with the conditions observed in human FGR (99, 107). This method of placental 

insufficiency slows fetal growth in mid- to late gestation and produces many of the metabolic and 

organ-specific adaptations that are observed in humans with placental insufficiency and FGR 

(197).  

Since heat exposure from early to mid-gestation is sufficient to induce placental 

insufficiency and subsequent FGR, the pregnant ewe is removed from the environmental stressor 

at least two weeks prior to fetal evaluation (197, 198). This approach allows us to study the fetus 

without the confounding effects of the extrauterine environment. Additionally, as sheep are able 

to tolerate intrauterine manipulation, we are able to measure fetal substrate levels throughout 

pregnancy and characterize the changes associated with FGR. In this model of hyperthermia-

induced placental insufficiency, placental weight begins to decrease toward the end of the first 

trimester, and hypoxia is detected near 90 dGa (99, 102, 114, 175). This is followed by an increase 

in norepinephrine and reductions in fetal plasma glucose, insulin, and IGF-1 concentrations that 

are sustained into late gestation (99, 102, 107, 114, 137, 177). The hormonal trajectories observed 

in this model reflect the intrauterine environments observed in human pregnancies affected by 

FGR (177), and several studies indicate that the alterations in circulating growth factors play a 

critical role in mediating the progression of FGR phenotypes observed throughout pregnancy (69, 

113, 114, 140, 170, 190, 191, 199).  
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Figures 

 
 
Figure 2.1. Ovine model of placental insufficiency and fetal growth restriction. Pregnant ewes 

randomly assigned to FGR (n=12) or CON (n=13) groups and housed in an environmental chamber 

from 40 to 100 days gestation (dGA). Ewes were exposed to elevated ambient temperatures (20°C 

for 12 hrs, 35°C for 12 hrs; 35-40% humidity) to induce placental insufficiency and FGR or normal 

ambient temperatures (21°C for 24 hrs; 35-40% humidity) to produce CON pregnancies. Surgery 

was performed in late gestation pregnant ewes (126 ± 2 dGA) to place maternal and fetal catheters, 

and an intravenous bolus of EdU was administered directly to the fetus 24 hours prior to tissue 

collection (133 ± 1 dGA). Fetal cardiac and skeletal muscle biopsies were collected at 133 ± 1 

dGA for analysis by flow cytometry.  
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Table 2.1. Fetal physiological parameters. 
 CON (n=12) FGR (n=13) P-value 

Fetal sex (male/female) 1/11 6/7  
Gestational age (days) 133 ± 0.4 134 ± 0.4 0.03 
Crown-rump length (cm) 50.5 ± 0.5 42.2 ± 1.1 <0.0001 
Lower extremity limb length (cm) 34.4 ± 0.4 29.0 ± 0.7 <0.0001 
Fetal body mass (g) 3384 ± 85 2070 ± 145 <0.0001 
Brain (g) 51.7 ± 1.4 49.1 ± 1.2 0.16 
Brain/Fetal body mass (g/Kg) 15.4 ± 0.6 24.2 ± 1.4 <0.0001 
Heart (g) 25.0 ± 0.8 13.9 ± 1.2 <0.0001 
Heart/Fetal body mass (g/Kg) 7.4 ± 0.1 6.8 ± 0.2 0.01 
Left Ventricle (g) 8.0 ± 0.4 4.9 ± 0.5 <0.001 
LV/Heart mass (g/g) 0.32 ± 0.02 0.35 ± 0.02 0.23 
Right Ventricle (g) 5.0 ± 0.4 3.3 ± 0.3 0.002 
RV/Heart mass (g/g) 0.21 ± 0.02 0.24 ± 0.01 0.17 
Septum (g) 2.7 ± 0.2 1.7 ± 0.2 0.0001 
Septum/Heart mass (g/g) 0.11 ± 0.01 0.12 ± 0.01 0.30 
Atria + Great Vessels (g) 7.2 ± 1.0 3.9 ± 0.7 0.01 
Atria + Great Vessels/Heart mass (g/g) 0.28 ± 0.03 0.28 ± 0.03 0.92 
Soleus (g) 0.28 ± 0.05 0.11 ± 0.01 0.004 
Gastrocnemius (g) 9.2 ± 0.4 5.2 ± 0.5 <0.0001 
Flexor digitorum superficialis (g) 2.8 ± 0.1 1.5 ± 0.2 <0.0001 
Tibialis anterior (g) 3.6 ± 0.2 2.0 ± 0.7 <0.0001 
Summed hindlimb muscle* (g) 15.9 ± 0.5 8.75 ± 0.9 <0.0001 
Summed hindlimb muscle/Fetal weight (g/Kg) 4.7 ± 0.1 4.2 ± 0.1 0.007 
Total Placentome Weight (g) 348 ± 20 153 ± 16 <0.0001 
Uteroplacental Weight (g) 1433 ± 58 793 ± 58 <0.0001 
 

Fetal Blood Gas Measurements 
   

Hemoglobin (mmol/L) 7.6 ± 0.3 9.3 ± 0.4 0.003 
pH 7.4 ± 0.01 7.3 ± 0.01 0.49 
PaCO2 (mmHg) 48.7 ± 0.8 49.3 ± 0.8 0.63 
PaO2 (mmHg) 22.6 ± 0.6 18.4 ± 1.2 0.006 
    
Plasma Substrates and Hormone Concentrations  

 

Glucose (mg/dL) 14.8 ± 0.8 9.4 ± 0.8 <0.0001 
Lactate (mmol/L) 1.3 ± 0.1 1.9 ± 0.5 0.27 
IGF-1 (ng/mL) 147 ± 14 74 ± 12 <0.001 
Insulin (ng/mL) 0.25 ± 0.07 0.14 ± 0.03 0.12 
Cortisol (ng/mL) 35.2 ± 6.1 45.2 ± 10.2 0.44 
*Gastrocnemius, Tibialis Anterior, Flexor Digitorum Superficialis, Soleus.  
Values are means ± SEM. Differences between FGR and CON were evaluated by Student’s t test.  
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III. SPECIFIC AIM 1 

CARDIOMYOCYTES of GROWTH RESTRICTED FETUSES HAVE REDUCED 
PROLIFERATION RATES and INCREASED POLYPLOIDY 

 
Manuscript in Review: 

Neeka Barooni, Byron Hetrick, Laura D. Brown, Carrie E. McCurdy, Eileen I. Chang. 
Cardiomyocytes of growth restricted fetuses have reduced proliferation rates and increased 
polyploidy.  
 

Introduction 

Fetal growth restriction (FGR) increases the risk of cardiometabolic disease and heart 

failure in adulthood (2, 6, 200). FGR is primarily caused by placental insufficiency, which limits 

oxygen and nutrient delivery to the developing fetus, disrupting normal fetal growth programs 

(104). In FGR, blood flow is maintained to prioritize vital organs at the expense of other tissues 

(201–203), resulting in significant reductions in lean mass that persist postnatally (104, 111). 

Despite receiving preferential blood flow in utero, FGR hearts exhibit maladaptive growth patterns 

that increase vulnerability to cardiac dysfunction in later life (188, 204–207). However, the 

mechanisms underlying inadequate fetal cardiac muscle development remain unclear. 

The fetal heart grows by cardiomyocyte proliferation, differentiation, and enlargement 

(117, 146, 149). In humans and sheep, cardiomyocyte number is fixed shortly after birth, and 

subsequent cardiac growth can only be achieved by hypertrophic enlargement (118, 208, 120, 209, 

210). During fetal development, cells undergo DNA replication and cell division to expand the 

cardiomyocyte population. In late gestation, DNA synthesis becomes uncoupled from cytokinesis 

as mononucleated cardiomyocytes begin to differentiate into mature, binucleated cells (117, 149, 
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211). At 90% gestation, about 40% of left and right ventricular (LV, RV) myocytes have 

permanently exited the cell cycle and become binucleated while 60% remain mononucleated and 

diploid (118). Additionally, fetal cardiomyocytes have been observed to replicate DNA in the 

absence of cytokinesis through endoreplication or endocycling, but current understanding of the 

mechanisms and implications of cardiomyocyte polyploidy is limited (212–214).  

Deficits in cardiac muscle growth in FGR fetuses are attributed to decreased cardiomyocyte 

number, volume, and maturation, all of which have strong associations with poor cardiovascular 

outcomes in adulthood (115, 188, 200, 215, 216). Sheep models of FGR induced by placental 

insufficiency identify fewer Ki67+ cardiomyocytes and decreased expression of cell cycle 

regulatory genes in FGR hearts compared normally-growing control (CON) fetuses of the same 

gestational age (115, 188, 215). Previous studies also observe reductions in the percent of mature, 

binucleated cardiomyocytes in the LV and RV of late gestation FGR sheep (115, 188, 215, 216), 

indicating that cardiac deficits in FGR offspring may result from decreased cell cycle induction or 

dysregulated cardiomyocyte differentiation during a critical window of development. However, as 

current methods of cardiomyocyte analysis rely on snapshots of cell cycle activity, the capacity to 

distinguish between DNA synthesis for cell division, terminal differentiation, and polyploidy 

remains limited (217).  

Leveraging novel, high throughput analyses of cardiomyocyte ploidy and DNA replication 

in utero, we tested whether reductions in fetal LV and RV proliferation or differentiation could 

explain deficits in FGR cardiac muscle growth. We hypothesized that the frequency of 

proliferating cardiomyocytes, indicated by the number of diploid cells produced from DNA 

replication and cell division in utero, would be decreased in FGR fetuses. Additionally, FGR hearts 
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would have reductions in the fraction of non-replicating, binucleated LV and RV myocytes 

compared to CON. Using a well-established sheep model of placental insufficiency and FGR (198, 

178, 131), we assessed cell cycle progression and in vivo DNA synthesis in fetal LV and RV 

cardiomyocytes. At 90% gestation, EdU (5-ethynyl-2’-deoxyuridine) was administered to all FGR 

and CON fetuses for 24 hours prior to tissue collection (131, 178). Flow cytometry was used to 

measure DNA content and detect EdU incorporation in the fraction of cycling cardiomyocytes. 

Materials & Methods 

Animal Model 

Ewes carrying singleton pregnancies were randomly assigned to FGR (n=14) or CON 

(n=12) groups as previously described (218, 219) and illustrated in Figure 2.1. To induce placental 

insufficiency and subsequent FGR, ewes were housed in an environmental chamber with elevated 

ambient temperatures (40°C for 12 hrs, 35°C for 12 hrs; 35-40% humidity) from 40 ± 1 to 81 ± 3 

days gestation (dGA; term = 149 dGA). Pregnant ewes in the CON group were housed in an 

environmental chamber with normal ambient temperatures (21°C for 24 hrs; 35-40% humidity) 

from 40 ± 1 to 87 ± 9 dGA. Following environmental chamber exposure, ewes from both groups 

were housed at normal ambient temperatures for the remainder of the study. Maternal feed intake 

was similar between FGR and CON groups, and all ewes were given ad libitum access to water.  

All animal studies were performed at the University of Colorado Perinatal Research Center 

(Aurora, CO) on Columbia–Rambouillet mixed-breed ewes that were bred and housed in 

environmental chambers at the University of Arizona (Tucson, AZ) and transported to the 

University of Colorado prior to any surgical procedures. Animal care and experimental protocols 

were approved by the University of Colorado Institutional Animal Care and Use Committee 
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(IACUC protocol #00334). All animal procedures were in compliance with the standards of the 

US Department of Agriculture, the National Institutes of Health, and the Association for 

Assessment and Accreditation of Laboratory Animal Care International. The manuscript adheres 

to the ARRIVE guidelines 2.0 for reporting animal research (220). 

Surgical Procedures 

Surgery was performed in late gestation pregnant ewes (126 ± 2 dGA) to place maternal 

and fetal catheters as previously described (131, 221–223). The maternal femoral vein was 

catheterized for the purpose of euthanasia. A fetal arterial catheter was placed into the pedal artery 

with the tip in the distal aorta and a fetal venous catheter was placed with the tip in the external 

iliac vein via the saphenous vein. Sheep were monitored after surgery and recovered for at least 

six days before experimentation.  

Twenty-four hours prior to tissue collection (133 ± 1 dGA), EdU (5-ethynyl-2’-

deoxyuridine; Thermo Fisher Scientific Inc., Waltham, MA, USA; Cat. #A10034) diluted in 0.9% 

NaCl was administered by intravenous bolus directly to the fetus at a dose of 10 mg/kg estimated 

fetal weight. Considering the frequency and estimated 20-hour duration of cell cycle activity in 

late gestation fetal sheep (14), all cycling cardiomyocytes are likely to be detected by the 24-hour 

EdU pulse administered prior to necropsy. Fetal weight was estimated based on measures of lower 

extremity length at the time of surgery. On the morning of fetal tissue collection (134 ± 1 dGA), 

fetal arterial blood was collected to measure O2 content, pH, partial pressure of CO2 (PaCO2), and 

partial pressure of O2 (PaO2) as previously described (124). Fetal plasma glucose and lactate 

concentrations were measured by YSI 2900 Biochemistry Analyzer (YSI Inc., Yellow Springs, 

OH, USA) and concentrations of fetal plasma insulin, insulin-like growth factor 1 (IGF-1), and 
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cortisol were measured by ELISA (124). Ewes were administered intravenous anesthesia (0.2 

mg·kg-1 diazepam and 20 mg·kg-1 ketamine), and fetuses were delivered by maternal laparotomy 

and hysterotomy. All animals were then euthanized with a lethal dose of pentobarbital sodium 

(Fatal Plus, Vortech Pharmaceuticals, Dearborn, MI, USA). Fetal sheep were weighed 

immediately prior to tissue collection and processing of the heart and other organs. 

Isolation of Fetal Cardiomyocytes 

Fetal hearts were weighed and dissected into LV and RV free walls, septum, and atria with 

great vessels (trimmed at the bifurcation, approximately 1 cm of ascending aorta and the 

pulmonary artery). The LV, RV, septum, and atria were weighed and recorded. Then biopsies of 

approximately 1.5 to 2 cm2 were excised from the center of the LV and RV for the isolation of 

primary cardiomyocytes and the remaining tissue was flash frozen in liquid nitrogen and stored at 

-80°C. The LV and RV biopsies were quickly submerged in ice cold GibcoTM Ham's F-12 Nutrient 

Mix (ThermoFisher Scientific, Waltham, MA, USA) and washed twice with Hanks’ Balanced Salt 

Solution (HBSS, MilliporeSigma, St. Louis, MO, USA). The epicardial fat and coronary vessels 

were carefully removed from each ventricular biopsy, and the cardiac muscle was minced and 

digested in 1% collagenase (Gibco™ Collagenase Type II; ThermoFisher Scientific, Waltham, 

MA, USA; Cat. #17101015) suspended in HBSS for 30 minutes at 37°C. To stop enzymatic 

dissociation, 0.5% bovine serum albumin in HBSS was added to the digested tissue in a 1:1 volume 

ratio. The cell suspension was filtered through 100 µm, 70 µm, and 40 µm cell strainers and 

centrifuged at 300 x g for 10 minutes at 25°C. The cell pellet was washed in 1X phosphate-buffered 

saline (PBS) and centrifuged at 450 x g for 5 minutes at 25°C. Cardiomyocytes were fixed in 2% 
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paraformaldehyde for 15 minutes, then washed and resuspended in 1X PBS. All cells were stored 

in 1X PBS at 4°C prior to flow cytometry.  

Cardiomyocyte Staining  

Fixed LV and RV cardiomyocytes were washed with 1X PBS and resuspended in 1X 

incubation buffer (0.2% Triton X-100 and 1% BSA in 1X PBS) for 15 minutes at 25°C. The 

permeabilized cells were centrifuged for 5 minutes at 500 x g and Click-iT Plus EdU-AF647 

detection assay (EdU-AF647; Thermo Fisher Scientific Inc., Waltham, MA, USA; Cat. #C10635, 

Lot 2549284) was prepared according to manufacturer instructions. Cardiomyocytes were 

incubated in 0.5 µL Click-iT EdU detection mixture for 30 minutes at 25°C, then cells were 

pelleted and washed in 1X incubation buffer. LV and RV cardiomyocytes were identified by 

staining with 1 µg CD56 primary antibody conjugated to PerCP/Cyanine5.5 (CD56-PC5.5; 

BioLegend, San Diego, CA, USA; Cat. #304626, Lot B354365) in 0.1 mL incubation buffer for 

30 minutes at 25°C. The cell suspension was washed and centrifuged, and samples were stained 

with 3 µM of DAPI (Cayman Chemical, Ann Arbor, Michigan, USA; Cat. #14285, Lot 0514078-

29) in 0.3 mL incubation buffer for 15 minutes at 25°C directly prior to data acquisition. For all 

wash steps, cells were resuspended in 2 mL of 1X PBS or 1X incubation buffer (as specified) and 

centrifuged at 500 x g for 5 minutes at 25°C before decanting the supernatant.  

Flow Cytometry Analysis  

Cardiomyocytes were identified in flow cytometry scatter plots by cell size, internal 

complexity, and staining for anti-CD56 and DAPI. The relative quantity of DNA in each cell was 

estimated by DAPI fluorescence intensity, and a gate was drawn to select only the DAPI-positive 
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cells. Any debris or cell fragments containing less than one copy of DNA were excluded from 

further analysis (Fig. 3.1A). Next, forward scatter height (FS-H) was plotted against forward 

scatter area (FS-A) to remove clumped or stuck together cells that were measured as one event. 

Single cells (singlets) were identified by a diagonal gate that included only the events for which 

FS-H and FS-A were directly proportional (Fig. 3.1B). DAPI-positive singlets were carried 

forward for assessment of CD56-PC-Cy5.5 staining. LV and RV cardiomyocytes were selected by 

CD56-positive gating (Fig. 3.1C), and all subsequent analyses of DNA content and EdU 

incorporation were restricted to CD56-positive, DAPI-positive singlets.  

Within the selected LV and RV cardiomyocyte populations, DAPI staining was used to 

measure cellular DNA content and determine the frequency distribution of cardiomyocyte ploidy. 

Cardiomyocytes clustered into three distinct DAPI peaks with increasing fluorescence intensity 

that identified cells with one, two, and three or more complete copies of the genome (Fig. 3.1D). 

Gates were created to quantify each DAPI peak, and all cardiomyocytes were classified by ploidy 

values representing the DNA content in each cell. Diploid cells with one complete copy of DNA, 

condensed into two sets of chromosomes, are described as 2C cardiomyocytes. Cardiomyocytes 

containing twice as much DNA are labeled as 4C or tetraploid cardiomyocytes. Polyploid 

cardiomyocytes containing three or more copies of DNA are denoted by 6C+. The number of 

cardiomyocytes within each gate (2C, 4C, 6C+) was divided by the total LV or RV myocytes 

(CD56+, DAPI+, singlets) to determine the frequency distribution of cellular DNA content in each 

ventricle.  

Cardiomyocyte ploidy can inform estimations of cell cycle progression and proliferation. 

However, reliable determination of proliferation versus terminal differentiation is challenging, as 
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cardiomyocytes engaged in active proliferation and those undergoing multinucleation are 

indistinguishable by flow cytometry analysis of DAPI alone (213, 224). Therefore, we combined 

measurements of cellular DNA content (DAPI) and in vivo DNA synthesis (EdU incorporation) to 

identify subpopulations of proliferating, differentiating, and endocycling cardiomyocytes. DAPI 

signal was plotted against EdU-AF647 to create six distinct populations that clustered by ploidy 

class and the rate of DNA synthesis in utero (Fig. 3.1E-F). All EdU-positive cardiomyocytes are 

located in the upper sections of this plot and were quantified using the green rectangular gate. 

Subsequent gates were set based on DAPI signal intensity to label proliferating, endocycling, and 

terminally differentiated cardiomyocytes. We defined cardiomyocyte proliferation as the fraction 

of cells that replicated DNA and completed cytokinesis in utero (2C EdU+). Terminally 

differentiated cardiomyocytes were identified by non-replicating, binucleated cells (4C EdU-), and 

polyploid cells engaged in DNA synthesis (6C+ EdU+) indicated the fraction of endocycling 

cardiomyocytes in utero.  

Flow cytometry was performed on a Beckman Coulter CytoFLEX flow cytometer 

(Beckman Coulter, Indianapolis, IN, USA) and data were analyzed with Kaluza Analysis Software 

2.2 (Beckman Coulter, Indianapolis, IN, USA). Gate placement was determined by comparing 

positive and negative fluorescence peaks from cardiomyocytes that were unstained, stained with a 

single antibody, or stained with all but one antibody (i.e. fluorescence minus one controls). Fetuses 

from twin pregnancies were removed from the analysis, and two animals were excluded due to 

low cell counts (fewer than 7,000 cardiomyocytes) and poor DAPI and/or EdU-AF647 resolution. 

The n value for each condition is reported in the associated figure legend. 
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Statistical Analysis 

A student’s unpaired t-test was used for direct comparison of FGR versus CON groups. 

Due to random and unequal distribution of fetal sex across treatment groups (FGR: 7M/6F, CON: 

1M/10F), we were not able to assess sex differences in this study, though male and female fetuses 

are noted by triangles and circles, respectively. Correlations between cardiomyocyte parameters 

and fetal weight, heart or ventricle weight, and circulating hormones were measured in all fetuses 

(FGR and CON combined) by Pearson correlation coefficient. Statistical analyses were performed 

in GraphPad Prism (GraphPad Software, La Jolla, CA, USA, Version 10.2.2) and significance was 

determined at P ≤ 0.05. Data are presented as mean ± standard error of the mean (SEM) and exact 

P-values are specified. 

Results 

Fetal Physiology 

Physiological characteristics of FGR and CON fetuses are provided in Table 2.1. Body 

mass was reduced by 40% in FGR fetuses compared to CON. Heart mass was lower in FGR 

fetuses, even when normalized to total body mass. LV and RV mass decreased by 39% and 34%, 

respectively, in FGR hearts compared to CON. Plasma insulin and cortisol levels were similar 

between groups. However, FGR fetuses had lower circulating glucose, PaO2, and IGF-1 compared 

to CON.   

LV cardiomyocyte ploidy 

Flow cytometry analysis of LV myocytes revealed differences in the distribution of 

cardiomyocyte ploidy in FGR and CON hearts (Fig. 3.2A). In the LV, FGR fetuses had an 
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increased proportion of 2C cardiomyocytes, fewer 4C cardiomyocytes, and a similar percentage 

of 6C+ cardiomyocytes compared to CON fetuses (Fig. 3.2B). Correlations between LV mass and 

the percentage of cells in each ploidy class were tested across all fetuses to assess whether 

cardiomyocyte ploidy distribution was linked to LV growth. There was no association (p = 0.09) 

between 2C cardiomyocytes and LV mass (Fig. 3.2C). However, the percent of 4C cardiomyocytes 

correlated positively with LV mass (Fig. 3.2D), indicating a link between cardiomyocyte 

proliferation (i.e. G2) or differentiation (i.e. binucleated cells) and increased cardiac muscle 

growth. Although the proportion of polyploid cells was similar between FGR and CON groups, 

correlation analysis revealed a negative linear relationship between 6C+ cardiomyocytes and LV 

mass across all fetuses (Fig. 3.2E). 

RV cardiomyocyte ploidy 

As in the LV, RV myocytes were classified by DNA copy number to determine the 

distribution of cardiomyocyte ploidy (Fig. 3.3A). FGR and CON fetuses had similar proportions 

of 2C cardiomyocytes in the RV, but the percentage of 4C cardiomyocytes was reduced in FGR 

fetuses compared to CON (Fig. 3.3B). The percentage of 6C+ cardiomyocytes was similar 

between groups but trended higher in FGR hearts (p = 0.06). There was no relationship between 

RV mass and the proportion of 2C cardiomyocytes (Fig. 3.3C). However, RV mass correlated 

positively with 4C cardiomyocytes (Fig. 3.3D) and negatively with 6C+ cardiomyocytes (Fig. 

3.3E). 
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LV cardiomyocyte proliferation, differentiation, and polyploidy 

Robust differences in the growth patterns of FGR and CON hearts were detected by 

calculating the percentage of cardiomyocytes in each subpopulation relative to the total number of 

LV or RV cardiomyocytes in each animal. FGR fetuses had fewer EdU-positive cardiomyocytes 

in the LV compared to CON (Fig. 3.4A). The percentage of cardiomyocytes that completed 

cytokinesis after DNA replication, indicated by the 2C EdU-positive population, was similar (p = 

0.08) between FGR and CON fetuses (Fig. 3.4B). The proportion of 4C EdU-positive LV 

myocytes was also comparable across groups (Fig. 3.4C). However, FGR hearts had nearly twice 

the percentage of endocycling, 6C+ EdU-positive cardiomyocytes compared to CON (Fig. 3.4D). 

LV mass was not associated with total cell cycle activity (Fig. 3.4E) or with 2C and 4C EdU-

positive cells normalized to all LV cardiomyocytes (Fig. 3.4F-G). There was, however, a negative 

linear relationship between LV mass and the percentage of 6C+ EdU-positive cardiomyocytes 

across all groups (Fig. 3.4H).  

To determine whether FGR fetuses differentially prioritized their cycling capacity in favor 

of cardiomyocyte proliferation, differentiation, or endoreplication, the ploidy distribution of all 

EdU-positive cardiomyocytes was evaluated in reference to the total number of EdU-positive cells 

in each ventricle (Fig. 3.4I-K). In the LV, FGR fetuses had fewer EdU-positive cardiomyocytes 

in 2C and an increased percentage of EdU-positive cardiomyocytes in 6C+ compared to CON 

(Fig. 3.4I). LV mass correlated positively with the percentage of 2C EdU-positive cardiomyocytes 

(Fig. 3.4J) and negatively with 6C+ EdU-positive cardiomyocytes normalized to all EdU-positive 

cells (Fig. 3.4K). Additionally, the proportion of non-replicating, binucleated (4C EdU-negative) 

cardiomyocytes was reduced in FGR fetuses compared to CON (Fig. 3.4L), and LV mass 
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correlated positively with the percentage of 4C EdU-negative cardiomyocytes in the LV (Fig. 

3.4M). 

RV cardiomyocyte proliferation, differentiation, and polyploidy 

In the RV, FGR fetuses had decreased total cell cycle activity compared to CON (Fig. 

3.5A). When normalized to all RV cardiomyocytes, the percentages of 2C and 4C EdU-positive 

cells were decreased in FGR hearts (Fig. 3.5B-C), while the proportion of 6C+ EdU-positive 

cardiomyocytes was increased in FGR compared to CON (Fig. 3.5D). RV mass correlated 

positively with the total percentage of EdU-positive cardiomyocytes (Fig. 3.5E), as well as the 

proportions of 2C and 4C EdU-positive cardiomyocytes in the RV (Fig. 3.5F-G). Additionally, 

RV mass was negatively associated with the proportion of 6C+ EdU-positive cardiomyocytes 

across all FGR and CON fetuses (Fig. 3.5H). 

When expressed relative to the total number of EdU-positive cardiomyocytes, the 

percentage of 2C EdU-positive cells was decreased in FGR hearts (Fig. 3.5I). FGR and CON 

fetuses had similar percentages of 4C EdU-positive cells, but the proportion of 6C+ EdU-positive 

cardiomyocytes was significantly higher in FGR compared to CON (Fig. 3.5I). Consistent with 

the findings noted above, correlation analyses revealed a positive relationship between RV mass 

and 2C EdU-positive cardiomyocytes (Fig. 3.5J) and a negative relationship between RV mass 

and 6C+ EdU-positive RV myocytes (Fig. 3.5K). The proportion of differentiated (4C EdU-

negative) RV cardiomyocytes was similar between FGR and CON groups (Fig. 3.5L) but tended 

to increase (p = 0.06) with RV mass (Fig. 3.5M). 
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Associations between circulating factors and ventricular mass 

FGR fetuses had lower levels of IGF-1, glucose, and PaO2 compared to CON (Table 1). To 

assess potential relationships between ventricular growth and fetal substrate and hormone 

availability in utero, LV and RV mass were correlated against concentrations of circulating factors 

in all FGR and CON sheep. Fetal LV and RV mass correlated positively with circulating levels of 

IGF-1, glucose, and PaO2 (LV: Fig. 3.6A-C, RV: Fig. 3.6F-H), while fetal insulin and cortisol 

concentrations were not associated with ventricular growth in late gestation (LV: Fig. 3.6D-E, 

RV: Fig. 3.6I-J). 

Associations between IGF-1 and cardiomyocyte growth programs 

Given that IGF-1 was associated with increased LV and RV mass, correlation analyses 

were performed to assess the relationships between circulating levels of IGF-1 and fetal 

cardiomyocyte proliferation, differentiation, and endoreplication in utero. IGF-1 correlated 

negatively with the percentage of 2C cardiomyocytes (Fig. 3.7A) and positively with the 

percentage of 4C cardiomyocytes in the LV (Fig. 3.7B). Fetal IGF-1 levels were not associated 

with total cell cycle activity in LV cardiomyocytes (Fig. 3.7C). There was an inverse relationship 

between circulating IGF-1 and the percent of 6C+ EdU-positive cells, normalized to all LV 

cardiomyocytes (Fig. 3.7D). Additionally, IGF-1 correlated positively with the proportion of 

binucleated, terminally differentiated cardiomyocytes in the LV (Fig. 3.7E). Similar relationships 

were observed between LV cardiomyocytes and levels of glucose and PaO2 in fetal circulation 

(Supplemental Fig. 3.1). 
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In the RV, IGF-1 levels correlated positively with the proportion of 4C cardiomyocytes 

(Fig. 3.7F) and negatively with the proportion of 6C+ cardiomyocytes (Fig. 3.7G). Similar to the 

LV, there was no significant (p = 0.07) relationship observed between IGF-1 and total RV cell 

cycle activity (Fig. 3.7H). However, fetal IGF-1 was linked to RV proliferation, indicated by 

positive correlations with 2C and 4C EdU-positive cardiomyocytes (Fig. 3.7I-J). Glucose 

concentrations were linked to increased 4C and decreased 6C+ cardiomyocytes, but there were no 

additional relationships observed between RV cardiomyocytes and circulating glucose or PaO2 

(Supplemental Fig. 3.2). 

Discussion 

 We developed a flow cytometry-based strategy to determine how cardiomyocyte growth 

patterns are impacted by placental insufficiency and FGR. Our findings are summarized in Figure 

3.8. Briefly, we found that FGR fetuses had lower rates of cardiomyocyte proliferation (2C EdU+), 

despite the availability of an equivalent or larger pool of mononucleated (2C) cells. The percentage 

of terminally differentiated (4C EdU-) cardiomyocytes was reduced in the LV of FGR fetuses, 

though endoreplication (6C EdU+) was upregulated in both ventricles of FGR hearts compared to 

CON. Correlation analysis revealed that LV mass was positively associated with the proportion of 

mature, binucleated cardiomyocytes, while RV mass correlated with increased cardiomyocyte 

proliferation across all animals. Fetal IGF-1 concentrations were linked to increased ventricular 

mass and predicted rates of cardiomyocyte proliferation, differentiation, and polyploidy in late-

gestation fetal sheep. 

Studies have traditionally relied on labor- and time-intensive cell counting techniques and 

single markers of cell cycle activity to investigate whether cardiomyocyte growth programs are 
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compromised in FGR fetuses (115, 116, 188, 204, 209, 215, 225–229). However, given that DNA 

synthesis is integral to cardiomyocyte proliferation, differentiation, and endoreplication (230–

232), current methods do not account for the possibility of binucleation or polyploidy following 

cell cycle entry (217, 224, 233), though both outcomes are observed during fetal development 

(117, 118, 234, 235). To address this critical gap in knowledge, we developed an innovative 

approach that combines in vivo DNA labeling with measures of cell cycle progression to reliably 

differentiate between cardiomyocyte division and the formation of multinucleated or polyploid 

cells (235–242). Our technique leverages high-throughput flow cytometry to analyze over 40,000 

LV and RV cardiomyocytes per animal, a substantial increase from previous assessments that were 

limited to fewer than 600 cells. Due to the unequal distribution of male and female fetuses, we 

were not powered to test for sex differences, and further studies are needed to evaluate potential 

interactions between FGR and fetal sex. However, our analysis of FGR versus CON hearts should 

not be skewed by the predominantly female control group as females are reported to have smaller 

hearts than age-matched males (116, 292). To our knowledge, this study is the first to employ 

dynamic measures of in vivo cell cycle activity to differentiate between cardiomyocyte 

proliferation, binucleation, and endoreplication in FGR fetuses.  

Consistent with previous reports (115, 188, 215, 225, 226), we found that cell cycle activity 

was reduced in FGR hearts. However, by evaluating cardiomyocyte trajectories over a 24-hour 

period and measuring cytokinesis following DNA synthesis, we were able to differentiate changes 

in cell cycle activity associated with cardiomyocyte division from those accompanying terminal 

differentiation or polyploidy. Our analysis revealed decreased rates of cardiomyocyte proliferation 

in FGR fetuses compared to CON. While the RV showed more pronounced deficits in the overall 
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percentage of dividing cardiomyocytes, the proportion of 2C EdU+ cells relative to all actively 

cycling cardiomyocytes was reduced in the LV and RV of FGR fetuses. Correlations across all 

animals indicate that cardiomyocyte proliferation plays a critical role in RV growth during late 

gestation but has minimal impact on LV mass at this stage of development. This difference is 

attributed to the distinct timing of LV versus RV maturation, as LV cardiomyocytes begin terminal 

differentiation earlier in gestation and RV cardiomyocytes continue to proliferate until shortly after 

birth (118). Interestingly, we identified a shift towards greater rates of endoreplication in both 

ventricles FGR hearts, indicating a departure from proliferation and cardiomyocyte expansion in 

favor of increasing cellular ploidy. While differences in the proportion of polyploid 

cardiomyocytes have not been reported in models of FGR, likely due to limitations in current 

techniques, increased polyploidy has been observed in preterm fetal hearts (155) and other models 

of stress exposure during perinatal development (214, 235, 243–248) and adulthood (156, 159, 

249–255). This finding aligns with prior evidence that several key cell cycle regulatory factors are 

suppressed in FGR hearts (115), including genes involved in G2/M progression, spindle assembly, 

and cytokinesis. Collectively, these data suggest that impairments in cardiomyocyte proliferation 

and endoreplication may be driven by dysregulated signaling for cell cycle progression and 

disrupted mitosis.  

We observed decreased binucleation and significant reductions in the percentage of mature, 

terminally differentiated cardiomyocytes in the LV of FGR fetuses compared to CON. The strong 

positive correlations between LV mass and the percentages of binucleated (4C) and terminally 

differentiated (4C EdU-) cardiomyocytes suggest that the degree of cardiomyocyte maturation is 

a primary determinant of LV growth during late gestation. These findings confirm previously 
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reported deficits in cardiomyocyte binucleation following placental insufficiency (115, 188, 204, 

215) or pre-term birth (155, 256) and support observations of more severe reductions in 

cardiomyocyte maturity in the LV compared to the RV of FGR hearts. Cardiomyocyte 

differentiation includes a final round of DNA replication, followed by nuclear division 

(karyokinesis) in the absence of cytokinesis (117, 118, 149, 215, 257). Therefore, deficits in the 

proportion of mature, binucleated cardiomyocytes result from altered cell cycle regulation or 

disrupted differentiation programs. Given that the percentages of 2C EdU+ and 4C EdU+ 

cardiomyocytes were similar in the LV of FGR and CON fetuses, we theorize that the decreased 

proportion of binucleated LV cardiomyocytes in FGR hearts results from impaired signaling for 

terminal differentiation and maturation rather than insufficient DNA replication. Since 

differentiation is an energetically costly process involving substantial changes to cardiomyocyte 

size, morphology, metabolism, and sarcomere structure (118, 149, 204, 208, 257–259), reductions 

in cardiomyocyte maturation could be mediated by limited oxygen, nutrient, and/or growth factor 

availability in FGR fetuses. Moreover, previous studies have demonstrated that fetal 

cardiomyocytes are sensitive to systemic pressures and can alter the degree of binucleation and 

cellular hypertrophy in response to changes in cardiac loading. Additionally, our analysis showed 

that in FGR fetuses, a greater proportion of binucleated LV cardiomyocytes continued 

endocycling, increasing DNA content in one or both nuclei instead of withdrawing from the cell 

cycle to complete terminal differentiation. This may represent an adaptive response in which FGR 

cardiomyocytes increase cellular ploidy to help manage cardiac workload and compensate for 

reductions in the total number of cardiomyocytes. 
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An unexpected but notable finding was the elevated rates of endoreplication in LV and RV 

cardiomyocytes of FGR fetuses. The preference for increasing ploidy in FGR hearts appeared to 

occur at the expense of terminal differentiation in the LV and cardiomyocyte proliferation in the 

RV. This is likely due to differences in the timing of LV and RV cardiomyocyte growth programs. 

As demonstrated in other models of environmental stress, cardiomyocytes may increase DNA 

replication in the absence of cell division to mitigate the consequences of anticipated DNA 

damage, or to improve mitochondria quality control in the presence of elevated reactive oxygen 

species (116, 212, 219, 237, 247, 253, 260). Additionally, cardiomyocyte polyploidy might 

represent an energetically favorable strategy to preserve cardiac muscle mass and contractile 

function following intrauterine exposure placental insufficiency and FGR. By amplifying cellular 

DNA content, endoreplication is likely to enhance the capacity for transcription and hypertrophic 

growth without requiring cytoskeleton reorganization or the disruption of cell junctions (119, 211, 

212, 216, 254, 261). Thus, FGR fetuses may prolong cell cycle activity to counteract reductions in 

cardiomyocyte number and cardiac muscle mass. Evidence of FGR cardiomyocyte hypertrophy at 

the fetal time point is inconsistent, as some studies report hypertrophic cardiomyocyte remodeling 

(155, 262), while others show that cardiomyocyte size is reduced in late-gestation fetuses (115, 

188) or similar between FGR and CON hearts (204, 215). We found strong negative correlations 

between LV and RV mass and the proportion of 6C EdU+ cardiomyocytes, suggesting that 

endoreplication impedes ventricular growth in late gestation. However, further research is needed 

to confirm cardiomyocyte size in FGR fetuses. Still, we postulate that increased endocycling in 

fetal cardiomyocytes may contribute to the pathological cardiac hypertrophy observed in children 

and adults with prior FGR, linking fetal adaptations to the development of cardiovascular disease.   



 

48 
 

 

To identify potential mediators of cardiomyocyte programming in utero, we evaluated the 

relationships between LV and RV growth and several nutrient and growth factors in fetal 

circulation. Our analysis revealed positive correlations between fetal LV and RV mass and 

concentrations of glucose, PaO2, and IGF-1. We observed that circulating levels of IGF-1 were 

linked to increased cardiomyocyte proliferation in the RV and a greater proportion of binucleated, 

terminally differentiated cardiomyocytes in the LV. These findings suggest that the reduced rates 

of cardiomyocyte proliferation and differentiation in FGR fetuses may be partially attributed to 

deficits in IGF-1, though it is important to note that similar relationships were detected with fetal 

glucose and PaO2. Our data also demonstrated negative correlations between fetal IGF-1 levels 

and cardiomyocyte polyploidy but showed no associations with total cell cycle activity in either 

ventricle. Based on these observations, we postulate that IGF-1 signaling may specifically interact 

with the pathways governing cardiomyocyte division, rather than broadly promoting cell cycle 

activity across all cardiomyocytes. Our results align with previous research that links fetal IGF-1 

concentrations to increased cardiomyocyte numbers in FGR and CON sheep. Likewise, exogenous 

IGF-1 has been implicated in stimulating cardiomyocyte proliferation, maturation, and 

enlargement in utero, and recent work establishes a dual role for IGF-1 in regulating both 

proliferation and differentiation of skeletal muscle myoblasts.  It is therefore possible that IGF-1 

signaling may elicit distinct responses depending on the stage of development or whether 

cardiomyocytes are mononucleated versus binucleated. Though further research is needed to 

understand the mechanisms through which IGF-1 activates these divergent programs, our findings 

suggest that deficits in circulating IGF-1 may play a critical role in moderating the reductions in 

cardiomyocyte proliferation and maturation observed in FGR fetuses. 
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By offering insight into cardiomyocyte growth programs in FGR fetuses, our results link 

lifelong cardiac dysfunction to the regulation of cardiomyocyte maturation in utero and provide 

new information to guide the development of effective intervention strategies. Our findings 

indicate that previously reported deficits in cardiomyocyte endowment likely result from decreased 

proliferation rates in FGR fetuses, potentially due to a preference for endoreplication and 

cardiomyocyte polyploidy. Likewise, deficits in cardiac maturity and contractile function may be 

attributed to reductions in the percentage of cardiomyocytes that have completed terminal 

differentiation by late gestation in FGR fetuses. While increased cellular ploidy could partially 

compensate for poor ventricular growth during fetal development, the concurrent deficits in 

cardiomyocyte expansion and maturation are of greater concern for long-term cardiac health. 

Given that mitotic activity is suppressed shortly after birth, inadequate cardiomyocyte expansion 

during fetal development limits the number of cells available to sustain cardiac function throughout 

the lifespan (120, 234, 263). Postnatal growth is restricted to cardiomyocyte hypertrophy, which 

cannot fully compensate for deficits in fetal cardiac development, and is directly linked to heart 

failure and cardiovascular disease in adulthood (200, 256, 264, 265). Moreover, reductions in the 

percentage of mature, binucleated LV cardiomyocytes may compromise FGR hearts by 

permanently decreasing the proportion of terminally differentiated cells with enhanced 

contractility. This could prematurely expose a larger population of immature cardiomyocytes to 

elevated systemic pressures before they develop the necessary structural, functional, and metabolic 

adaptations to tolerate the increased demand. As a result, FGR hearts are vulnerable to 

hemodynamic changes and highly susceptible to rapid, maladaptive remodeling during birth and 

early postnatal life. These modifications to cardiac growth and structure are associated with 



 

50 
 

 

compromised contractility and impaired relaxation, and due to programming during a critical 

window of development, perinatal adaptations are likely to persist into adulthood (149, 214, 219, 

237, 259, 266). As cardiomyocyte numbers decline with age, and cardiac stress and dysfunction 

worsen, individuals with former FGR are increasingly likely to develop cardiovascular 

complications later in life (200, 205, 207). 

Using a novel approach to evaluate cardiomyocyte growth patterns in utero, we determined 

that all stages of cardiomyocyte maturation—proliferation, differentiation and endoreplication—

are impaired in FGR fetuses with exposure to placental insufficiency. Our data indicate that 

intrauterine stress stimulates cardiomyocyte endocycling and polyploidy at the expense of 

proliferation and terminal differentiation. This novel finding represents significant shifts in fetal 

cardiomyocyte programming, and future research is needed to determine the long-term 

implications of exaggerated cardiomyocyte polyploidy, especially in FGR. The differences 

observed between LV and RV growth patterns underscore the importance of considering the timing 

of therapeutic interventions aimed at restoring cardiomyocyte number and maturation in FGR 

fetuses. Additionally, our findings challenge the belief that stimulating cell cycle activity is 

sufficient to improve cardiomyocyte proliferation in FGR fetuses. Instead, we demonstrate that 

targeting cytokinesis is necessary to ensure cardiomyocyte division following successful DNA 

replication. Furthermore, effective treatments must regulate cell cycle withdrawal after 

binucleation to prevent endocycling and restore terminal differentiation in FGR hearts. Finally, 

our results suggest a critical role for IGF-1 in regulating cardiomyocyte proliferation and 

differentiation, highlighting it as a potential therapeutic target for restoring cardiac growth during 

fetal development.  
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Figures 

Figure III.1. Gating strategy for analysis of cardiomyocyte DNA content and EdU 

incorporation by flow cytometry. Representative plots of cardiomyocyte identification by (A) 

DAPI, (B) forward scatter height versus area, and (C) CD56-PC5.5 antibody. (D) Gating of 2C, 

4C, and 6C+ cardiomyocytes based on DAPI fluorescence intensity. (E) Representative plot of 

DAPI versus EdU-AF647 staining and rectangular gate used to quantify all EdU-positive 

cardiomyocytes. Dashed, vertical lines separate EdU-positive and negative cardiomyocytes into 

subpopulations based on DNA content. (F) Graphic illustrating the cardiomyocyte subpopulations 

defined by each gate on the DAPI vs. EdU plot shown in Fig. 3.1E. 
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Figure III.2. The distribution of LV cardiomyocyte ploidy differs between FGR and CON 

fetuses. (A) Flow cytometry plot of DAPI signal and gating to quantify LV cardiomyocyte ploidy. 

(B) FGR fetuses had increased 2C cardiomyocytes, decreased 4C cardiomyocytes, and a similar 

percentage of 6C+ cardiomyocytes compared to CON. Data are shown as mean ± SEM and 

Student’s t-test was used to determine differences between FGR (n=13) and CON (n=11) groups. 

(C) LV mass was not associated with the percentage of 2C cardiomyocytes but (D) correlated 

positively with 4C cardiomyocytes and (E) negatively with 6C+ cardiomyocytes across all FGR 

(blue/closed symbols) and CON (white/open symbols) fetuses (n=24). Pearson’s correlation 

coefficients (r) and p-values are listed. Simple linear regressions were fit between LV mass and 

ploidy level, and best fit lines are plotted with raw data. Males and females are represented by 

triangles and circles, respectively. 
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Figure 3.3. RV cardiomyocyte ploidy differs between FGR and CON fetuses. (A) 

Representative plot of gating to quantify cellular DNA content and determine RV cardiomyocyte 

ploidy. (B) FGR and CON fetuses had similar proportions of 2C cardiomyocytes in the RV. The 

percentage of 4C cardiomyocytes was lower in FGR and the percentage of 6C+ cardiomyocytes 

trended higher in the FGR group compared to CON. Differences between FGR (n=12) and CON 

(n=12) groups were determined by Student’s t-test. Data are mean ± SEM, and exact p-values are 

listed for each condition. (C) No relationship was observed between RV mass and the percentage 

of 2C cardiomyocytes. However, RV mass was associated with (D) increased 4C cardiomyocytes 

and (E) decreased 6C+ cardiomyocytes across all FGR (blue/closed symbols) and CON 

(white/open symbols) fetuses (n=24). Simple linear regressions were fit between RV mass and 

cardiomyocyte population. Best fit lines and Pearson’s correlation coefficients (r) are shown.   
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Figure 3.4. LV cardiomyocyte growth programs are altered in FGR fetuses. (A) Total cell 

cycle activity was lower in the LV of FGR fetuses compared to CON. When normalized to the 



 

55 
 

 

total number of LV cardiomyocytes, the percentages of (B) 2C EdU-positive and (C) 4C EdU-

positive cells were not different between groups, but (D) the percentage of 6C+ EdU-positive 

cardiomyocytes was higher in FGR fetuses compared to CON. Pearson’s correlation showed no 

associations between LV mass and (E) total cell cycle activity, (F) 2C EdU-positive 

cardiomyocytes, or (G) 4C EdU-positive cells expressed relative to all LV cardiomyocytes. 

However, (H) LV mass correlated negatively with the total percentage of 6C+ EdU-positive LV 

cardiomyocytes across all fetuses (n=24). (I) The percent distribution of EdU-positive 

cardiomyocyte ploidy, relative to the total number of EdU-positive LV cardiomyocytes, differed 

between FGR and CON fetuses. LV mass (J) correlated positively with 2C EdU-positive 

cardiomyocytes and (K) negatively with 6C+ EdU-positive cardiomyocytes normalized to all 

EdU-positive cells. (L) The percentage of non-replicating, binucleated cardiomyocytes was lower 

in the LV of FGR fetuses compared to CON and (M) correlated positively with LV mass across 

all groups (n=24). Data are shown as mean ± SEM. Student’s t-test was used to determine 

differences between FGR (n=13) and CON (n=11). Exact p-values and Pearson’s correlation 

coefficients (r) are shown. Simple linear regressions were fit between LV mass and LV myocyte 

subpopulations, and best fit lines are plotted with raw data. Males and females are represented by 

triangles and circles, respectively. 
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Figure 3.5. RV cardiomyocyte development is impacted by FGR. (A) Total cell cycle activity 

was lower in the RV of FGR (n=12) fetuses compared to CON (n=12). When expressed relative 
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to the total number of RV cardiomyocytes, the percentages of (B) 2C EdU-positive and (C) 4C 

EdU-positive cardiomyocytes were decreased in FGR. (D) The total percentage of 6C+ EdU-

positive cardiomyocytes was higher in FGR fetuses compared to CON. RV mass correlated 

positively with (E) total cell cycle activity and the percentages of (F) 2C EdU-positive and (G) 4C 

EdU-positive cells normalized to all RV cardiomyocytes. (H) The proportion of 6C+ EdU-positive 

cardiomyocytes was negatively associated with RV mass across all fetuses (n=24). (I) The percent 

distribution of EdU-positive cardiomyocyte ploidy, relative to the total number of EdU-positive 

RV cardiomyocytes, was different between FGR and CON groups. RV mass (J) correlated 

positively with 2C EdU-positive cardiomyocytes and (K) negatively with 6C+ EdU-positive 

cardiomyocytes normalized to all EdU-positive cells. (L) The proportion of non-replicating, 

binucleated cardiomyocytes in the RV was similar between FGR (n=12) and CON (n=12) groups 

and (M) was not a significant determinant of RV mass across all fetuses (n=24). Data are shown 

as mean ± SEM. Student’s t-test was used to determine differences between FGR and CON. Exact 

p-values and Pearson’s correlation coefficients (r) are shown. Simple linear regressions were fit 

between LV mass and LV myocyte subpopulations, and best fit lines are plotted with raw data. 

Males and females are represented by triangles and circles, respectively. 
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Figure 3.6. LV and RV mass are associated with circulating levels of IGF-1, glucose, and 

PaO2. (A) LV mass correlated positively with fetal IGF-1 but was not associated with circulating 
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concentrations of (B) insulin or (C) cortisol. (D) Glucose and (E) PaO2 were associated with 

increased LV mass across all FGR and CON fetuses (n=24). (F) RV mass was positively associated 

with IGF-1 and did not correlate with fetal (G) insulin or (H) cortisol concentrations. Both (I) 

glucose and (J) PaO2 correlated positively with RV mass across all animals (n=24). Pearson’s 

correlations and simple linear regressions were performed for each measure. Best fit lines are 

plotted with raw data, and Pearson’s correlation coefficients (r) and p-values are shown for each 

plot. CON and FGR fetuses are represented by open and closed symbols, respectively.   
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Figure 3.7. Fetal IGF-1 predicts cardiomyocyte proliferation and polyploidy in all fetuses. 

(A) Fetal IGF-1 levels correlated negatively with 2C cardiomyocytes and (B) positively with 4C 
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cardiomyocytes in the LV. (C) Total cell cycle activity in the LV was not associated with IGF-1. 

(D) Circulating IGF-1 concentration was negatively associated with endoreplication in LV 

cardiomyocytes and (E) positively associated with the proportion of terminally differentiated LV 

cardiomyocytes. (F) In the RV, fetal IGF-1 was associated with an increased proportion of 4C 

cardiomyocytes and (G) a decreased proportion of 6C+ cardiomyocytes. (H) There was no 

relationship between IGF-1 and the total percentage of EdU-positive cells in the RV. The 

percentages of (G) 2C EdU-positive and (H) 4C EdU-positive RV cardiomyocytes correlated 

positively with fetal IGF-1 concentrations across all animals. Simple linear regressions were fit 

between IGF-1 and each subpopulation of LV or RV cardiomyocytes (n=24). Best fit lines are 

plotted with raw data. Pearson’s correlation coefficients (r) and p-values are shown on each graph. 

CON and FGR fetuses are represented by open and closed symbols, respectively.   

 
  



 

62 
 

 

Figure 3.8. Schematic representation of LV and RV cardiomyocyte growth programs in FGR 

fetuses compared to CON. (A) In the LV, reductions in 4C and 4C EdU-negative cardiomyocytes 

imply impairments in terminal differentiation. The increased percentage of 6C+ EdU-positive cells 

suggests that LV cardiomyocytes continue endocycling rather than differentiating or dividing once 
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DNA synthesis is complete. (B) In the RV, reductions in 2C EdU-positive and 4C EdU-positive 

cardiomyocytes signify deficits in cardiomyocyte proliferation. Upregulated endocycling, 

indicated by the expansion of 6C+ EdU-positive cardiomyocytes, suggests that cytokinesis is 

disrupted in the RV of late-gestation FGR fetuses.  
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IV.  SPECIFIC AIM 2 

SKELETAL MYOBLAST PROLIFERATION AND DIFFERENTIATION ARE 
REDUCED IN GROWTH RESTRICTED FETUSES 

 
Manuscript in Preparation: 

Neeka Barooni, Eileen I. Chang, Byron Hetrick, Laura D. Brown, Carrie E. McCurdy. Skeletal 
myoblast proliferation and differentiation are reduced in growth restricted fetuses.  
 

Introduction 

Fetal growth restriction (FGR) and low birthweight increase the risk of developing obesity, 

type 2 diabetes mellitus, and cardiovascular disease in adulthood (2, 6, 27, 30, 8, 23, 29). Placental 

insufficiency, which limits nutrient and oxygen delivery to the developing fetus, is the leading 

cause of fetal growth restriction (104). Skeletal muscle is especially vulnerable to placental 

insufficiency as fetal blood flow is maintained to prioritize the vital organs at the expense of the 

peripheral musculature (267, 268). As a result, growth restricted fetuses have greater reductions in 

skeletal muscle mass relative to body weight that persist postnatally. Given its critical role in 

systemic insulin sensitivity and glucose disposal, the suppression of fetal skeletal muscle growth 

is thought to be a primary contributor to the prevalence of cardiometabolic disease among adults 

with FGR.  

Primary myofiber formation occurs during early to mid-gestation, and the total number of 

myofibers is established in utero. Subsequent cycles of myoblast proliferation, differentiation, and 

fusion throughout mid to late gestation increase fetal myofiber hypertrophy, nuclear accretion and 

expand the population of resident muscle satellite cells. While progression through myogenesis is 
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tightly regulated by the sequential expression of myogenic regulatory factors (MRFs), circulating 

nutrients, growth factors, and signals from the gestational environment are also known to influence 

myoblast dynamics. In addition to reductions in total lean mass, deficits in myofiber number, size, 

and myonuclear content suggest that myogenesis is impaired in growth restricted fetuses (269–

271, 124, 223, 131). Previous studies observe decreased proliferation and differentiation in skeletal 

muscle of FGR fetuses, though the rates of in vitro myogenesis are similar between satellite cells 

isolated from FGR and CON muscle when cultured in enriched growth media supplemented with 

insulin (124). These findings indicate that reduced muscle growth is likely a result of the 

intrauterine environment and not intrinsic to the muscle progenitor cells of FGR fetuses; thus, the 

mechanisms that limit myogenesis in vivo remain unknown.  

Using a novel, high throughput approach to quantify stages of myogenesis in vivo, we 

aimed to identify the mechanisms of dysregulated skeletal muscle development in a well-

established model of placental insufficiency and fetal growth restriction. We hypothesized that 

myoblasts from growth restricted fetuses have impaired myogenesis, with lower rates of 

proliferation and differentiation compared to CON fetuses of the same gestational age. To test this 

hypothesis, EdU was administered to late-gestation FGR and CON fetuses for 24 hours prior to 

necropsy. Myoblasts were then isolated from fetal skeletal muscle biopsies, and flow cytometry 

was used to measure cell cycle progression and the expression of MRFs responsible for initiating 

myogenesis and terminal differentiation.  
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Materials & Methods 

Animal Model 

Columbia–Rambouillet mixed-breed ewes (University of Arizona, Tucson, AZ) carrying 

singleton pregnancies were randomly assigned to fetal growth restriction (FGR, n=11) or control 

(CON, n=10) groups. Pregnant sheep were housed in an environmental chamber with elevated 

ambient temperatures (40°C for 12 hr and 35°C for 12 hr, 35-40% humidity) from 40 ± 0 to 83 ± 

2 days gestation (dGA) to induce placental insufficiency and FGR as previously described (218, 

219, 272) and illustrated in Figure 2.1.. Ewes assigned to the control group were housed at normal 

ambient temperatures (21°C for 24 hr, 35-40% humidity) for the same period of gestation (40 ± 0 

to 86 ± 3 dGA). All sheep were maintained in normal ambient temperatures and humidity for the 

remainder of the study. Ewes were given ad libitum access to water, and maternal feed intake was 

matched between FGR and CON groups.  

All studies conducted at the University of Colorado Perinatal Research Center (Aurora, 

CO) adhered to protocols approved by the University of Colorado Institutional Animal Care and 

Use Committee. Animal procedures followed the guidelines of the US Department of Agriculture, 

the National Institutes of Health, and the Association for Assessment and Accreditation of 

Laboratory Animal Care International. The information presented in this manuscript is in 

compliance with the ARRIVE guidelines 2.0 for reporting animal research (220). 

Surgical Procedures 

At 126 dGa, surgery was performed in pregnant ewes to place maternal and fetal catheters 

as previously described (131, 221–223). The maternal femoral vein was catheterized for the 
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administration of euthanasia. A fetal arterial catheter was placed into the pedal artery with the tip 

in the distal aorta and a fetal venous catheter was placed with the tip in the external iliac vein via 

the saphenous vein. Sheep were monitored following the surgery and allowed to recover for at 

least six days before further experimentation. Twenty-four hours before tissue collection, EdU 

(Sigma-Aldrich, St. Louis, MO) diluted in 0.9% NaCl was administered directly to the fetus at a 

dosage of 20 mg/kg fetal weight, estimated from measurements of lower extremity length. On the 

day of muscle collection (134 dGA), hemoglobin, pH, and the partial pressures of CO2 (PaCO2) 

and O2 (PaO2) were measured in fetal arterial blood. Fetal insulin, insulin-like growth factor 1 

(IGF-1), and cortisol were measured using an enzyme-linked immunosorbent assay as described 

previously (124). Plasma glucose and lactate concentrations were determined by YSI 2900 

Biochemistry Analyzer (YSI Inc., Yellow Springs, OH, USA). Ewes received intravenous 

anesthesia (0.2 mg·kg-1 diazepam and 20 mg·kg-1 ketamine; I.V.) and fetuses were delivered via 

maternal laparotomy and hysterotomy. The fetal biceps femoris was exposed for biopsy, and 

muscle samples were immediately frozen in liquid nitrogen and stored at −80°C for protein 

analysis. All animals were euthanized by a lethal dose of pentobarbital sodium (Fatal Plus; Vortech 

Pharmaceuticals, Dearborn, MI). Fetal sheep were weighed before subsequent tissue collection 

and processing.  

Isolation of Fetal Myoblasts 

After weighing fetal sheep. the biceps femoris muscle was submerged in cold GibcoTM 

Ham's F-12 Nutrient Mix (ThermoFisher Scientific, Waltham, MA) and washed twice with Hanks’ 

Balanced Salt Solution (HBSS, MilliporeSigma, St. Louis, MO). Any remaining connective tissue 

was removed before the muscle was minced and digested in 1% collagenase (dissolved in HBSS) 
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for 30 minutes at 37°C. Bovine serum albumin (0.5% BSA in HBSS) was added to the tissue 

suspension in a 1:1 ratio to stop enzymatic digestion. Then the solution was filtered through 100 

µm, 70 µm, and 40 µm cell strainers and centrifuged at 300 x g for 10 minutes at 25°C.  The cell 

pellet was washed twice in 1X phosphate-buffered saline (PBS), and an aliquot was stained with 

Live/Dead Fixable Near-IR (Thermo Fisher Scientific Inc., Waltham, MA, USA, Cat. #L34992) 

according to manufacturer’s instructions. All myoblasts were fixed in 2% paraformaldehyde for 

15 minutes, then washed with 1X PBS and stored in 1X PBS at 4°C until flow cytometry analysis. 

Myoblast Staining for Cell Cycle Analysis   

For cell cycle analysis, fixed myoblasts were washed with 1X PBS and resuspended in 1X 

incubation buffer (0.2% Triton X-100 and 1% BSA in 1X PBS) for 15 minutes at 25°C. Click-iT 

Plus EdU-AF647 detection assay (Thermo Fisher Scientific Inc., Waltham, MA, USA, Cat. 

#C10635) was prepared according to manufacturer instructions. After centrifugation, myoblasts 

were incubated in 0.5 µL Click-iT EdU detection mixture for 30 minutes at 25°C. Cells were 

washed and pelleted, then stained with 1 µg CD56 primary antibody conjugated to 

PerCP/Cyanine5.5 (CD56-PC5.5, BioLegend, San Diego, CA, USA, Cat. #304626) in 0.1 mL 

incubation buffer for 30 minutes at 25°C. Myoblasts were washed twice, then resuspended in 

incubation buffer with 3 µM of DAPI (Cayman Chemical, Ann Arbor, Michigan, USA, Cat. 

#14285, Lot 0514078-29). Cell suspensions were kept at 25°C, protected from light, for 15 minutes 

before beginning data acquisition.  
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Myoblast Staining for Assessment of MRFs 

Fixed myoblasts that had previously been stained with viability dye were washed and 

permeabilized for MRF analysis. After 15 minutes in 1X incubation buffer, cells were centrifuged 

and resuspended in 0.1 mL of antibody staining solution containing 1 µg CD56-PC5.5 (BioLegend, 

San Diego, CA, USA, Cat. #304626), 1 µg MyoD conjugated to phycoerythrin (MyoD-PE, Novus, 

Centennial, CO, USA; Cat. #NBP2-34772PE), 1 µg Myogenin-AF488 (R&D Systems, 

Minneapolis, MN, USA; Cat. #IC6686G), and 1 µg Pax7-APC (US Biologicals, Salem, MA, USA; 

Cat. #168852-AF-AP) for 30 minutes at 25°C. Cells were washed twice in 1X incubation buffer 

and centrifuged at 500 x g for 5 minutes. Myoblasts were stained with DAPI prior to analysis. For 

all wash steps, cells were resuspended in 2 mL of 1X incubation buffer and centrifuged at 500 x g 

for 5 minutes at 25°C before decanting the supernatant.  

Flow Cytometry Analysis 

Flow cytometry plots evaluating cell size, internal complexity, and staining for viability 

dye, DAPI, and anti-CD56 were used to distinguish myoblasts from tissue debris and other cells 

in suspension (Fig. 4.1A-D). Forward scatter height (FS-H) was plotted against forward scatter 

area (FS-A) to remove aggregated or adherent cells that were counted as a single event. Single 

cells (singlets) were defined by a diagonal gate that selectively encompassed events for which FS-

H and FS-A were directly proportional (Fig. 4.1A). Live cells were then gated based on negative 

staining for Live/Dead Viability dye (Fig. 4.1B). The relative DNA content of each live, singlet 

was estimated based on DAPI fluorescence intensity, and only the DAPI-positive cells containing 

at least one complete copy of DNA were carried forward (Fig. 4.1C). CD56-PC5.5 positive 

staining identified myoblasts from the population of live, DAPI-positive singlets (Fig. 1D). All 
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subsequent analyses of myoblast proliferation and differentiation were limited to live, CD56-

positive, DAPI-positive singlets.  

Cellular DNA content and EdU incorporation were evaluated by flow cytometry to 

quantify myoblast cell cycle activity and proliferation rates in FGR and CON fetuses. DAPI signal 

was plotted to visualize the abundance of nuclear DNA in each cell, and gates were set to determine 

the percentage of resting (G0/1) versus replicating (S/G2) myoblasts (Fig. 4.1E). Actively cycling 

myoblasts that completed DNA synthesis in the 24 hours prior to necropsy were identified by an 

EdU-AF647 positive signal (Fig. 4.1F). Myogenic regulatory factors, anti-MyoD and anti-

Myogenin (MyoG) were used to identify non-committed myoblasts (MyoD-/MyoG-) and three 

distinct phases of myogenic induction (MyoD+/MyoG-), early-differentiation (MyoD+/MyoG+), 

and late-differentiation (MyoD-/MyoG+) prior to myoblast fusion (Fig. 4.1G).  

Data were acquired using a Beckman Coulter CytoFLEX flow cytometer (Beckman 

Coulter, Indianapolis, IN, USA) and FCS Express 7 (DeNovo Software, Pasadena, CA, USA). 

Gating was determined by comparing unstained, single stained, and fluorescence minus one 

(FMO) samples. Fetuses from twin pregnancies were excluded, and flow cytometry samples with 

low cell counts (fewer than 7,000 myoblasts) or poor DAPI/MRF resolution were removed from 

the analysis. Exact n values for each condition are reported in the figure legends.  

Protein Analysis 

Frozen biceps femoris muscles were powdered using mortar and pestle. Lysis buffer was 

prepared as previously described (52), and 0.5 mL was added to pulverized tissue (50-70 mg). 

Samples were homogenized with six 2.8-mm ceramic beads (VWR International, Radnor, PA, 
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USA) in a Bead Ruptor (OMNI International, Kennesaw, GA, USA) for two, 30 second pulses at 

4°C. The homogenate was rotated on an orbital shaker for 1 hour at 4°C. Samples were then 

centrifuged at 13,000 x g for 15 minutes at 4°C, and the supernatant was collected and stored at -

80°C. Protein concentration was determined using a BCA assay (Thermo Fisher Scientific Inc., 

Waltham, MA, USA). 

For Western blot analysis, samples were prepared by resuspending 20 µg of protein in 

Laemmli buffer. Samples were then loaded into 12% Criterion TGX Stain-Free gels (Bio-Rad 

Laboratories, Hercules, CA, USA), and a 130V current was applied for 60-70 minutes. Protein was 

transferred to Trans-blot Turbo Midi 0.2 µm PVDF membranes (Bio-Rad Laboratories), and stain-

free images confirmed successful transfer. Membranes were blocked in EveryBlot Buffer (Bio-

Rad Laboratories, Hercules, CA, USA) for 1 hour at room temperature prior to overnight 

incubation with TMEM8C (Mymk) primary antibody (1:250 dilution, Novus, Centennial, CO, 

USA; Cat. #NBP2-34175) at 4°C. The following day, membranes were washed in 1X Tris-

buffered saline with Tween 20 (TBST) and incubated with horseradish peroxidase (HRP)-

conjugated secondary antibodies against rabbit IgG (1:20,000 dilution, Bio-Rad Laboratories) for 

1 hour at room temperature. Additional washes with 1X TBST were performed before measuring 

total protein with Stain-Free technology (Bio-Rad Laboratories). The target was then visualized 

by chemiluminescence using Clarity Max ECL substrate (Bio-Rad Laboratories) per 

manufacturer’s instructions. All data were collected on a ChemiDoc MP Imaging System and 

analysis was performed in Image Lab 5.2 (Bio-Rad Laboratories). Target signals were normalized 

to total protein content.   

Statistical Analysis 
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Statistical analyses were performed in GraphPad Prism (GraphPad Software, La Jolla, CA, 

USA, Version 10.2.2). All comparisons between FGR and CON groups were evaluated by 

unpaired student’s t-test. Pearson’s correlation was used to assess the relationships between 

myoblast dynamics and fetal body weight, skeletal muscle mass and hormone concentrations 

across all FGR and CON fetuses. Data are reported as mean ± standard error of the mean (SEM). 

Significance was determined at P ≤ 0.05, and exact P-values are shown for all comparisons. We 

were not able to assess sex differences due to random and unequal distribution of fetal sex across 

treatment groups, though male and female fetuses are noted by triangles and circles, respectively.  

Results 

Fetal Physiology 

Physiological characteristics of FGR and CON fetuses are reported in Table 2.1. Fetal body 

mass was 37% lower in FGR compared to CON. This is partially attributed to deficits in FGR 

skeletal muscle growth, as seen by reductions in soleus, gastrocnemius, flexor digitorum 

superficialis, and tibialis anterior mass, as well as the summed mass of hindlimb muscles from 

FGR versus CON fetuses. Reductions in hindlimb muscle mass persisted when normalized to fetal 

body weight. Levels of circulating glucose, IGF-1, and PaO2 were lower in FGR compared to CON 

fetuses, while lactate, insulin, and cortisol concentrations were not different between groups.  

Myoblast Proliferation in vivo 

Cellular DNA content was measured by flow cytometry to assess the distribution of resting 

(G0/1) versus replicating (S/G2) myoblasts in FGR and CON fetuses. FGR fetuses had a larger 

percentage of muscle progenitor cells in G0/1 compared to CON (Fig. 4.2A). Across all FGR and 
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CON animals, the proportion of myoblasts in G0/1 correlated negatively with fetal body mass 

(Fig. 4.2B) and tended to decrease with hindlimb muscle mass (p = 0.10; Fig. 4.2C). FGR fetuses 

had fewer proliferating myoblasts in S/G2 compared to CON (Fig. 4.2D). The percentage of 

myoblasts in S/G2 correlated positively with fetal weight (Fig. 4.2E) but was not associated with 

hindlimb muscle mass (p = 0.10; Fig. 4.2F). 

Fetal skeletal muscle proliferation rates were confirmed by quantifying the proportion of 

actively cycling myoblasts that incorporated EdU in utero. The percentage of proliferating 

myoblasts in FGR fetuses was 43% lower than CON (Fig. 4.3A). Correlation analysis identified 

positive associations between skeletal myoblast proliferation and fetal body mass (Fig. 4.3A) as 

well as hindlimb muscle mass across all fetuses (Fig. 4.3C). 

Myogenic Lineage Commitment and Terminal Differentiation 

To determine if differentiation programs were also impaired in FGR skeletal muscle, MRF 

expression was evaluated by flow cytometry. The proportion of unfused myoblasts in each stage 

of myogenesis was determined based on staining for MyoD and MyoG. FGR and CON fetuses 

had similar proportions of non-committed (MyoD-/MyoG-) muscle progenitor cells (Fig. 4.4A), 

but FGR skeletal muscle had lower percentages of myoblasts that were initiating myogenic lineage 

commitment (MyoD+/MyoG-) and beginning terminal differentiation (MyoD+/MyoG+) in utero 

(Fig. 4.4B-C). Despite having fewer myoblasts in the initial stages of terminal differentiation, FGR 

fetuses had a 56% increase in the proportion of unfused myocytes in the late stages of 

differentiation (MyoD-/MyoG+) compared to CON (Fig. 4.4D). 
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Correlation analysis across all FGR and CON fetuses showed that the percentage of non-

committed myoblasts did not correlate with fetal weight (Fig. 4.5A) or hindlimb muscle mass (Fig. 

4.5E). Likewise, the proportion of myoblasts undergoing myogenic lineage commitment did not 

correlate with total body mass (p = 0.12; Fig. 4.5B) or muscle mass across groups (p = 0.19; Fig. 

4.5F). The percentage of myoblasts in early differentiation was positively associated with fetal 

weight (Fig. 4.5C) and muscle mass (Fig. 4.5G). Additionally, there was a negative linear 

relationship between the percentage of late-differentiation myocytes and total body mass (Fig. 

4.5D) as well as hindlimb muscle mass (Fig. 4.5H) across all fetuses.  

Myoblast Fusion  

Given the increased percentage of unfused late-differentiation myocytes in FGR, we 

measured the relative abundance of Myomaker (Mymk) protein in fetal skeletal muscle to 

investigate whether these cells were accumulating outside of myofibers due to impairments in 

myoblast fusion. FGR skeletal muscle had a 30% reduction in Mymk compared to CON (Fig. 4.6A-

B), and Mymk abundance correlated positively with both fetal weight (Fig. 4.6C) and skeletal 

muscle mass (Fig. 4.6D). Additionally, the percentage of late-differentiation myoblasts correlated 

negatively with Mymk protein content across all FGR and CON fetuses (Fig. 4.6E). 

Associations Between Circulating Factors and Fetal Growth  

We previously observed reductions in circulating glucose, IGF-1, and PaO2 in FGR fetuses 

compared to CON (Table 2.1). Therefore, to assess the impact of circulating factors on fetal 

growth, we tested correlations between fetal plasma hormones and hindlimb muscle mass, as well 

as total body mass, across all FGR and CON fetuses. Fetal glucose, IGF-1, and PaO2 correlated 
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positively with total body mass (Fig. 4.7A-C) and hindlimb muscle mass (Fig. 4.7F-H). 

Circulating insulin concentrations tended to increase with fetal weight (Fig. 4.7D) and correlated 

positively with hindlimb muscle mass (Fig. 4.7I) across all fetuses. Fetal cortisol levels were not 

associated with total body mass (Fig. 4.7E) or hindlimb muscle mass (Fig. 4.7J) among FGR and 

CON fetuses. 

Associations Between Fetal IGF-1 and Skeletal Muscle Myogenesis   

Fetal IGF-1 concentrations were associated with increased rates of myoblast proliferation, 

as indicated by negative correlations with G0/1 myoblasts (Fig. 4.8A) and positive correlations 

with myoblasts in S/G2 (Fig. 4.8B) as well as the percentage of EdU+ myoblasts (Fig. 4.8C). 

Associations between fetal IGF-1 and myogenesis stages were not statistically significant, though 

circulating IGF-1 levels tended to increase with the percentage of myoblasts in early differentiation 

(p = 0.06; Fig. 4.8D) and decrease with the proportion of late differentiation myoblasts (p = 0.12; 

Fig. 4.8E). There was, however, a positive correlation between fetal IGF-1 and the relative 

abundance of Mymk across all fetuses (Fig. 4.8F). 

Discussion 

We developed a novel, flow cytometry-based strategy to evaluate fetal skeletal myoblast 

proliferation and differentiation following exposure to placental insufficiency. To our knowledge, 

this study is the first to assess myogenesis rates in vivo using muscle progenitor cells isolated from 

FGR and CON fetuses. Our findings are summarized in Figure 4.9. We identified deficits in FGR 

skeletal muscle proliferation, as evidenced by reductions in the proportion of S/G2 myoblasts and 

the percentage of EdU+ cells compared to CON. While the proportion of non-committed 
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myoblasts was similar between FGR and CON groups, the percentage of activated myoblasts that 

had recently committed to myogenesis was decreased in FGR. Reductions in myogenesis persisted 

through early differentiation; however, FGR fetuses had a greater proportion of myoblasts in late 

differentiation compared to CON. Deficits in Mymk abundance suggest that the accumulation of 

late-differentiation myoblasts in FGR skeletal muscle may be due to impairments in myoblast 

fusion. Additionally, correlations with circulating growth factors imply that fetal IGF-1 could play 

a critical role in mediating myoblast proliferation and fusion during late gestation. 

We observed lower rates of myoblast proliferation in FGR fetuses compared to CON. This 

is consistent with previous studies that identified reductions in the fraction of actively cycling 

myonuclei in FGR skeletal muscle (124, 131, 226, 270). However, rather than assessing the 

number of Ki67/PCNA+ myonuclei within a muscle fiber, we measured myoblast proliferation 

rates in the single cells residing beneath the basil lamina of mature myofibers. Therefore, our 

findings differentiate impairments in myoblast proliferation from deficits in myogenesis and/or 

myoblast fusion that may contribute to reductions in myonuclear accretion. Additionally, we found 

that skeletal myoblast proliferation correlates positively with fetal body mass and hindlimb muscle 

mass across all animals. These findings indicate that adequate proliferation rates are critical for 

increasing lean mass during fetal development, regardless of interactions with differentiation or 

fusion programs. Reductions in proliferation rates are likely mediated by the suppression of several 

key cell cycle regulators in FGR skeletal muscle (124, 131). These alterations likely reflect 

intrauterine adaptations that aim to reduce the energy demands of fetal skeletal muscle during a 

period of limited nutrient and oxygen availability. However, there is some evidence that the 

reduced proliferative capacity may be programmed into FGR skeletal myoblasts (270) and persist 
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into postnatal life (273), restricting skeletal muscle growth and repair through adulthood. Other 

reports suggest that reductions in myoblast proliferation result from the FGR environment and may 

be reversed by supplementing growth factor availability during the critical window of fetal 

development (124, 218).  

Our findings identify impairments in FGR skeletal muscle myogenesis that correlate with 

measures of lean mass across all fetuses. We observed reductions in the proportions of activated 

and early-differentiation myoblasts in FGR skeletal muscle, suggesting a decrease in myogenic 

lineage commitment. Due to limitations in current techniques, earlier measures of MRF expression 

in FGR fetuses were restricted to whole skeletal muscle tissue or myoblasts completing 

differentiation in vitro, which may explain the conflicting results (124, 126, 131). Some studies 

describe reductions in MyoD and MyoG expression in FGR skeletal muscle that are consistent 

with our findings (131, 270), while others suggest that global MRF expression remains unchanged 

between FGR and CON fetuses (124). Furthermore, the deficits we identified in early myogenesis 

likely contribute to previously reported reductions in activated (MyoD+) and cycling (BrdU+, 

Ki67+, PCNA+) myonuclei within the sarcolemma of FGR myofibers (124, 131, 270, 274). 

Whether deficits in myogenesis are intrinsic to FGR skeletal muscle remains unclear. Some studies 

demonstrate similar rates of myogenesis in myoblasts isolated from FGR and CON fetuses (124, 

270), but others observe reductions in MyoG and Desmin expression in FGR myoblasts after 

differentiation in vitro (273).  

Surprisingly, we identified an increase in the percentage of late-differentiation myoblasts 

in FGR fetuses, despite deficits in myogenic lineage commitment and early differentiation. Similar 

results were reported in a rodent model of FGR induced by maternal inflammation, where the 
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fraction of MyoG+ nuclei normalized to cross-sectional area was increased in FGR (274). 

However, this conflicts with evidence suggesting that the percentage of MyoG+ myonuclei is 

decreased in FGR skeletal muscle (270). Taken together, these findings may reflect an 

accumulation of unfused MyoG+ myoblasts beneath the basal lamina of developing myofibers due 

to impairments in myoblast fusion. This would cause the fraction of intramuscular MyoG+ 

myonuclei to be decreased in FGR. Moreover, reductions in Mymk protein abundance support the 

likelihood of dysregulated myoblast fusion in FGR skeletal muscle.  

In the present study, we observed positive associations between fetal IGF-1 concentrations 

and measures of myoblast proliferation and fusion in utero. The proportion of myoblasts in early 

differentiation tended to increase with fetal IGF-1 (p = 0.06); however, neither IGF-1 nor insulin 

appeared to be a potent stimulator of fetal myogenesis in vivo. It is well established that myoblasts 

increase proliferation in response to insulin and IGF-1 (275–278), and circulating levels of both 

growth factors are consistently reduced in FGR fetuses (114, 279). Additional evidence implicates 

IGF-1 in promoting myoblast differentiation via the same receptor that activates signaling 

pathways for myoblast proliferation (114, 280, 281). Previous studies identify positive correlations 

between fetal insulin and IGF-1 concentrations and the proportion of actively cycling myonuclei 

as well as the total number of myofibers across all FGR and CON sheep (131). Additionally, earlier 

research supports that deficits in myoblast proliferation are attributable to the non-nutritional 

components of the FGR intrauterine environment, as increasing glucose, oxygen, and amino acid 

concentrations in vitro was not sufficient to rescue proliferation rates in FGR myoblasts (270). 

Further, primary myoblasts from CON fetuses experienced reductions in proliferation when 

exposed to serum from FGR fetuses (270). Evidence that insulin supplementation can restore FGR 
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myoblast proliferation rates in vitro suggests that the relationships observed in Chang et al., 2019 

are likely the result of growth factor-mediated enhancements in myoblast proliferation (124), and 

the cross-reactivity between insulin and IGF-1 receptors has been widely documented. However, 

the present study is the first to investigate whether fetal growth factors promote skeletal muscle 

growth solely by stimulating myoblast proliferation or through additional interactions with 

signaling pathways that regulate terminal differentiation and myoblast fusion in vivo. We propose 

that the relationship observed between fetal IGF-1 and Mymk abundance is mediated by 

interactions with MyoD, as IGF-1 has not been shown to directly regulate Mymk expression in 

skeletal muscle (281–283). Our results imply a central role for IGF-1 in regulating fetal myoblast 

function and suggest that deficits in FGR skeletal muscle likely result from limitations in growth 

factor availability during a critical window of development. Moreover, findings reported by Brown 

et al. (2016), Chang et al. (2021), and Stremming et al. (2022, 2024) suggest that fetal growth 

factor supplementation may be sufficient to restore myoblast proliferation and potentially support 

skeletal muscle growth in FGR fetuses (218, 221, 284, 285).  

Given that the total population of quiescent satellite cells is formed during prenatal 

development (226, 286), reductions in fetal myoblast proliferation rates may limit the availability 

of muscle progenitor cells to support postnatal growth and repair (287, 288). Although deficits in 

satellite cell numbers have not been observed in FGR sheep (124, 270), the signaling pathways 

that regulate fetal cell cycle suppression are subject to epigenetic programming, which may 

permanently restrict the regenerative capacity of FGR skeletal muscle across the lifespan (289, 

290). The total number of myofibers is also set in utero, so adequate myofiber formation during 

fetal development is essential for establishing a scaffold to support future skeletal muscle growth. 
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Myoblasts proliferate, differentiate, and fuse to form new multinucleated myofibers (286). 

Therefore, disruptions to any of these processes could cause permanent deficits in the total number 

of fibers in FGR skeletal muscle (131, 218, 270). Deficits in myogenesis also restrict the potential 

for fetal skeletal muscle hypertrophy, as myofiber enlargement is dependent on the number of 

myonuclei available to support an increase in cytoplasmic volume, especially during periods of 

rapid growth (131, 287). In an attempt to compensate for reductions in intrauterine growth, low 

birthweight infants often experience a postnatal “catch-up” period of rapid adipose tissue 

expansion, which can have significant implications for future metabolic health (104).  

A primary limitation of this study was that we were not powered to test for sex differences 

due to the unequal distribution of male and female fetuses. Additional research is needed to identify 

interactions between FGR and fetal sex. However, male fetuses are often reported to be more 

severely affected by intrauterine exposures compared to females, so our comparisons should not 

be skewed by the primarily female CON group (291–293). Another limitation was that our 

measures of Mymk protein abundance were performed on whole skeletal muscle tissue, which 

contains myoblasts and various other cell types that could potentially influence our results. For the 

remaining analyses, we used flow cytometry to focus our assessments of proliferation and 

differentiation on only the unfused myogenic progenitor cells isolated from skeletal muscle of 

FGR and CON fetuses. Because each subpopulation of proliferating/differentiating myoblasts was 

normalized to a single parent population of CD56+ and/or Pax7+ cells, it is possible for changes 

in one subset of cells to skew perceived differences in another. Thus, careful consideration was 

given to minimize potential discrepancies through experimental design, appropriate controls, and 

reproducible gating strategies. Moreover, comparable changes in myoblast subpopulations were 
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noted in the absolute cell counts obtained prior to normalization. Still, future studies should employ 

alternative methods to confirm our results in isolated myoblasts and provide a more comprehensive 

understanding of FGR skeletal muscle dynamics. Lastly, there is some disagreement about whether 

MyoD is expressed in proliferating myoblasts or upregulated to initiate cell cycle exit for terminal 

differentiation (281–283, 294–297). Our explanation is based on the latter, but either interpretation 

is consistent with our findings of decreased proliferation and early differentiation in FGR 

myoblasts. 

In summary, our findings uniquely identify stage-specific impairments in the myogenic 

programs of unfused muscle progenitor cells from FGR and CON fetuses. We observed that 

myoblasts from FGR skeletal muscle exhibit reduced proliferation rates, which directly correlate 

with deficits in fetal growth. Decreased percentages of myoblasts in the early stages of terminal 

differentiation suggest that myogenic induction is compromised in FGR. This may indicate a shift 

in progenitor cell trajectories away from myogenic lineage commitment. Reductions in the 

proportion of unfused yet differentiated myocytes, coupled with deficits in Mymk, imply that 

myoblast fusion processes are impaired in FGR. This is likely restricting myonuclear accretion 

and impeding skeletal muscle growth in utero. However, correlations with IGF-1 highlight 

potential avenues for preventing lasting deficits in skeletal muscle function with therapeutic 

interventions that enhance growth factor availability during fetal development. To further inform 

effective strategies for restoring skeletal muscle growth in FGR fetuses, future studies should 

investigate the mechanisms by which fetal growth factors regulate myoblast proliferation and 

differentiation in utero. 
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Figures 

 

Figure 4.1. Gating strategy for analysis of myoblast proliferation and differentiation by flow 

cytometry. Representative plots of skeletal myoblast identification by (A) forward scatter height 

versus area, (B) Live/Dead Near-IR, (C) DAPI, and (D) CD56-PC5.5 antibody. (E) Gating of 

myoblasts in G0/1 and S/G2 phase based on DAPI fluorescence intensity. (F) Representative plot 

of EdU-AF647 signal and gating to quantify the percentage of EdU-positive myoblasts. (G) Flow 

cytometry plot of MyoD and Myogenin staining for myogenic regulatory factor analysis.  
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Figure 4.2. Myoblast cell cycle progression in FGR and CON fetuses. (A) The percentage of 

myoblasts in G0/1 is higher in FGR fetuses and correlates negatively with (B) fetal weight and (C) 

hindlimb muscle mass. (D) The fraction of replicating myoblasts in S/G2 is reduced in FGR and 

(E) correlates positively with fetal weight and (F) hindlimb muscle mass. Data are shown as mean 

± SEM. Student’s t-test with α = 0.05 was used to determine differences between FGR (n=10) and 

CON (n=10) groups. Pearson’s correlation coefficients (r) and p-values are listed (n=20). Simple 

linear regressions were fit to each correlation, and best fit lines are plotted with raw data. FGR 

fetuses are indicated by blue/closed symbols, CON fetuses by white/open symbols, and males and 

females are represented by triangles and circles, respectively. 
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Figure 4.3. Fetal myoblast replication and EdU incorporation in utero. (A) FGR myoblasts 

have lower rates of EdU incorporation compared to CON. The percentage of EdU+ myoblasts 

correlates positively with (B) total body weight and (C) hindlimb muscle mass across all fetuses. 

Data are shown as mean ± SEM. Student’s t-test with α = 0.05 was used to determine differences 

between FGR (n=5) and CON (n=9) groups. Pearson’s correlation coefficients (r) and p-values are 

listed (n=13). Simple linear regressions were fit to each correlation, and best fit lines are plotted 

with raw data. FGR fetuses are indicated by blue/closed symbols, CON fetuses by white/open 

symbols, and males and females are represented by triangles and circles, respectively. 
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Figure 4.4. Stages of myogenesis in skeletal myoblasts from FGR and CON fetuses. (A) The 

percentage of non-committed myoblasts (MyoD-/MyoG-) is similar between FGR and CON 

groups. FGR fetuses have lower percentages of (B) activated (MyoD+/MyoG-) and (C) early 

differentiation (MyoD+/MyoG+) myoblasts compared to CON. (D) The proportion of myoblasts 

in final the stages of terminal differentiation (MyoD-/MyoG+) is increased in FGR skeletal muscle. 

Data are shown as mean ± SEM. Student’s t-test with α = 0.05 was used to determine differences 

between FGR (n=11) and CON (n=9) groups. Males and females are represented by triangles and 

circles, respectively. 
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Figure 4.5. Associations between stages of myogenesis and fetal growth. Non-committed 

(MyoD-/MyoG-) and activated (MyoD+/MyoG-) myoblasts were not associated with (A-B) fetal 

weight or (E-F) hindlimb muscle mass across FGR and CON animals. The proportion of myoblasts 

in early differentiation (MyoD+/MyoG+) correlated positively with (C) fetal weight as well as (G) 

hindlimb muscle mass. The percentage of late differentiation myoblasts (MyoD-/MyoG+) 

correlated negatively with (D) total body mass and (H) hindlimb muscle mass in all fetuses. Simple 

linear regressions were fit to each correlation, and best fit lines are plotted with raw data. Pearson’s 

correlation coefficients (r) and p-values are listed (n=20). FGR fetuses are indicated by blue/closed 

symbols, CON fetuses by white/open symbols, and males and females are represented by triangles 

and circles, respectively. 

 

  



 

87 
 

 

Figure 4.6. Myomaker protein abundance in fetal skeletal muscle. (A) The relative abundance 

of Myomaker (Mymk) protein was reduced in FGR fetuses compared to CON. (B) Representative 

Western blots of Mymk in biceps femoris muscle of FGR (n=3) and CON (n=3). Mymk abundance 

correlated positively with (C) fetal weight and (D) hindlimb muscle mass in all fetuses. (E) The 

percentage of myoblasts in late differentiation (MyoD-/MyoG+) correlated negatively with Mymk 

abundance across groups (n=10). Data are shown as mean ± SEM. Student’s t-test with α = 0.05 

was used to determine differences between FGR (n=8) and CON (n=7) groups. Pearson’s 

correlation coefficients (r) and p-values are listed (n=15). Simple linear regressions were fit to 

each correlation, and best fit lines are plotted with raw data. FGR fetuses are indicated by 

blue/closed symbols, CON fetuses by white/open symbols, and males and females are represented 

by triangles and circles, respectively. 
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Figure 4.7. Associations between circulating factors and fetal growth. Fetal glucose (n=23), 

PaO2 (n=23), and IGF-1 (n=22) correlated positively with (A-C) fetal weight and (F-G) hindlimb 

muscle mass in all FGR and CON sheep. (D) Insulin levels tended to increase with fetal weight 
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and (I) correlated positively with hindlimb mass (n=20). Fetal cortisol concentrations were not 

associated with (E) total body mass or (J) hindlimb mass across groups (n=22). Simple linear 

regressions were fit to each correlation, and best fit lines are plotted with raw data. Pearson’s 

correlation coefficients (r) and p-values are listed. FGR fetuses are indicated by blue/closed 

symbols, CON fetuses by white/open symbols, and males and females are noted by triangles and 

circles, respectively. 
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Figure 4.8. Associations between fetal IGF-1 and myoblast proliferation and differentiation 

rates. (A) Circulating IGF-1 levels correlated negatively with the proportion of myoblasts resting 

in G0/1 phase and (B) positively with the percentage of proliferative myoblasts in S/G2 (n=18). 

(C) Fetal IGF-1 also correlated positively with the proportion of EdU+ myoblasts across all FGR 

and CON animals (n=12). (D) The concentration of IGF-1 tended to increase with the proportion 

of myoblasts in early differentiation (MyoD+/MyoG+) and (E) decrease with the percentage of 

late differentiation (MyoD-/MyoG+) myoblasts (n=18). (F) There was a positive linear 

relationship between fetal IGF-1 and Mymk abundance across groups (n=12). Simple linear 

regressions were fit to each correlation, and best fit lines are plotted with raw data. Pearson’s 

correlation coefficients (r) and p-values are listed. FGR fetuses are indicated by blue/closed 

symbols, CON fetuses by white/open symbols, and males and females are represented by triangles 

and circles, respectively. 
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Figure 4.9. Schematic representation of skeletal myoblast growth programs in FGR fetuses 

compared to CON. While the proportion of non-committed progenitor cells is similar between 

FGR and CON groups, FGR fetuses had decreased rates of myoblast proliferation, indicated by 

reductions in the percentages of S/G2 and EdU+ myoblasts. FGR fetuses also had a lower 

percentage of cells in the initial stages of myogenesis, including activation and myogenic lineage 

commitment as well as early terminal differentiation. The proportion of unfused, late 

differentiation myoblasts was increased in FGR, which may result from impairments in myoblast 

fusion due to deficits in Mymk protein in FGR skeletal muscle.  
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V. CONCLUSION 

Key Findings 

Using an innovative flow cytometry approach to evaluate cardiomyocyte and skeletal 

myoblast development in FGR and CON fetuses, I identified impairments in FGR progenitor cell 

programming that likely precede lifelong deficits in cardiac and skeletal muscle growth and 

function. LV cardiomyocytes from FGR fetuses had impairments in terminal differentiation and 

maturation, indicated by reductions in the percentage of binucleated, non-replicating cells. In FGR 

hearts, a greater proportion of binucleated LV cardiomyocytes continued endocycling instead of 

progressing to terminal differentiation or cytokinesis. In the RV, cardiomyocytes from FGR 

fetuses displayed significant reductions in proliferation compared to CON. Similar to the LV, 

endocycling was upregulated in RV cardiomyocytes from FGR hearts, indicating that the processes 

regulating cytokinesis are likely disrupted in FGR. These finding reflect significant shifts in fetal 

cardiomyocyte programming in favor of endocycling and polyploidy over proliferation and 

terminal differentiation.   

In the skeletal muscle, I observed lower rates of myoblast proliferation in FGR fetuses, 

indicated by reductions in the percentage of muscle progenitor cells that engaged in cell cycle 

activity in utero. FGR and CON fetuses had similar percentages of non-committed muscle 

progenitor cells, but the proportions of myoblasts in the initial stages of terminal differentiation 

were decreased in FGR. Surprisingly, the percentage of unfused, late-differentiation myoblasts 

was increased in FGR, despite lower rates of myogenic induction and early differentiation. 

However, reductions in the abundance of Mymk protein suggest that impairments in myoblast 

fusion may be limiting the contribution of late-differentiation myocytes to myofiber hypertrophy. 
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This disruption to terminal differentiation may be causing myocytes to accumulate beneath the 

basal lamina of mature muscle fibers, and likely plays a critical role in mediating the skeletal 

muscle deficits observed in FGR fetuses.  

Biomedical Impact 

This study is among the first to investigate the mechanisms underlying deficits in FGR 

cardiac and skeletal muscle development using dynamic measures of cardiomyocyte and skeletal 

myoblast proliferation and maturation in vivo. In FGR fetuses, cardiomyocyte endoreplication was 

markedly increased, reflecting a shift from cellular proliferation and maturation toward ploidy 

enhancement. This adaptation, while potentially compensatory under hypoxic and nutrient-

restricted conditions, comes at the expense of cardiomyocyte expansion, terminal differentiation, 

and cardiac muscle growth during fetal development. Strong positive correlations between LV 

mass and measures of cardiomyocyte maturation suggest that FGR hearts may increase polyploidy 

to support cellular enlargement, potentially as a strategy to manage current or anticipated 

hemodynamic stress. This adaptation could contribute to pathological cardiac hypertrophy and is 

consistent with previous reports linking FGR to cardiovascular dysfunction later in life. Further, 

positive associations between cardiomyocyte division and RV mass imply that cardiac growth in 

FGR fetuses is also restricted by disruptions in cytokinesis. As in the LV, RV cardiomyocytes 

appear to engage in endoreplication without cell division, potentially to support growth under 

energy constraints by avoiding the demands of cytoskeletal reorganization. This novel finding 

suggests an adaptive mechanism through which both ventricles attempt to compensate for 

reductions in substrate availability in utero. However, because cardiomyocyte expansion and 
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maturation are restricted to the finite window of fetal development, these adaptations may 

ultimately compromise cardiac function later in life.  

In skeletal muscle, my findings reveal a clear association between fetal growth and the 

rates of myoblast proliferation and terminal differentiation in utero. Deficits in muscle progenitor 

cell proliferation and differentiation in FGR may reflect both an adaptive intrauterine response to 

reductions in growth factor and substrate availability as well as potential epigenetic programming 

that could limit muscle growth and repair throughout postnatal life. The results in this dissertation 

identify that stimulation of cell cycle activity or myogenic induction alone is not sufficient to 

restore deficits in FGR skeletal muscle mass. Instead, my findings reveal that reductions fetal 

muscle growth may primarily be mediated by impairments in myoblast fusion, which restrict 

myonuclear accretion and the capacity to support myofiber hypertrophy in FGR. 

Limitations 

A primary limitation of this study was that we were not powered to test for sex differences 

due to the unequal distribution of males and females in FGR and CON groups. Additional research 

is needed to investigate interactions between FGR and fetal sex. However, our analysis should not 

be skewed by the predominantly female control group as female fetuses are reported to have 

smaller hearts and skeletal muscle compared to age-matched males (116, 292). While flow 

cytometry enabled the detailed investigation of fetal muscle progenitor cell dynamics, it is 

important to note that each reported subpopulation was calculated as a percentage of a single parent 

population of cardiomyocytes or skeletal muscle cells isolated from fetal tissue biopsies. Thus, 

changes in one subset could potentially influence perceived differences in others. To prevent this 

from skewing the results, careful attention was given to experimental design, appropriate controls, 
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and reproducible gating strategies. Moreover, similar trends in cardiac and skeletal myocyte 

dynamics were observed in absolute cell counts before normalization. Still, future studies should 

incorporate alternative methods, such as single cell RNA sequencing and imaging flow cytometry, 

to confirm these findings and provide a more comprehensive understanding of muscle progenitor 

cell dynamics in FGR fetuses.  

Future Directions 

Fetal IGF-1 levels predicted LV and RV growth, as well as the frequency of cardiomyocyte 

division, polyploidy, and LV myocyte binucleation across all fetuses. Our findings suggest that 

deficits in FGR cardiac muscle development may result from decreased cardiomyocyte 

proliferation, linked to reductions in circulating IGF-1. The critical role of IGF-1 in regulating 

fetal cardiomyocyte proliferation and maturation positions it as a promising therapeutic target for 

enhancing cardiac growth during intrauterine development. However, further research is needed 

to directly assess how IGF-1 modulates proliferation and differentiation in cardiomyocytes. The 

differences between LV and RV cardiomyocyte responses to FGR highlight the need for future 

work to determine the optimal timing to administer therapeutic interventions that target 

impairments in fetal cardiomyocyte development. Additionally, follow up studies should focus on 

targeted strategies to ensure cytokinesis or permanent withdrawal from the cell cycle after DNA 

synthesis is complete.  

I observed strong positive correlations between fetal IGF-1 concentrations and skeletal 

myoblast proliferation rates in utero. It is well established that myoblast proliferation is stimulated 

by insulin and IGF-1, and IGF-1 has been shown to promote terminal differentiation through the 

same receptor that activates signaling for myoblast proliferation. Further, previous studies 
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demonstrate that augmenting growth factor concentrations in vitro can effectively restore 

proliferation rates in FGR myoblasts. This capacity for recovery is likely contingent upon 

modifying environmental conditions before the cells lose their developmental plasticity. 

Therefore, supplementing IGF-1 levels in utero may be both necessary and sufficient to alleviate 

deficits in myoblast proliferation and promote skeletal muscle growth in FGR fetuses, but further 

work is needed to test this hypothesis. 

My findings suggest a central role for IGF-1 in regulating specific aspects of fetal 

cardiomyocyte and skeletal myoblast development. Further, the results of this research indicate 

that deficits in FGR cardiac and skeletal muscle growth may result from limitations in growth 

factor availability in utero. Findings reported by Brown et al. (2016), Chang et al. (2021), and 

Stremming et al. (2022, 2024) suggest that intrauterine growth factor supplementation enhances 

cardiac and skeletal muscle growth in CON fetuses. Additionally, my preliminary data indicate 

that administering a combination of IGF-1 and insulin to CON fetuses significantly increases 

myoblast proliferation rates in utero (Supplemental Fig. 5.1A-B). Therefore, additional research 

is warranted to determine whether exogenous growth factor stimulation can improve 

cardiomyocyte and skeletal myoblast dynamics in FGR fetuses and recover cardiac and skeletal 

muscle growth in utero. 
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VI. APPENDIX: SUPPLEMENTAL MATERIALS 

 

Supplemental Figure 3.1. Associations between LV cardiomyocyte measures and circulating 

levels of glucose and PaO2. 
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Supplemental Figure 3.2. Associations between RV cardiomyocyte measures and circulating 

levels of glucose and PaO2. 
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Supplemental Figure 4.1. Associations between circulating factors and fetal myoblast and 

skeletal muscle dynamics in FGR and CON sheep.  
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Supplemental Figure 5.1. Intrauterine supplementation of IGF-1 + Insulin increases skeletal 

myoblast proliferation rates in normally grown fetal sheep from healthy pregnancies.  
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