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DISSERTATION ABSTRACT
Zachary Daniel Bush
Doctor of Philosophy in Biology
Title: Interconnected Genomic Landscapes of Sequence Variation, Meiotic Recombination, and
Germline Chromatin in C. elegans

Meiosis is a specialized cell division used by sexually reproducing organisms to generate
haploid gametes, such as sperm and eggs. During meiosis, cells must repair DNA damage and
accurately segregate parental copies of each chromosome into daughter cells. Although there is
potential for new DNA mutations and chromosome rearrangements in each meiotic division,
meiotic cells preferentially use high-fidelity mechanisms of DNA repair such as crossovers to
ensure faithful genome inheritance. Crossovers serve critical functions in repairing DNA damage
and promote accurate chromosome segregation, but they also introduce genetic diversity in
progeny. In the nematode Caenorhabditis elegans, like many species, there is sex-specific
regulation of crossing over, but the mechanisms that lead to sexual dimorphisms in this process
remain unclear. To investigate sex-specific regulation of crossing over, I leveraged the density of
genetic variation in the Bristol and Hawaiian populations of C. elegans to generate high-
resolution maps of crossovers in sperm and egg cells, respectively. In Chapter 2, I completed
whole-genome assembly of the Bristol and Hawaiian strains of C. elegans and comprehensively
detailed their genetic variation at multiple scales and complexities. I found while many genetic
variants are small, such as single nucleotide polymorphisms (SNPs) and insertion/deletions
(<50bp), most of the variation between these two populations is comprised of large (>50bp)

sequence gains, losses, and rearrangements. Further, I demonstrate the role of specific
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chromosome structures in influencing where SNPs, indels, and rearrangements accumulate in the
genome. In Chapter 3, I defined genomic variations between different laboratory lineages of the
Bristol and Hawaiian strains to demonstrate the degree of genetic drift and genomic structural
variations accumulating in laboratory model organisms. In chapter 4, I developed a method that
leverages the SNPs identified in Chapter 2 to map crossovers with sub-kilobase precision C.
elegans sperm and eggs, respectively. I found that the crossover distribution and rate is sexually
dimorphic, as well as demonstrating that the chromosomal structures associated with different
states of germline gene expression are differentially associated with crossing over in developing
eggs versus sperm. By determining the genomic features associated with crossover sites in each
sex, | have illuminated the potential mechanisms that lead to sexually dimorphic distributions of
crossing over. Taken together, the work in this dissertation fills critical gaps in our knowledge of
how specific chromosome structures influence mechanisms that promote genomic integrity for
inheritance by the next generation.

This dissertation includes previously unpublished co-authored material.
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CHAPTER 1: INTRODUCTION

DNA, a double-stranded polymer composed of four distinct nucleotide bases, is the
biochemical source heredity for every living organism (Avery, MacLeod, and McCarty 1944;
Hershey and Chase 1952). Genes are the fundamental units of heredity encoded within DNA.
Each gene encodes the requisite information for the creation of functional RNAs and proteins
needed for growth, survival, and reproduction (Crick 1958). The genome refers to the total
quantity and number of distinct DNA molecules, called chromosomes, shared by every
individual of a given species. While these individuals share highly similar genomes, the exact
sequence of nucleotides in genes is variable and leads to diversity of life that is observed across
all biological systems. Further, not only does sequence variation lead to functional diversity in
genes, variation in the three dimensional organization of DNA also leads regulates genome
function.

Chromatin is the state in which DNA is three dimensionally organized within cells.
Nucleosomes, the fundamental units of chromatin, are an octamer of the four histone proteins
H2A, H2B, H3, and H4 around which 147 base pairs of DNA is wrapped (Richmond and Davey
2003). Chemical modifications (e.g. methylation) to specific amino acids residues of the histones
and higher-order interactions between modified nucleosomes can further change how densely the
DNA is packaged (Ho et al. 2014; Rando and Winston 2012). Heterochromatin describes the
state in which the DNA 1is densely packaged and often inaccessible to many DNA binding
proteins. In contrast, euchromatin is the state of loosely packaged DNA where the sequence is
accessible to other molecular and environmental factors. Notably, differences in chromatin state

and DNA accessibility regulate many genomic processes including gene expression, the
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frequency at which sequence variants arise, and the repair of DNA damage (Lawson, Liang, and
Wang 2023; Rando and Winston 2012; Caridi et al. 2017; Chiolo et al. 2011; Ho et al. 2014;
Janssen et al. 2016; Kouzarides 2007; Mikkelsen et al. 2007; Schuster-Bockler and Lehner 2012;
Makova and Hardison 2015).

Given the significant impacts of variation in DNA sequence and chromatin structure on
the integrity and function of genomes, it is critical to study how these properties are interrelated.
To fully understand the functional consequences of sequence variation on genome function, we
must understand all the types of sequence variations, their location, and which regions of the
genome are most susceptible to change. To understand which regions of the genome are
susceptible to the accumulation of variation, we must understand how differences in chromatin
organization regulate the rise of different sequence variations for genome stability. Finally, to
understand how chromatin organization regulates genome stability, we must understand how the
mechanisms that promote genome integrity, like DNA repair, are influenced by different
chromatin states. These three critical gaps in our knowledge of how the genome is maintained for

faithful inheritance outline the core goals of this dissertation.

How and where do different sequence variants arise in the genome?

Sequence variations can affect genome function through a variety of mechanisms.
Changes within the sequence of the coding region of genes can lead to several potential effects
on the resulting protein. The range of these effects range from no noticeable changes to protein
structure and function to complete loss of the protein or its function (Hartl 1996; Malinin et al.

2009). Even changes within introns, the non-coding sequence of genes normally spliced from
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eukaryotic mRNAs, can affect the resulting mRNA and protein sequence. Introns are spliced
from mRNA based on recognition of a DNA sequence motif, so sequence variations altering
these splice sites in introns can severely impact the mRNA/protein products and contribute to the
development of disease (Y. Lee and Rio 2015; Faustino and Cooper 2003). Further, DNA
sequence variants can affect regions of the genome that are responsible for regulating the amount
of RNA or protein produced from genes. These regulatory regions, such as promoters or
enhancers, often rely on the recruitment of other proteins that recognize a highly specific DNA
sequence (Schramm and Hernandez 2002; Szutorisz, Dillon, and Tora 2005; Z. Liu et al. 2014;
Busby 1994; Fickett and Hatzigeorgiou 1997). The probability of incurring a deleterious effect to
protein function is highly dependent on the size, location, and type of mutation (e.g. substitution
versus deletion). Given these potential impacts to gene expression and genome function, it is
critical to identify and precisely locate DNA sequence variation in all its forms.

DNA is subject to spontaneous mutations that can lead to single nucleotide variations
(SNVs) or multi-nucleotide variations (Table 1.1). Mutations can be introduced from both
environmental and intracellular sources including toxins, ionizing radiation, errors in DNA
replication, and unrepaired DNA damage (Houston et al. 2018; Cortes-Bratti, Frisan, and
Thelestam 2001; Ravanat and Douki 2016; Aquilina and Bignami 2001). Single nucleotide
polymorphisms (SNPs) are the most common form of SNVs, and there are approximately 84.7
million SNPs in the 3.055 billion base pairs in the human genome (Haraksingh and Snyder 2013;
The 1000 Genomes Project Consortium et al. 2015). SNPs result from the substitution of one
nucleotide for another and are given the distinction of “SNPs” if they are present in more than

1% of individuals in a population (Table 1.1; Figure 1.1). Insertions or deletions (indels) under
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50 nucleotides in length are the second most common sequence variant (The 1000 Genomes

Project Consortium et al. 2015) (Table 1.1; Figure 1.1). Finally, the rarest and largest form of

variants are termed structural variations (SVs), and their size ranges from 50 to hundreds or even

millions of nucleotides (Table 1.1; Figure 1.1). SVs are commonly observed as large insertions

or deletions, though they can often present as rearrangements such as duplications, inversions, or

translocations (The 1000 Genomes Project Consortium et al. 2015; Sudmant et al. 2015).

Importantly, any of these sequence variants (Table 1.1, Figure 1.1), whether they affect one or

millions of bases, can have profoundly adaptive or sometimes lethal effects due to their ability to

alter or eliminate the function of genes.

Table 1.1 Types and characteristics of genomic variation.

Variation Type

Context of change

Size

Single Nucleotide Polymorphisms (SNPs)

Substitution of one base
for another

1 base pair

Short insertions/deletions (indels)

Gain or loss of sequence

1-50 base pairs

Structural Variants (SV)

Insertion/Deletion | Gain or loss of sequence
) Rearrangement to
Inversion . . .
opposite orientation
. L. Gain of identical
Duplication

sequence copies

Movement of sequence to

Translocation )
a new region
Combination of SV
Complex characteristics (e.g.

inverted translocation)

> 50 base pairs

Highly Divergent Regions (HDRs)

Dense accumulation of
multiple variants in one
region

= 50 base pairs
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Figure 1.1 Types of genomic variation. For each variant schematic, parallel blocks represent a
pairwise sequence alignment between two different genomes.

Due to their size and complexity, SVs have a high potential to disrupt genome function,
but their accurate detection and characterization has been challenging. Detection of all sequence
variants has historically relied on DNA sequencing and the alignment of sequencing reads (often
only 100-200 base pairs in length) to a reference genome. Depending on the size and type of SV,
the alignment of shorter sequencing reads either precludes their detection entirely or cannot
distinguish between some types (Lesack et al. 2022a; Mahmoud et al. 2019; Goel et al. 2019;
Nattestad and Schatz 2016) . An especially challenging source of genomic SVs to identify are
transposable elements (TEs). TEs are highly repetitive sequences that also encode for a
transposase protein enabling them to autonomously excise and reinsert into new genomic

locations (Feschotte and Pritham 2007; Eide and Anderson 1985). TE mobility can create new
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sequence variations through a variety of mechanisms. Their excision can lead to the generation
of new SNPs or indels, and their insertion at new locations can be seen as translocations,
duplications, and/or inversions (Wicker et al. 2016; Z. Zhang and Saier Jr. 2011; Geurts et al.
2006). Their highly repetitive nature and larger size also makes them incredibly challenge to
map, and they have often been excluded from genomic analyses of SVs (Platt, Blanco-Berdugo,
and Ray 2016; Terresen et al. 2019; Mahmoud et al. 2019). Thus, in this dissertation I aim to
address the need for alternative methods to sequencing read alignment required for
comprehensive detection of all SVs and tracking of TEs.

Aside from the challenges in merely detecting all SNPs, indels, and SVs in a genome, an
outstanding question in biology centers around how different chromatin states affect the rate at
which these variants accumulate. The presence of DNA damage or errors in DNA synthesis must
be resolved, and new sequence variants can arise if the DNA is inaccessible by other factors for
restoration. While there is growing evidence for higher rates of SNPs and indels in
heterochromatic regions (Makova and Hardison 2015; Schuster-Bockler and Lehner 2012), how
differences in chromatin state contribute to the rise of large genomic SVs has long been
hypothesized. Thus, I aim to integrate the genome-wide analyis of DNA variations and
chromatin states to further our understanding of how hierarchical organization of the DNA

regulates the maintenance of genome integrity for inheritance.

How do germ cells regulate faithful inheritance of the genome?
The maintenance of genome integrity during meiosis, the specialized cell division that

produces germ cells such as sperm and eggs, is critical for faithful inheritance. Developing sperm
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and eggs must repair DNA damage and accurately segregate chromosomes into daughter cells to
protect progeny from new mutations and aneuploidy (Petronczki, Siomos, and Nasmyth 2003;
Murray and Szostak 1985; Shirleen Roeder 1990). Notably, the processes of DNA repair and
chromosome segregation in germ cells are coupled through the mechanisms that repair DNA
double-strand breaks (DSBs) (Keeney 2008; Keeney, Giroux, and Kleckner 1997). DSBs are
particularly deleterious because they result in the loss of multiple nucleotides, so this information
must be restored to protect genome integrity and function. There are many error prone DSB
repair mechanisms, such as non-homologous end joining (Chiruvella, Liang, and Wilson 2013;
Rodgers and McVey 2016), that result in new mutations such as indels (Table 1.1, Figure 1.1).
Error prone DSB repair mechanisms, however, they are strongly suppressed in developing germ
cells (Zierhut et al. 2004; K. P. Kim et al. 2010; Lao and Hunter 2010; Schwacha and Kleckner
1997; Joyce et al. 2012). In developing sperm and eggs, the high-fidelity DSB repair mechanism
of homologous recombination is preferentially used to faithfully restore the DNA sequence
where DSBs occur (Szostak et al. 1983; Joyce et al. 2012). Homologous recombination is
considered a high-fidelity repair mechanism because DSBs are processed in a way that allows
them to engage with the homologous chromosome as a DNA template for repair (Figure 1.2).
While homologous recombination does not introduce new mutations, it does introduce a
reassortment of preexisting parental sequence variations into new recombinant chromosomes
(Figure 1.2, green versus purple DNA sequence). Notably, completion of the homologous
recombination program results in two basic outcomes: crossovers and noncrossovers (Schwacha
and Kleckner 1995). Noncrossovers repair DNA on the damaged homologous chromosome by a

transferal of sequence information from the opposing homolog in a “copy-and-paste” fashion.
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Homologous
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Figure 1.2. DNA double-strand break (DSB) repair by homologous recombination. DSBs
are purposefully induced early in meiosis. During early stages of the DSB repair process, ends of
the damaged homologous chromosome are resected. Following resection, a single strand of DNA
invades the other homologous chromosome to use as a template for repair. Engagement of the
homologous template and synthesis of new DNA results in the formation of a double Holliday
junction. Double Holliday junctions can then be resolved into either crossover or noncrossover
outcomes.

In contrast, crossovers are the result of reciprocal exchange of information between homologous
chromosomes, and crossing over also creates a physical linkage between the homologs that
ensures their accurate segregation during meiosis I (Murray and Szostak 1985; Shirleen Roeder
1990; Petronczki, Siomos, and Nasmyth 2003; Page and Hawley 2003). Notably, failure to

recombine and form crossovers is one of the leading causes of aneuploidy, infertility, and birth

defects in humans (Hassold and Hunt 2001). Thus, the study of homologous recombination, how
21



it is regulated, and whether this regulation is different in sperm versus egg cells is fundamental to
improving our understanding of genome inheritance.

In the germ cells of most species, crossover formation is stringently regulated due to its
necessity for genome integrity and accurate chromosome segregation. Crossover homeostasis
ensures both the proper formation and quantity of crossovers occurring between each set of
homologous chromosomes (Liangran Zhang, Liang, et al. 2014; Cole et al. 2012; Martini et al.
2006; Yokoo et al. 2012; Globus and Keeney 2012; Liangran Zhang, Wang, et al. 2014).
Developing sperm and egg cells ensure the formation of at least one obligatory crossover per pair
of homologous chromosomes through a mechanism termed crossover assurance (Gareth H. Jones
and Franklin 2006). Too many crossovers, however, can be inhibitory to chromosome
segregation, so germ cells have evolved mechanisms like crossover interference that restrict the
formation of two crossovers near each other on the same chromosome (Sturtevant 1913; Muller
1916; G. H. Jones 1984; Hillers 2004; Meneely, Farago, and Kauffman 2002; Gerton et al.
2000). Thus, the genome-wide distribution of crossovers is non-random in species where
interference is observable (Munz 1994; Strickland 1958; Otto and Payseur 2019; Berchowitz and
Copenhaver 2010). Previous studies have demonstrated that while some meiosis-specific
chromosome structures may be contributing to crossover interference (Libuda et al. 2013;
Nabeshima, Villeneuve, and Hillers 2004), there are likely still many unidentified factors that
regulate the rate and spatial distribution of crossovers.

There are likely multiple layers of crossover regulation enacted at the chromosomal and
cellular levels. At the chromosome level, specific chromatin states are known to regulate the

initiation and completion of crossing over in species like yeast and humans. The position and
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density of nucleosomes as well as specific euchromatic vs heterochromatic histone modifications
are known to influence the rate and placement of crossovers in these species (Powers et al. 2016;
Pan et al. 2011; Lascarez-Lagunas et al. 2023; F. Baudat et al. 2010; Parvanov, Petkov, and
Paigen 2010). Additionally, biological sex is known to be yet another source of differences in the
rate and placement of crossovers. Evidence from studies in plants, mollusks, arthropods,
amphibians, reptiles, birds, and mammals all show that the frequency and spatial distribution of
crossovers on each chromosome is sexually dimorphic in eggs versus sperm (Peterson and
Payseur 2021; Sardell and Kirkpatrick 2020). While there is greater evidence for the individual
contributions of chromatin and sex to crossover regulation, it remains unclear as to how sex
differences in recombination are further regulated by sex differences in the distribution of
chromatin states themselves. In this dissertation, I directly address this gap in knowledge of
whether different chromatin states differentially regulate crossing over, and thus faithful

chromosome segregation, in developing sperm versus eggs.

Methods of detecting sequence variation and DNA repair

The advent of modern DNA sequencing technologies has been pivotal in advancing our
understanding of sequence variation, DNA repair, and genome inheritance. Whole genome
sequencing enables the detection of SNPs and indels with high confidence by aligning short
sequencing reads 100-150 base pairs in length to a reference genome sequence (Lappalainen et
al. 2019; Li and Durbin 2009; Li 2018). Due to the large size and complex nature of many SVs,
they are challenging to detect with sequencing reads of the same or shorter length than the

variant itself (Mahmoud et al. 2019). Next-generation long-read sequencing technologies can
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produce reads that are tens of thousands or sometimes millions of nucleotides in length, which is
particularly useful for the de novo assembly of new reference genomes with unprecedented
structural accuracy (Jain et al. 2018; B. Y. Kim et al. 2021; Yoshimura et al. 2019). The
structural accuracy of reference genome assemblies built from longer reads is therefore essential
for the detection of SVs, particularly through the use of technologies that analyze assembly-to-
assembly alignments of whole genomes (Delcher et al. 1999; Mahmoud et al. 2019). Thus, high-
quality reference genomes are a critical resource for biological research using the human genome
or the genomes of model organisms used in many laboratories.

The accurate detection of sequence variants, namely SNPs, not only builds our
understanding of genome function but can be further leveraged to detect DNA repair events such
as crossovers. Depending on the density of SNPs between individuals, these SNPs can provide
an extensive map of genetic markers that can be used to pinpoint the location a crossover in the
developing sperm or egg genome (Rockman and Kruglyak 2009; Bernstein and Rockman 2016;
Rowan et al. 2015; Kianian et al. 2018). Using whole genome sequencing, a reciprocal exchange
between homologous chromosomes can be identified as a switch in the linear arrangement of
unique SNP markers present in the genome of each parent (Figure 2, purple versus green
sequence). Given the vital functions of crossovers, understanding where they occur across the
genome of developing sperm and eggs is a critical first step in understanding the mechanisms
that regulate recombination and ultimately chromosome segregation.

In these dissertation studies, I utilize Caenorhabditis elegans as an ideal model system to
research the regulation of genomic variation and crossing over. The long-term geographical

isolation and genetic divergence between the Bristol and Hawaiian isolates of C. elegans has led
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to a great accumulation of all forms of genomic variation that is ripe for study (Brenner 1974; J
Hodgkin and Doniach 1997; Thompson et al. 2015; D. Lee et al. 2021). Further, the incredible
density of SNPs between these C. elegans also provides means to map and study crossovers with
high resolution. C. elegans also produce sperm and eggs continuously through adulthood, which
is particularly attractive for the study of sexual dimorphisms in meiosis. Further, this species is
highly amenable to genomic techniques previously discussed as necessary for the rigorous study

of mechanisms that maintain genome integrity and function for faithful inheritance.

Dissertation outline

This dissertation aims to improve our understanding of the complex nature of genomic
variation and the mechanisms that regulate crossing over. I address proposed gaps in knowledge
using Caenorhabditis elegans as an ideal model system for these studies. I combine the use of
whole-genome sequencing, comparative genomics, and genetically divergent populations of C.
elegans to comprehensively detect all forms of genomic variation. Further, I then use the same
genetic variation detected between two populations to create high-resolution recombination maps
of crossovers in C. elegans germ cells.

In chapter 2, we present the analyses comparing the genomes of two isolates of C.
elegans from Bristol and Hawaii. Not only are there a plethora of different types of genetic
variation, but the rate at which they accumulate in the genome can vary depending on the local
sequence context and surrounding DNA organization. In this chapter, we use de novo assembly
of long-read reference genomes to comprehensively detect SNPs, indels, SVs, and the movement

of transposable DNA elements. Further, we examine which regions of the genome are uniquely
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susceptible to the accumulation of different types of DNA variants by studying the association of
different variant types with the global distribution of multiple chromatin states.

Chapter 3 extends our approach in the analyses of genomic variation to an examination of
how much genomic variation exists between laboratory lineages of canonical wild type strains.
Labs using C. elegans have passaged their strains for thousands of generations since the species
was pioneered as a model organism in the late 1960s. Since then, there is growing evidence for
widespread phenotypic variation between labs with regards to lifespan and reproduction. In these
studies, we compared the reference genomes of the Bristol and Hawaiian lineages in our labs to
recently published genomes from other labs. Our detection and characterization of the SNPs,
indels, and SVs between lab lineages of C. elegans highlights the growing genomic divergence
in laboratory model organisms underpinning phenotypic variance and differences in
experimental outcomes.

In Chapter 4, I utilize the map of SNPs discussed in chapter 2 to detect recombination
events in individual oocyte and spermatocyte genomes from C. elegans meioses. Sexual
dimorphism is a ubiquitous feature of biology, and in this chapter, we explore sex differences in
the maintenance of genome integrity through crossing over. We analyzed the spatial distribution
and rates of crossing over at multiple genomic scales in each sex to identify regions of the
genome with sex-based biases in crossover formation. We then further delve into sequence-level
features of the DNA to understand whether intergenic or genic regions uniquely influence the
crossover distribution. Lastly, we examine how sex-specific gene expression and specific

chromatin states differentially influence crossing over in developing sperm versus eggs.
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Taken together, this dissertation outlines the research into how the interrelated nature of
genomic variation, chromosome structure, and biological sex ultimately promote the integrity

and faithful inheritance of the genome for future generations.

Bridge to Chapter 2

In Chapter 1, I introduced the key concepts to understanding the structure of DNA and
the hierarchical organization of the genome in our cells. I expanded on these fundamental ideas
of genomic structure and organization by discussing how the genomic landscapes of sequence
variation, chromatin, and recombination are interconnected. To more deeply understand how
how the genome is faithfully maintained across generations, we need to understand whether
specific sequences or structures in the genome influence the rise of different types of genomic
variations. There are many approaches to identify and analyze genomic variation, including
whole-genome sequencing, genome assembly, and simulation-based permutation tests for feature
enrichment. In chapter 2, I present a comprehensive analysis of genomic variation between the
genetically divergent Bristol and Hawaiian isolates of Caenorhabditis elegans. In this next
chapter, I will demonstrate the role that DNA sequence context and higher-order chromatin
structures play in shaping the landscape of genomic diversity and discuss perspectives on future

research in this area.

27



CHAPTER 2: COMPREHENSIVE DETECTION OF STRUCTURAL VARIATION AND

SEQUENCE DIVERGENCE IN WILD TYPE C. ELEGANS ISOLATES

(In review at G3: Genes, Genomes, Genetics)

Zachary D. Bush!, Alice F. S. Naftaly!, Devin Dinwiddie!, Cora Albers!, Kenneth J. Hillers?, and
Diana E. Libuda'*

! Institute of Molecular Biology, Department of Biology, University of Oregon, 1229 Franklin
Blvd Eugene, OR 97403, USA

2 Biological Sciences Department, California Polytechnic State University, San Luis Obispo,

California, US

Author Contributions

Z.D.B. polished primary genome assemblies, assessed genome quality, annotated the
genomes, and analyzed genomic variation and structures. A.F.S.N. helped conceive this study
and developed protocols for DNA purification, short-read Illumina sequencing, and variant
calling. D.D. developed protocols for long-read sequencing, devised strategies for genome
assembly, assembled the contigs and primary assembly, and filled gaps. C.A. identified
transposable elements and tracked copies containing SNPs between genome assemblies. K.J.H.
helped conceive this study, develop protocols for DNA purification, and purified the DNA for
the long-read PacBio sequencing. D.E.L. helped conceive this study, led discussions for the
comparison of different genomes, and coordinated work. All authors contributed to the

manuscript, with most of the writing by Z.D.B., A.S.F.N., and D.E.L.

28



Abstract

Genomic structural variations (SVs) and transposable elements (TEs) can be significant
contributors to genome evolution, altered gene expression, and risk of genetic diseases. Recent
advancements in long-read sequencing have greatly improved the quality of de novo genome
assemblies and enhanced the detection of sequence variants at the scale of hundreds or thousands
of bases. Comparisons between two diverged wild isolates of Caenorhabditis elegans, the Bristol
and Hawaiian strains, have been widely utilized in the analysis of small genetic variations.
Genetic drift, including SVs and rearrangements of repeated sequences such as TEs, can occur
over time from long-term maintenance of wild type isolates within the laboratory. To
comprehensively detect both large and small structural variations as well as TEs due to genetic
drift, we generated de novo genome assemblies and annotations for each strain from our lab
collection using both long- and short-read sequencing and compared our assemblies and
annotations with that of other lab wild type strains. Within our lab assemblies, we annotate over
3.1Mb of sequence divergence between the Bristol and Hawaiian isolates: 246,298 homozygous
SNPs, 73,789 homozygous small insertion-deletions (<50 bp), and 4,334 structural variations
(>50 bp). We also define the location and movement of specific DNA TEs between N2 Bristol
and CB4856 Hawaiian wild type isolates. Specifically, we find the N2 Bristol genome has 20.6%
more TEs from the Tcl/mariner family than the CB4856 Hawaiian genome. Moreover, we
identified Zator elements as the most abundant and mobile TE family in the genome. Using

specific TE sequences with unique SNPs, we also identify 53 TEs that moved
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intrachromosomally and 8 TEs that moved to new chromosomes between the N2 Bristol and
CB4856 Hawaiian genomes. Further, we show an enrichment of variation in transposon
sequences and silenced heterochromatic regions of germline chromosomes. demonstrating.
Taken together, our studies define and illuminate specific regions of the genome, including large
scale repetitive regions, that are more susceptible to accumulation of genetic variation and

genome structure.

Introduction

The rise of genomic variation between individuals and genetic drift between populations
underly a core process of evolution. Functional characterization of sequence variants guides our
understanding of phenotypic variances within species while also being critical to identifying
heritable disease-causing mutations (Haraksingh and Snyder 2013). Genomic variation has been
reported at multiple scales, from single nucleotide polymorphisms (SNPs) to short
insertions/deletions (indels) to much larger structural variants (SVs). SVs are defined as
insertions, deletions, or chromosomal rearrangements at least 50 bp in length. SVs can cause
loss-of-function mutations through large gene deletions or alter gene expression by disrupting
spatial interactions between regulatory sequences (Stranger et al. 2007; Hurles, Dermitzakis, and
Tyler-Smith 2008). Accurate detection of both sequence variants and chromosome
rearrangements is critical for understanding how genomic variation may contribute to phenotypic
plasticity in individuals and populations of the same species.

Transposable elements (TEs) are a class of repetitive DNA sequences capable of moving

to new locations in the genome. TE mobility is another source of genomic structural variation
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that can also alter gene expression (L. Girard and Freeling 1999; Slotkin and Martienssen 2007)
and can drive rapid evolutionary changes within species (Van’t Hof et al. 2016; Feschotte and
Pritham 2007). Notably, transposons account for a significant fraction of the total DNA sequence
in many eukaryotic species (Chalopin et al. 2015; Gilbert, Peccoud, and Cordaux 2021), which
provides many opportunities for TE-driven structural rearrangements. The 7cl/mariner family of
DNA transposons is one of the most abundant TEs across species (Eide and Anderson 1985;
Plasterk, Izsvak, and Ivics 1999), and early studies in C. elegans found it to be one of the few
mobile transposons observed under laboratory conditions (Fischer, Wienholds, and Plasterk
2003). Transposon mobility and repression is tightly regulated through multiple mechanisms
including chromatin modification and RNA interference (Sijen and Plasterk 2003; H.-C. Lee et
al. 2012), and naturally acquired mutations in the transposase coding sequence can also disrupt
their mobility (Lohe, De Aguiar, and Hartl 1997). Despite their ubiquity and impact on genomic
architecture, the comprehensive detection, annotation, and inclusion of TEs in comparative
genomic analyses remains challenging due to their highly repetitive sequence nature. Many
studies have incompletely characterized the genomic distribution of TEs because older, short-
read based methods could not accurately map the full content and location of repetitive
sequences (Goerner-Potvin and Bourque 2018). Further, programs that automatically detect TEs
based on sequence homology and conserved sequence elements rely heavily on libraries of older
reference sequences that may predate the discovery of TE fragments and newer TE families. As
new families of transposable elements are discovered (Bao et al. 2009) along with new

technology that aids their annotation and tracking (Riehl et al. 2022), determining the genomic
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composition and mobility of new TEs will enable our understanding of their role in genome
evolution and genome integrity.

Foundational research on genomic variation utilized next-generation short-read
sequencing, long-read sequencing, and the direct comparison of reference genome assemblies to
identify genomic variants (Mahmoud et al. 2019; Lappalainen et al. 2019). SNPs and indels,
ranging in size from 1 bp to 50 bp, can be identified with high confidence using short sequencing
reads that are 100-150 bp and have high read depths (Muzzey, Evans, and Lieber 2015). In
contrast, SVs are challenging to annotate using short-read sequencing because the sequencing
reads are often smaller than the size of an SV (Sudmant et al. 2015; Mahmoud et al. 2019;
Lesack et al. 2022b). Similarly, the highly repetitive sequences of TEs present significant
challenges to mapping and annotation with traditional short read sequencing methods. With the
advent of higher quality long-read sequencing technologies which generate ~10kb-30kb reads
with lower genomic coverage, the accurate annotation of large regions of genomic variation such
as SVs and transposable elements has become easier (Sakamoto et al. 2021). Methods of genome
assembly that leverage the strengths of both short- and long-read sequencing can provide more
accurate reference sequences to fully address undiscovered genomic variations previously not
detected by short-read sequencing alone. Notably, some new tools to identify SVs via assembly-
to-assembly alignments (Delcher et al. 1999; Nattestad and Schatz 2016; Li 2018; Goel et al.
2019) are not constrained by read-length to identify SVs and depend on high-quality reference
assemblies. Overall, a high-quality reference genome assembly using multiple sequencing
platforms and tools can generate a more comprehensive, accurate genome that serves as a critical

resource for genomic and genetic studies in any model organism.
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To fully understand how SNPs, indels, and SVs contribute to genetic drift, it is important
to know which regions of the genome are most likely to change over time. Not all regions of the
genome accumulate sequence variants at the same rate. For instance, in non-coding DNA
regions, base substitutions and short indels are frequently less deleterious than changes to exons
(Ellegren, Smith, and Webster 2003). There is also evidence for enhanced rates of variation in
tandemly repeating sequences (G. Zhang, Wang, and Andersen 2022), suggesting that local
sequence context may be a major determinant for mutation accumulation. Further, there is
increasing evidence that the structural organization of DNA in the context of different chromatin
states plays a role in shaping the landscape of genetic variation in multiple species (Makova and
Hardison 2015). Importantly, while regional differences in the rates that SNPs and indels
accumulate have been studied, how structural variations and rearrangements contribute to
variable mutation rates is not fully known. The development of methods that can identify both
structural variations and larger regions of exceptional sequence divergence provide new
opportunities to study how different regions of the genome accumulate different types and sizes
of variants.

Caenorhabditis elegans was the first multicellular organism to have its genome fully
sequenced (C. elegans Sequencing Consortium 1998) and has been exploited to pioneer many
comparative genomic studies. To understand how genetic variation influences phenotypic
differences and genomic processes within species, C. elegans researchers primarily utilize two
highly diverged wild type strains estimated to have diverged 30,000-50,000 generations ago
(Thomas et al. 2015): N2 (isolated in Bristol, England) and CB4856 (isolated in Maui, Hawaii)

(Nicholas, Dougherty, and Hansen 1959; Sulston and Brenner 1974; J Hodgkin and Doniach
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1997; Crombie et al. 2019). Earlier comparisons of the Bristol and Hawaiian lineages were
critical for studying genetic variation, gene families, and evolution of genome structures (Koch
et al. 2000; Wicks et al. 2001; Stewart et al. 2005; Maydan et al. 2010). The C. elegans genome,
comprised of five autosomes and the X chromosome, displays a nonuniform distribution of
sequence variation when comparing the genomes of wild isolates. Although a large amount of
sequence divergence was previously found between the N2 Bristol and CB4856 Hawaiian
lineages (Thompson et al. 2015; Andersen et al. 2012), the increased quality of reference
genomes, sequencing technology, and variant detection methods renews the need for
comprehensive identification of variations (in particular large structural variations) that
previously went undetected in these C. elegans genomes.

The first CB4856 Hawaiian genome assembly was completed in 2015 by iteratively
correcting the pre-existing N2 Bristol reference assembly (C. elegans Sequencing Consortium
1998) with short-read sequencing data (Thompson et al. 2015). This study identified 327,050
single-nucleotide polymorphisms (SNPs) and nearly 80,000 indels relative to N2; a marked
increase relative to previous comparisons, which had identified 6,000-17,000 SNPs and small
indels (Wicks et al. 2001; Swan et al. 2002) between N2 Bristol and CB4856 Hawaiian. Due to
the size of the short-read sequences employed in the analysis, the iterative correction method
used to assemble the CB4856 Hawaiian genome may not have detected all structural
rearrangements and repetitive sequences. In 2019, the first de novo CB4856 Hawaiian assembly
from Nanopore long-read sequencing extended the length of the Hawaiian genome by multiple
megabases. By comparing this CB4856 Hawaiian assembly to the original N2 assembly,

researchers in this study were able to characterize over 3,000 SVs (Kim et al. 2019). Thus,
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combining long-read and short-read sequencing in de novo genome assembly not only extended
the known length of the CB4856 Hawaiian genome, but broadened our understanding of how
much genomic variation exists between these wild-type strains.

TEs are highly abundant in the C. elegans genome and are likely a source of genomic
SVs due to their ability to autonomously excise and subsequently insert themselves into new
locations. Early analyses of the C. elegans genome indicated that approximately 12-16% of the
genome is comprised of transposable elements (TEs) (C. elegans Sequencing Consortium 1998;
Bessereau 2006), with Tcl/mariner elements as one of the most widely studied DNA transposons
that can be active in laboratory strains (Emmons et al. 1983; Liao, Rosenzweig, and Hirsh 1983).
The Zator superfamily, a relatively new TE in its characterization, is a transposase that is
distantly similar to those in the Tcl/mariner superfamily evolved from bacterial 15630
transposons. Further, phylogenetic analyses suggest that Zators can be considered as a distinct
family of eukaryotic TEs evolved from a bacterial 7P36-like transposon (Bao et al. 2009). To
our knowledge, movement of Zator elements and other recently identified TE families has not
yet been analyzed in C. elegans laboratory strains. While transposable element distributions have
been assessed in wild C. elegans strains using older reference genomes and Illumina short-read
sequencing (Laricchia et al. 2017), the complete TE composition has not yet been reassessed in a
de novo assembly built from long-read sequencing nor since new families of eukaryotic Class II
transposons have been discovered (Bao et al. 2009). Notably, it remains unclear if these
emerging families of DNA transposable elements comprise a significant proportion of the C.

elegans genome.
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To more accurately determine the extent of sequence and structural variation between N2
Bristol and CB4856 Hawaiian genomes, we generated two high-quality, long-read reference
assemblies with the same assembly pipelines for both the N2 and CB4856 strains used in our
laboratory. By leveraging recent technological advancements in sequencing and variant
detection, we provide a comprehensive annotation of SNPs, indels, structural variations, and
transposable elements between our lineages of the Bristol and Hawaiian strains. From our
comprehensive mapping of TEs in our reference genomes, we report Zator elements to be the
most abundant and mobile TE family in the C. elegans genome. Further, we find that variations
are depleted from gene regulatory sequences such as promoters and enhancers in intergenic
regions of the genome. Notably, we find that TE sequences and inaccessible, heterochromatic
regions of the genome harbor an enrichment of all types of variants detailed in this study,
particularly for structural variants and highly diverged regions. Taken together, our systematic
and comprehensive analysis of genetic variation in these two wild isolates reveals how different
chromatin environments and the extent at which TEs may uniquely contribute to genetic drift and

the evolution of genome structure.

Results
De novo genome assembly using combined long and short-read sequencing

To perform systematic comparisons of multiple wild type genomes from different
laboratory isogenic strains, we generated de novo assemblies of N2 Bristol and CB4856
Hawaiian. The N2 Bristol genome was assembled from PacBio long-reads with 136x coverage

producing 121 contigs and a 100.4Mb genome (Figure 2.1A) The CB4856 Hawaiian genome
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was generated from PacBio long-reads with 132x coverage from 169 contigs to give a 98.8Mb
assembly (Figure 2.1B). These long-read assemblies were then supplemented with [1lumina
paired end short-reads with a sequencing depth of 540x and 628x for N2 Bristol and CB4856
Hawaiian respectively (Figure 2.1A-B).

To assess the quality of our reference genomes, we examined assembly-to-assembly
alignments between our N2 Bristol and Hawaiian genomes and quantified the orthologous gene
content for each assembly. Since the genomes of these two isolates are highly homologous,
whole genome alignments should show a high proportion of aligned bases synteny when
comparing our N2 Bristol to CB4856 Hawaiian assemblies. Indeed, 99.2% of bases across our
N2 Bristol genome were aligned to our CB4856 Hawaiian genome assembly, and more than
92.2% of bases within alignments were syntenic (Table 2.1). Analysis of universal single-copy
orthologs (Simao et al. 2015; Manni et al. 2021) in our de novo N2 Bristol and CB4856
Hawaiian genomes revealed greater than 98% completeness (Supplemental Figure S2.1) and

validate that our assemblies are high quality.

De novo genome assemblies of the N2 Bristol and CB4856 Hawaiian isolates enhance
detection of genomic variation

To detect any genomic variations that may have been missed in prior analyses with short-read
sequencing-based reference genomes, we performed sequence alignments and comparisons with
our reference genomes that were assembled using both short- and long-read sequencing
technology and the same assembly method. First, we aligned our CB4856 Hawaiian short reads

to our N2 Bristol assembly to quantify SNPs and indels. This analysis revealed a total of 337,584
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SNPs and 94,503 indels across the genome, of which 246,298 SNPs and 73,789 indels are
homozygous and not segregating in our populations of each strain (Table 2.1, Figure 2.1C-D).
Similar to previous observations (Thompson et al. 2015), we note a few highly variable regions
with a greater density of SNPs and short indels in the center regions of the autosomes,
particularly on chromosomes /V and V' (Figure 2.1C-D). We also find that many SNPs and indels
overlapped with gene annotations, particularly on chromosomes 7 and /// where more than 60%
of SNPs and indels overlap with gene sequences (Figure 2.1E-F). Taken together, our detection
of SNPs and indels indicate an abundance of sequence variation is unevenly distributed between
genes and intergenic space on multiple chromosomes.

To identify large sequence variants and chromosome rearrangements, we used whole-
genome alignments as opposed to the alignment of sequencing reads with our reference genomes
(see Methods). This analysis identified a total of 4,364 structural variants, which are categorized
as insertions, deletions, and other chromosomal rearrangements spanning at least 50 bp (Table

2.1). We also identified 1,174 Highly Divergent Regions (HDRs) (Goel et al. 2019) across the

Figure 2.1. Genomic distribution of SNPs and indels between the N2 Bristol and CB4856
Hawaiian genomes. (A) Line plots showing the average sequencing coverage in 100 kb bins
across each chromosome in the N2 Bristol genome. (B) Line plots showing the average
sequencing coverage in 100 kb bins across each chromosome in the CB4856 Hawaiian genome.
For each plot in A and B, the coverage for Illumina short-read sequencing is shown in blue, and
sequencing coverage for PacBio long-reads is shown in red. For both A and B, sequencing reads
from the genome of each isolate were re-aligned to the completed genome assemblies,
respectively. (C) Histograms depicting the distribution of CB4856 Hawaiian SNPs across each
N2 Bristol chromosome in 100 kb bins. (D) Histograms of the distributions of CB4856 Hawaiian
indels across each N2 Bristol chromosome in 100 kb bins. (E) The proportion of SNPs that
overlap with remapped gene annotations versus intergenic regions in the N2 Bristol genome. (F)
The proportion of indels that overlap with gene versus intergenic regions in the Bristol genome.
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Table 2.1. Comparisons between the N2 Bristol genome (this study) and CB4856 Hawaiian
genome (this study)

Chromosomes
Total
I n I w v X
N2 Bristol
Chromosome 15,114,068 | 15,311,845 | 13,819,453 | 17,493,838 | 20,953,657 | 17,739,129 | 100,431,990
Length (this
study)
CB4856 Hawaiian
Chromoseme 15,045,644 | 15,257,363 | 13,206,755 | 17,183,882 | 20,547,529 | 17,584,915 | 98,826,088
Length (this
study)
N2 Bristol Bases 99,642,230
Aligned 15,100,574 | 15,303,320 | 13,222,676 | 17,330,119 | 20,947,147 | 17,738,394 |~ o010
% Syntenic
Aligned Bases 93.31 88.56 90.61 95.42 87.04 98.73 92.23
SNPs* 30,394 48,365 29,881 30,497 87,300 19,861 246,298
73,789
* )
Indels 11,460 13,716 10,530 11,221 20,063 6,799 (275,442 bp)
SVs 863 808 649 619 925 470 4,334
(2,654,902 bp)
1,174
HDRs 185 270 165 138 356 60 (6,364,884 bp)

* All variants listed are only those for which the CB4856 Hawaiian genome was homozygous

genome. HDRs are defined here as regions of the genome over 50 bp in length that result in low-
quality pairwise alignments due to the presence of multiple gaps within these alignments (Goel et
al. 2019), and their classification is distinct from the hyper divergent regions previously
characterized in the C. elegans genome (D. Lee et al. 2021). Overall, greater than 9.9% of the N2
Bristol genome (~10.0 Mb) displayed variation through SNPs, indels, SVs, and HDRs when
compared to the CB4856 Hawaiian genome. SVs and HDRs represented only 1.3% and 0.3% of
variant sites between N2 Bristol and CB4856 Hawaiian, respectively, but accounted for over
94% (9.5Mb) of sequence variation (Table 2.1). Including heterozygous variants, our short-read

analysis detected 3% more SNPs and 18% more indels than previously discovered using short-

40



read assemblies of N2 Bristol and CB4856 Hawaiian (Thompson et al. 2015). Utilizing whole-
genome alignment comparisons (Li 2018; Goel et al. 2019), we identified 985 more SV sites
than previously reported (Nattestad and Schatz 2016; Kim et al. 2019). This increased sensitivity
in variant site detection highlights the power of combining long-read and short-read sequencing
to create accurate genome assemblies for comparative genomic studies.

Given an enhanced detection of variant sites between our N2 Bristol and CB4856
Hawaiian assemblies, we were interested whether the canonical “arms”-versus-“center”
distribution is upheld in the larger variants we detected as well. Prior studies report have detailed
punctuated regions of sequence divergence at the scale of SNPs and indels, (Thompson et al.
2015; Kim et al. 2019), so we expected a greater density of variation in the terminal thirds (the
arm-like regions) of each chromosome for SVs and HDRs as well. Indeed, there is a significant
concentration of SNPs, indels, SVs and HDRs in the arm-like regions relative to the center
region of each chromosome (Supplemental Figure S2.2). Over 78% of all SNPs, indels, SVs, and
HDRs are in the arm-like domains of each chromosome (Genome-wide averages: 75.12% of
SNPs, 78.24% of indels, 71.39% of SVs, 90.77% of HDRs). To determine if the enrichment of
SNPs, indels, and SVs in the chromosomal arm-like regions was significant, we compared the
observed distribution of each variant category with random permutations of each category of
variant (Heger et al. 2013). SNPs, indels, and HDRs on the autosomes were significantly
enriched in the arm-like regions (SNPs: 1.36 to 1.77-fold enrichment; Indels: 1.47 to 1.84-fold
enrichment; HDRs: 1.70 to 2.06-fold enrichment; p < 0.001 by hypergeometric test). SVs,
however, were only significantly enriched on the arm-like regions of autosomes /7, /11, and IV

(1.64 to 1.92-fold enrichment; p<.001 by hypergeometric test). The fold enrichment of all
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variants on the arm-like regions of the X chromosome was slightly weaker, ranging from 1.23-
1.64 (SNPs: 1.26-fold enrichment; Indels: 1.26-fold enrichment; SVs: 1.23-fold enrichment;
HDRs: 1.64-fold enrichment; all p-values < 0.05 by hypergeometric test). Taken together, we
find that all types and sizes of genomic variants share the same “arms”-vs-“center” distribution

pattern across each chromosome.

Millions of base pairs affected by genomic structural variation and highly divergent regions
We next analyzed which regions of the genome were most affected by structural
variation. Broadly, the distribution of SVs and HDRs across each chromosome resembles the
genomic distribution of SNPs and indels (Figure 2.2A-B). For both SVs and HDRs, we note that
many of these sites reside on the arm-like domains of the autosomes, with the X chromosome
displaying far fewer counts of structural variation and highly divergent regions (Figure 2.2A,
Table 2.1). While most structural variants range in size from 50 bp-1 kb (Figure 2.2A and 2E),
we did find multiple instances of SVs 10 kb or greater in size on each chromosome, with some
approaching hundreds of kb in size. Due to the large sizes of structural variants, they have the
potential to overlap with many coding sequences in the genome. Thus, we wanted to know
whether SVs overlapped with coding regions at the same frequency as SNPs and indels. On the
autosomes, 44.5-68.5% of SVs overlapped with gene regions compared 31.1% on the X
chromosome (Figure 2.2C). Consistent with our previous analyses of SNPs and indels, SVs and
HDRs are also present in greater numbers on the autosomes than the X chromosome. Taken
together, the sequence of the X chromosome appears more stable across the long divergence

times separating the N2 Bristol and CB4856 Hawaiian isolates.
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To assess which types of structural variants are most prevalent in the genome, we
detailed the number and size of each type of structural variant we identified (Figure 2.2D-E).
Previous studies have identified many large insertions, deletions, and expansions/contractions of
tandemly repeated regions (C. Kim et al. 2019; G. Zhang, Wang, and Andersen 2022), but less is
known about the genome-wide prevalence of other types of SVs such as inversions, duplications,
and translocations. Most SVs identified were large insertions and deletions, with relatively fewer
SVs being characterized as duplications or rearrangements like inversions (Figure 2.2D). Among
the SVs detected, we identified 47 non-alignable structures, 2 duplications, 18 inversions, and 2
translocations. Non-alignable regions (NOTALs) are highly diverged regions containing many
repeats and low-complexity sequences that are inhibitory to whole-genome alignment. From our
whole-genome alignments of the N2 Bristol and CB4856 Hawaiian genomes, the non-alignable
regions between the two genomes comprise 1.39 Mb of sequence, ranged in size from 50-592 kb,

and comprise <0.5% of coding genes in the Bristol genome. The SVs identified ranged in size

Figure 2.2. Genomic distribution and size of SVs between the N2 Bristol and CB4856
Hawaiian genomes. (A) Histograms depicting the distribution of SVs across each chromosome
in 100kb bins. Black dashes above each histogram correspond to the genomic locations of SVs
that are greater than 20kb in size. (B) Chromosome alignment plot depicting syntenic regions
between N2 Bristol and CB4856 Hawaiian, structural variants, and highly divergent regions
(HDRs). The width of lines showing SVs are proportional to their size. Only rearrangements 1kb
or greater in size are shown. (C) Stacked bar plots showing the percentage of CB4856 Hawaiian
SVs that overlap with intergenic and gene-coding regions of the N2 Bristol genome. (D) Bar
plots showing the number of each type of SV identified. (E) Strip plots showing the log-scaled
size distribution of SVs separated by type. For SV types: NOTAL = non-aligned regions, DEL
=deletion, INS = insertion, CPG = copy gain in query genome, CPL = copy loss in query
genome, TDM = tandem repeat region, INV = inversion, DUP = duplication, TRANS =
translocation, and INVTR = inverted translocation. For D and E, different colors only correspond
to the different types of SV identified.
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from 50 bp to 592 kb (Figure 2.2E), and HDRs ranged from 50 bp to 199 kb (Supplemental
Data). Insertions and deletions are the most common type of SV, and their size distribution
includes a greater proportion of variants 50-200 base pairs. The proportion of duplications and
other rearrangements at magnitudes of 1-100 kb, in contrast, is much higher (Figure 2.2E). We
identified one 156 kb region in the N2 genome that was translocated upstream on the right end of
CB4856 Hawaiian chromosome V' (V:15,871,614-16,027,614 bp), while the other translocation
(38 kb in size) was found to be inverted near a telomere of CB4856 Hawaiian chromosome [V
(IV: 176:38,447 bp). The largest duplication was found on Hawaiian chromosome /17 (/II:
11,819,363-11,860,261). Together, our analyses detected additional variant sites in N2 and
CB4856 genomes, and further illuminates the contribution of large SVs and HDRs to genome

evolution.

Minimal movement of DNA transposons between the N2 Bristol and CB4856 Hawaiian
lineages

To identify and locate known TE sequences in our N2 Bristol and CB4856 Hawaiian
assembled genomes, we used a TE identification pipeline that applies an ensemble of programs
to find all known RNA and DNA TE families (Riehl et al. 2022). We found that approximately
14.7 and 14.3% of our N2 Bristol and CB4856 Hawaiian assemblies, respectively, are composed
of TE sequences (Table 2.2). For both genome assemblies, the distribution of TEs was

concentrated in the terminal third, arm-like regions of each chromosome (Figure 2.3A-B).
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Table 2.2. Transposable Elements identified in the N2 Bristol genome (this study) vs
CB4856 Hawaiian genome (this study).

N2 Bristol CB4856 Hawaiian
Class I Transposable 710 (2,688,730 bp) 776 (2,522,357 bp)
Elements (Retrotransposons)
Gypsy 557 (2,195,895 bp) 592 (2,031,038 bp)
Copia 134 (472,195 bp) 161 (465,785 bp)
SINE 9 (2,146 bp) 9 (1,945 bp)
ERV 7 (8,280 bp) 6 (7,569 bp)
LINE 3 (10,214 bp) 8 (16,038 bp)
Class I intrachromosomal 0
transpositions*
Class I interchromosomal 0
transpositions*
Class II Transposable 17,682 (12,055,357 bp) 17,310 (11,606,010 bp)
Elements (DNA transposons)
Tcl/Mariner 1870 (1,298,386 bp) 1,550 (1,131,443 bp)
hAT 3,999 (3,988,461 bp) 3,818 (3,725,667 bp)
CMC 1,679 (3,138,647 bp) 2,011 (3,260,455 bp)
Zator 9,159 (3,009,341 bp) 8,980 (2,907,391 bp)
Novosib 46 (12,060 bp) 28 (12,088 bp)
Helitron 39 (368,980 bp) 43 (329,238 bp)
Sola 821 (226,645 bp) 699 (196,797 bp)
MITE 69 (12,837 bp) 181 (42,931 bp)
Class II intrachromosomal 53
movement*
Class II interchromosomal 8
movement*

* All TE sequences with predicted transpositions are relative to the N2 Bristol genome.

Class II DNA TEs represented 96% of all TEs identified in each genome, and Zator elements are
52% of these Class II DNA TEs present in each genome (Supplemental Table 2.1, Figure 2.3C-
D). To our knowledge, movement of Zator elements and other recently identified TE families has
not yet been analyzed in C. elegans laboratory strains. Further, we also found that our N2 Bristol
genome has 20.6% more TEs from the Tcl/mariner family than our CB4856 Hawaiian genome
assembly (Table 2.2).
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Since the N2 Bristol and CB4856 Hawaiian lineages were geographically isolated for
thousands of generations, we sought to utilize our new TE annotation set to identify individual
transposition events that occurred over the course of divergence between the two strains. Using
whole-genome alignments and the SNPs we previously defined between these two lineages, we
identified specific TE sequences with unique polymorphisms that enables individual transposons
to be tracked between the N2 Bristol and CB4856 Hawaiian genome assemblies. Of the 18,392
total transposable elements identified in the N2 Bristol genome, 9,377 TEs were uniquely
identifiable by sequence polymorphisms. Among all N2 Bristol TEs with SNPs, only 1,535
elements were detectable in the CB4856 Hawaiian genome. While the vast majority of TEs were
found to have not moved within either genome, we did track 53 Class Il DNA TEs to new
locations on the same chromosome and eight TEs that appeared on different chromosomes in the
CB4856 Hawaiian genome (Figure 2.3E, Table 2.3). Specifically, we detected five Zator

elements and one each of Tcl/mariner, Sola, and hAT elements on different chromosomes

Figure 2.3. Genomic distributions of transposable elements in the DLW N2 Bristol and
DLW CB4856 Hawaiian genomes. Histograms depicting the distributions of transposable
elements across the DLW N2 Bristol genome in 100kb bins. B) Histograms depicting the
distributions of transposable elements across the DLW CB4856 Hawaiian genome in 100kb
bins. C,D) Stacked bar plot depicting the percent of total DNA transposable elements on DLW
N2 Bristol (C) and DLW CB4856 Hawaiian (D) chromosomes accounted for by specific DNA
transposon families. For TE families: CMC= CACTA, Mirage and Chapaev families; hAT = hobo
and Activator families; Other = MITE, Novosib and Helitron families. E) Ideogram depicting the
locations of individual DNA transposable elements that moved between the DLW N2 Bristol
genome and the DLW CB4856 Hawaiian genome. DLW N2 Bristol chromosomes are
represented by the blue boxes on the top, and DLW CB4856 Hawaiian chromosomes by the red
boxes on the bottom. Each line represents an individual transposable element sequence, traced
from its position on the DLW N2 Bristol genome to its unique position on the DLW CB4856
Hawaiian genome. Transposable elements predicted to have translocated are colored according
to transposon class. Arrow heads across the Bristol N2 chromosomes indicate DNA TEs where
duplicated copies are found in the Hawaiian CB4856 genome.
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between the two lineages. In this analysis, we note that 23 unique copies of Class Il DNA TEs in

the N2 Bristol genome that had duplicated copies in the CB4856 Hawaiian genome (Figure 2.3E,

arrowheads). While we were able to identify transposition events relative to the N2 Bristol

genome, we cannot accurately infer the history of each CB4856 Hawaiian copy to determine

which resulted from transposition versus duplication. Overall, the landscape of transposable

elements remains largely unchanged across the history of divergence between the N2 Bristol and

CB4856 Hawaiian lineages.

Table 2.3. Intra- and interchromosomal movement of TEs by family.

Class II DNA TE Family Intrachromosomal Interchromosomal
movements (8) movements (53)
Zator 5 26
hAT 1 14
CMC 0 2
Tcl/Mariner 1 11
Sola 1 0

Variants are strongly depleted from the coding sequences in genes and gene regulatory

regions

While much of the sequence variation is enriched in intergenic sequences of the arm-like

regions, we wanted to determine whether this variation differentially affected genic versus

intergenic and/or regulatory sequences across the genome. Based on our remapped annotations

(see Methods, LiftOff (Shumate and Salzberg 2021)), approximately 61.8% of the N2 Bristol
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genome is comprised of gene sequences, with exons and introns representing 28.6% and33.2% of
the genome, respectively. Thus, we would expect corresponding proportions of each variant type
to overlap within each annotation if variant sites were uniformly distributed across the genome.
While we did find that many SNPs and indels do overlap with gene sequences, our more detailed
enrichment analyses find that these are likely occurring within intronic sequences (Figure 2.4A
and Supplemental Figure S2.3). For all variant types, we find significant depletions in the CDS
and exon sequences of each gene. Short indels under 50 bp, display the strongest depletion from
CDS and exon sequences on each chromosome (Log>(fold) values -1.56 to -3.12). Further, we
find that SVs display a much greater depletion in the 5’ and 3’ untranslated regions relative to
CDS/exons (Log2(fold) values -.99 to -3.15; all p values < 0.05 except 5 UTRs on chromosome
II). Taken together, we find that much of the sequence variants and structural variations
overlapping with genes reside within the introns where their effects on the overall function of
genes are likely minimized.

Since each variant type displayed significant depletions in coding regions of the genome,
we then assessed whether regulatory and other intergenic sequences outside of genes were
enriched for genomic variation. SNPs and indels displayed modest depletions within regulatory
sequences such as transcription factor binding sites, promoters, and enhancers (Figure 2.4B).
SVs, however, were notably depleted at transcription factor binding sequences on every
chromosome (Log2(fold) values -0.56 to -1.93). SVs were also significantly depleted from

promoters on chromosomes / and 7 and depleted from enhancers on /, /7, IV, and V (Figure 2.4B
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Figure 2.4. Genomic variants are depleted from coding regions and enriched in TEs and
heterochromatin. A) Heatmap showing the Log2(fold) enrichment or depletion of each variant
type in genes and sub-gene annotations. B) Heatmap showing the Log2(fold) enrichment or
depletion of each variant type in intergenic regions, gene regulatory sequences, and transposons.
C) Heatmap showing the Log2(fold) enrichment or depletion of each variant type in different
chromatin profiles. ATAC-seq and ChIP-seq data were taken from germline-specific datasets and
calculated with MACS3 (see methods).

and Supplemental Figure S2.3). Thus, many of the intergenic SNPs, indels, SVs, and HDRs may

be accumulating in different regions outside of genes and their regulatory sequences.
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Genomic variation is enriched in TEs and silenced regions of the genome

To determine whether another source of intergenic variation may be occurring via TEs,
we measured the overlap of our variant dataset with our transposon annotations. We find a
consistent enrichment of each variant type in transposable element sequences. SNPs and indels
were relatively modest in their enrichment in these regions (Log2(fold) values 0.13 to 0.58, p-
values < 0.05), whereas SVs were markedly more enriched in TEs (Log2(fold) values 1.06 to
1.81, p-values < 0.05). SVs account for most of the base pairs affected by variation between the
N2 Bristol and CB4856 Hawaiian genomes, and approximately 32% of the base pairs in SVs
reside within TE sequences. Overall, large genomic variants are depleted from regulatory
sequences where gene function may be disrupted, and TE sequences are the most prone to
changes in genome structure.

Chromatin, the hierarchical organization of DNA around histone proteins, can adopt
DNA-accessible or dense inaccessible conformations to regulate gene/TE silencing versus gene
expression (Ho et al. 2014; Lawson, Liang, and Wang 2023; Rando and Winston 2012). To
assess whether specific higher-order chromatin structures influence where variants accumulate in
the genome, we measured the association of each variant type with accessible or inaccessible
chromatin regions. Chromatin can broadly be classified into accessible, transcriptionally active
euchromatin or inaccessible or silenced heterochromatic regions. When we measured the
association of each variant type with accessible regions of chromatin determined by ATAC-seq
(Serizay et al. 2020), we find that SNPs and indels are depleted from genomic regions with
accessible chromatin on each autosome (Log2(fold) values -0.49 to -1.16, p-values < 0.05;

Figure 2.4C). HDRs displayed similar patterns of depletion, whereas SVs were displayed more
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modest depletions in accessible chromatin. In contrast to the patterns observed on the autosomes,
SVs and HDRs were enriched in ATAC-seq peaks on the X chromosome (Log2(fold) values 0.77
for SVs and 1.65 for HDRs, p-values < 0.05). In summary, we find that chromatin accessibility
negatively correlates with the presence of sequence and genomic structural variation on the
autosomes.

Specific chemical modifications to histone proteins, particularly the methylation of
histone H3 lysine residues, are used to induce the accessible versus inaccessible chromatin states.
To test whether specific chromatin modifications contribute to the depletion of variants in
accessible chromatin on the autosomes, we measured how often variants overlapped with peaks
of canonical heterochromatic and euchromatic modifications. H3K4 trimethylation and H3K36
trimethylation are euchromatic modifications associated with transcribed genes in the germline
(C. L. Liu et al. 2005; Pokholok et al. 2005; Mikkelsen et al. 2007; Rando and Winston 2012; Ho
et al. 2014). In contrast, chromatin modifications like H3K9me3 and H3K27me3 mark
heterochromatic and thus transcriptionally inactive regions like transposons, silenced genes, and
intergenic regions, which all have lower DNA accessibility (Ho et al. 2014; X. Zhang et al. 2007;
Jamieson et al. 2013; Connolly, Smith, and Freitag 2013; Basenko et al. 2015; Lewis 2017).
SNPs and indels displayed the greatest depletion from H3K4me3-assciated regions (Figure 2.4C)
which often mark the promoter sequences of genes, consistent with our association data in
promoters (Figure 2.4B). SVs and HDRs displayed similar patterns of enrichment in H3K36me3
regions, and much stronger depletions in H3K4me3 peaks compared with SNPs and indels
(Figure 2.4C). Strikingly, we find a significant enrichment of all variant types in H3K27me3

marked heterochromatin. SNPs on chromosomes /7, /11, and V' (Log2(fold) values 0.71 to 0.92, p-
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values < 0.05) and HDRs on every chromosome (Log2(fold) values 0.43 to 1.45, p-values <
0.05) displayed the greatest enrichments in these silenced regions relative to indels and SVs. For
each variant type, a large fraction of the base pairs affected by these sequences overlap with
H3K27me3 heterochromatin (42.7% of HDR base pairs, 34.0% of SNPs, 32.1% of SV base
pairs, and 26.0% of indel base pairs). Taken together we find that inaccessible heterochromatic
regions of the genome, which include TE sequences, appear to accumulate genomic variation

more than coding, euchromatic regions with accessible chromatin.

Discussion

Detection and characterization of sequence variation between individuals or across
species is fundamental to our functional understanding of genomic elements and consequences of
variation. Since the first draft of the C. elegans genome was released in 1998, the highly
divergent strains N2 Bristol and CB4856 Hawaiian have been used extensively for comparative
genomics studies(C. elegans Sequencing Consortium 1998; Koch et al. 2000; Wicks et al. 2001;
Maydan et al. 2010; Andersen et al. 2012; D. Lee et al. 2021). The combined usage of short and
long read sequencing to assemble genomes and to compare them has both increased the quality
of our reference genomes as well as enhanced the genome-wide detection of sequence variants,
new genes, and new genomic regions (Yoshimura et al. 2019; C. Kim et al. 2019; B. Y. Kim et
al. 2021; Sarsani et al. 2019). In this study, we generate de novo assemblies for the N2 Bristol
and CB4856 Hawaiian C. elegans isolates from our lab lineage using short-read and long-read
sequencing. Our examination of the many types of genomic variants that arise in these diverged

strains demonstrate the role that specific sequences and their associated chromatin structures

54



have in shaping the evolution of genome structure across large timescales. Further, these
genomes will serve as additional tools for future comparative genomics studies, especially in the

functional characterization of structural variations identified through whole-genome alignments.

Highly variable arm-like domains on C. elegans chromosomes

The arm-like regions of C. elegans chromosomes exhibit a striking degree of variation
that is highly correlated with large domains of increased recombination, which is a pattern
observed in many species (Andersen et al. 2012; D. Lee et al. 2021; Kern and Hahn 2018;
Rockman and Kruglyak 2009). In C. elegans, these divergent autosomal arm-like domains
coincide with a disproportionate fraction of newer, rapidly evolving genes as compared to the
center regions of each chromosome, which house highly conserved essential genes (C. elegans
Sequencing Consortium 1998; Kamath et al. 2003). The development of new tools to detect
larger structural variations through alignment of assemblies or long sequencing reads has
revealed many SVs on the chromosomal arm-like domains (Mahmoud et al. 2019; C. Kim et al.
2019). The fact that SVs are enriched in the arm-like regions, which also display elevated levels
of recombination, is notable given the fact that large structural variants such as inversion are
typically inhibitory to recombination (Miller, Cook, and Hawley 2019). The arm-like regions of
C. elegans chromosomes are enriched for many repetitive elements, including transposable
elements, tandem repeats, and low complexity repeat sequences (C. elegans Sequencing
Consortium 1998; Surzycki and Belknap 2000). The presence of many SVs in the arm-like

regions could be due to errors in double-strand DNA break repair and heterologous
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recombination in regions adjacent to highly repetitive sequences, thereby causing chromosomal
rearrangements. Similar rearrangement events are known to contribute to many human genomic
disorders like Prader-Willy Syndrome or Charcot-Marie-Tooth disease (Carvalho and Lupski
2016; Stankiewicz and Lupski 2010). Future investigations assessing the occurrence of SVs
adjacent to highly repetitive regions and sites of homologous recombination will be invaluable in
understanding how differences in genomic organization arise between divergent lineages of C.

elegans.

An emergent role of new TE superfamilies in genomic structural variation

With regard to genomic rearrangements and their impact on genome function, renewed
attention must be given to the contribution of transposable elements and their mobility within
and between chromosomes. While Sola and Zator elements are relatively recent in theirdiscovery
within C. elegans and other eukaryotic genomes (Bao et al. 2009; Riehl et al. 2022), our data
suggests there may be many active TE copies in these families, particularly Zator elements.
Historically, much attention has been given to the impact of 7cl/Mariner transposition on
genomic architecture, but the contribution of Zator elements to changes in genome structure and
gene regulation merits further future investigation. Our analysis of TE mobility only examines
two endpoints across the long period of divergence between the Bristol and Hawaiian lineages. It
remains unclear, however, whether many of these newly characterized TEs remain active and
whether they contribute to the growing catalog phenotypic differences displayed between

laboratory lineages of Bristol and Hawaiian C. elegans.

56



The role of chromatin in shaping patterns of genomic variation

Our data shows that many SVs are enriched in silenced, heterochromatic regions of the C.
elegans genome, which supports the growing body of evidence for local variations in mutation
rates. New sequence variants and structural variations are the foundation of genome evolution.
Short sequence variants, SNPs and indels, are the most common type of genomic variant, and
studies have found that mutation rates for these short sequence variants are not equal across the
genome (Wolfe, Sharp, and Li 1989; Hodgkinson and Eyre-Walker 2011; Hardison et al. 2003).
Chromatin modifications and chromatin accessibility likely play a significant role in how
variants accumulate in structurally distinct compartments of the genome (Makova and Hardison
2015). For instance, differences in chromatin organization within somatic cancer cells can shape
local heterogeneities in the mutation rate (Schuster-Bockler and Lehner 2012). Germline variants
have much more profound impacts than somatic variants in shaping the genetic variation of
individuals between populations, and they produce lasting effects on the evolution of genome
structures within species (Yu et al. 2024). Our results suggest germline chromatin states may be
influence genome evolution, thereby serving as the foundation for future research to understand
how distinct chromatin states directly affect the specific rates at which SNPs, indels, or SVs
accumulate across the genome.

How might chromatin states and sequence context dictate where variations appear? Base
substitutions and short indels that occur naturally in regions of open chromatin may be more
likely to be repaired. DNA repair proteins and other factors that monitor sequences mismatches
are more likely to eliminate new mutations and variants if the region is physically accessible

(Prendergast et al. 2007).Further, we found an abundance of variant sites nested within TE
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sequences, which also reside in heterochromatic domains. In the case of TEs, one hypothesis for
this enrichment is that the accumulation of variants in in TEs could be protective of genome
integrity. TE insertion into genes or regulatory sequences can be highly disruptive, and there are
multiple mechanisms to silence their mobility to protect genome integrity (Lawson, Liang, and
Wang 2023). For example, an enhanced mutation rate in TEs provides an alternative method to
silence their movement since mutations could disrupt TE excision (Lohe, De Aguiar, and Hartl
1997). TE sequences, therefore, could be more likely to accumulateboth small sequence variants
as well as structural variations. Taken together, the landscape of chromatin states that silence
specific genes or TEs is likely contributing to patterns of sequence divergence and changes in

genome structure.

Conclusion

In summary, our de novo generation of long-read genome assemblies for both N2 Bristol
and CB4856 Hawaiian isolates has revealed a large extent of genomic variation and potential
mechanisms that lead to these changes. Our findings suggest that heterochromatic regions of the
genome are uniquely susceptible to give rise to many small and large genomic variants. These
silenced regions of the genome are likely strong contributors to the large-scale differences in
genome structure between individuals and across populations and may underpin a greater
proportion of the phenotypic plasticity and genetic variation than previously appreciated. In
conclusion, we generated and characterized new reference genomes of different wild-type

isolates of C. elegans to comprehensively detect sequence variations, which revealed how
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different chromatin states and the extent in which TEs contribute to the evolution of genome

structure.

Methods
C. elegans culture and sucrose floatation

The N2 Bristol and CB4856 Hawaiian strains of C. elegans were grown at 20°C on
standard NGM agar plates seeded with the OP50 strain of E. coli as a food source. To minimize
bacterial contamination in downstream gDNA sample preps, we performed sucrose floatation on
pooled populations of each isolate. Worms were washed from plates with 8mL cold M9 buffer
and transferred to 15mL glass centrifuge tubes using a glass Pasteur pipette. Collected worms
were centrifuged at 3000rpm at 4°C and washed in 4mL of fresh M9 twice. To separate worms
from bacteria and other debris, 4mL of 60% sucrose solution was added to 4mL of M9 buffer
and worms and vortexed briefly. The mixture was then spun at 5000 rpm at 4°C for 5 minutes.
Using a glass pipette, the floating layer of worms were transferred to a new glass centrifuge tube
on ice and brought up to 4mL in fresh M9. Worms were then incubated at room temp for 30
minutes and gently vortexed every 5 minutes. Worms were washed three times in equal volume
of fresh M9 were performed before storing collected worms in M9 at 20°C before genomic DNA

(gDNA) extraction.

Long-read and short-read sequencing
Genomic DNA was extracted from worms using the Qiagen DNeasy Blood and Tissue

Kit. Sequencing was performed on pooled populations of N2 and CB4856 after reducing
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bacterial contamination by sucrose float for each strain. For PacBio long-read sequencing, library
preparation was performed on pooled populations of worms for each isolate by the University of
Oregon’s Genomics and Cell Characterization Core Facility and sequenced on the Sequel 11
system. Raw PacBio subreads were then refined into circular consensus sequencing (CCS) and
assessed for read accuracy (Supplemental Figure 2.1). CCS reads were then used for all further
applications. For Illumina short-read sequencing, library preparation was performed on pooled
populations of worms for each isolate by the University of Oregon’s Genomics and Cell
Characterization Core Facility. The short-read libraries were then sequenced on an Illumina

HiSeq4000 (2 x 150 bp).

Long-read genome assembly and short-read refinement

PacBio long-reads were aligned to the E. coli genome using BWA (Li and Durbin 2009)
(version 0.7.17), and reads that aligned to the bacterial genome were removed. De novo genome
assembly was performed for N2 Bristol and CB4856 Hawaiian using Canu (Koren et al. 2017)
(version 1.7). To refine the long-read assemblies, short reads from each isolate were aligned to
their respective long-read assembly using BWA-MEM (version 0.7.17). Aligned reads in SAM

format were sorted and converted to BAM format using SAMtools (Li et al. 2009). Using Picard

(https://broadinstitute.github.io/picard/), read groups were added via AddOrReplaceReadGroups,
and duplicate reads were filtered using MarkDuplicates. Some bases may have been inaccurately
called due to lower sequencing coverage, larger error rate in PacBio sequencing, or
predominating alleles present in the population of each isolate that could be revealed by greater

sequencing depth afforded by Illumina sequencing. GATK’s HaplotypeCaller (McKenna et al.
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2010) and Freebayes (Garrison and Marth 2012) were utilized to generate VCF files representing
potentially inaccurate sites in each initial assembly. Coverage thresholds were manually
determined using the Integrative Genomics Viewer (IGV) for each assembly(Robinson et al.
2011). Sites were filtered according to manual values using VCFtools (Danecek et al. 2011;
Danecek and McCarthy 2017)). Error correction was performed on single-nucleotide alleles
using BCFtools consensus (Danecek and McCarthy 2017) and alternate indel alleles. After
filtering potential sites by sequencing depth thresholds determined for each chromosome, this
left 4,237 and 36,145 corrections for the N2 Bristol and CB4856 Hawaiian genomes,
respectively. Of these sites, less than 0.7% were unable to be resolved, and all of these were

short indels comprising less than 0.001% of each genome.

Assessing genome assembly completeness

To determine whether any assembly artifacts remained after polishing, sequencing reads
from each genome were then re-aligned to their respective, completed genome assembly. No
significant losses in read alignment or coverage were observed. To further assess the quality and
completeness of our N2 Bristol and CB4856 Hawaiian assemblies, we used BUSCO (Simao et

al. 2015; Manni et al. 2021). BUSCO was run in a Docker container

(https://busco.ezlab.org/busco_userguide.html) in genome mode. For each assembly, the quality
and presence of expected orthologous genes was checked against the nematoda and metazoan

lineage databases.
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SNP and indel Calling in N2 and CB4856 assemblies

[llumina short reads from the N2 Bristol and CB4856 Hawaiian genome were trimmed
using Trimmomatic (Bolger, Lohse, and Usadel 2014) to remove adapter and barcode sequences.
The trimmed CB4856 reads were then aligned to the N2 Bristol reference genome using BWA-
MEM so that SNPs and indels present between N2 Bristol and CB4856 Hawaiian could be
identified. All resulting variant positions comparing our N2 Bristol and CB4856 Hawaiian
genomes are in relation to the N2 Bristol assembly. Aligned reads in SAM format were then
sorted using SAMtools (Li et al. 2009) and converted to BAM files. Using Picard read groups
were added via AddOrReplaceReadGroups, and duplicate reads were filtered using
MarkDuplicates as described above. BAM files with filtered duplicate reads were used to call
variants using a combination of GATK HaplotypeCaller, Freebayes, and BCFtools. The three
resulting VCF files containing SNPs and indels were then concatenated, further filtered for
duplicate sites and low-quality variants, and sorted using BCFtools. SNPs with QUAL scores of
30 or greater, a minimum of 10 variant reads, and a minimum of 30 total, high-quality reads were

retained.

Calling Structural Variants using whole-genome alignments

All assembly-to-assembly alignments were performed using Minimap2 (Li 2018). SyRI
(Goel et al. 2019) was then used to parse the resulting SAM files and call structural variants and
highly divergent regions (Structural rearrangements were plotted with the aid of Plotsr within the
SyRI package. “NOTAL” or non-alignable regions in each genome were retained as SVs. To

acquire NOTAL regions in each query genome, the Minimap2 alignment was repeated with the
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original reference and query genomes swapped. The sizes of HDRs depicted in Tables 1-3 are
sizes relative to the reference genome in each comparison (i.e. N2 Bristol in Table 2.1). HDRs
called by SyRI represent regions of pairwise alignment between reference genome assemblies
where there are multiple gaps present at the same corresponding locus in each genome. These
could be due to the presence of multiple SNPs, indels, or SVs of varying complity that each
genome acquired independently at the same site. These are distinct from “hyper divergent
regions” as seen in prior studies (Thompson et al. 2015; D. Lee et al. 2021) that use different
approaches (e.g. sliding window analyses) to measure the local density of variants in kilobase

scale regions. All SV and HDR calls from SyRI are available in Supplementary File 1.

Converting gene annotations between assemblies
We converted gene annotations from the N2 reference assembly (cel235) to our N2

Bristol and CB4856 Hawaiian assemblies. The gene annotations for the WBcel235 genome

assembly were downloaded in GFF3 format from Ensembl (http:/ftp.ensembl.org/pub/release-

105/gff3/caenorhabditis_elegans/). Unlike previously established tools that require pre-generated

chain files (James et al. 2003), Liftoff (Shumate and Salzberg 2021) can accurately remap gene
annotations onto newly generated assemblies using Minimap2 assembly-to-assembly alignments.
Rather than aligning whole genomes, Liftoff aligns only regions listed in the annotation files so
that genes may be remapped even if there are large structural variations between two genomes.
The Liftoff program was then used to remap annotations between the WBcel235 assembly onto

each new genome assembly for N2 Bristol and CB4856 Hawaiian.
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Testing the association of variant sites in gene annotations and chromatin profiles
For each chromosome, to determine whether SNPs or indels were enriched within gene
annotations, fold enrichment analyses were performed using the genomic association tester

(GAT) (Heger et al. 2013) tool (https://github.com/AndreasHeger/gat.git). The observed

enrichment of each variant type in gene annotations was compared to overlaps in simulated
distributions SNPs or indels. Simulated distributions were created using 20,000 iterations
whereby each variant type was randomly and uniformly distributed across each chromosome.
SNPs and indel distributions were compared against intergenic, gene, intron, exon, and UTR
annotations. Comparing the observed enrichment to the simulated distributions, statistical
significance was assigned to the observed fold enrichment with p-values calculated from a
hypergeometric test calculated within GAT.Per-chromosome BED files for SNP intervals were
created from their original VCF using AWK. Per-chromosome BED files for indel intervals were
calculated using a custom script. The GFF3 formatted annotations generated via liftoff were then
broken down by chromosome, gene, exon, and UTR regions. Because intron regions were not
explicitly written into each GFF3 file, they were calculated using BEDtools (Quinlan and Hall
2010). First, a joint BED file containing the UTR and exon regions were made using awk and
sorted first by chromosome then by position. Using BEDtools these intervals were combined,
and intronic regions were calculated by finding regions in gene intervals not covered by either
UTR or exons. Intergenic spaces on each chromosome were calculated with the gene BED files
and chromosome sizes as inputs. Germline ChIP-seq (NCBI BioProject PRINA475794) and
ATAC-seq (NCBI Gene Expression Omnibus accession GSE141213) data were aligned to the

N2 genome and peaks were called in MACS3 (Feng et al. 2012) using parameters as previously
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described (Tabuchi et al. 2018; Serizay et al. 2020). Germline-specific genomics datasets were
chosen as mutations and variations that arise in the germline are more likely to persist through

development and fix in larger populations (Yu et al. 2024).

Transposable Element Identification and Tracking

The TransposonUltimate pipeline was run for both our N2 Bristol and CB4856 Hawaiian
genome assemblies. MUST and SINE finder were run independently and integrated into the
filtering steps of the pipeline manually. Additionally, we added LTR retriever to the TE
identification ensemble to supplement LTR harvest and LTR finder. TE sequences that
overlapped with SNPs were identified using BEDtools. CB4856 Hawaiian SNPs were applied to
corresponding N2 Bristol TE sequences, and these sequences were cross-referenced with the
original TransposonUltimate output for CB4856 Hawaiian for matches. Unique polymorphic TE
sequences found in both genomes were then assessed for translocation events by examining
genomic start coordinates in each genome. Utilizing whole-genome alignments for each
chromosome, TEs were predicted to have moved if starting coordinates for each TE pair were

did not correspond to relative changes in coordinates due to alignment.

Data Availability Statement
The PacBio long-read and the Illumina short-read data generated in this study have been
submitted to the NCBI BioProject database (https://www.ncbi.nlm.nih.gov/bioproject/) under

accession number PRINA907379. Code for our transposon annotation and tracking method can
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be found on github (https://github.com/libudalab/transposon-tracking).All custom scripts are

available upon request. Strains are available upon request.
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BUSCO Assessment Results
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Supplemental Figure S2.1. BUSCO analysis of the N2 Bristol and CB4856 Hawaiian genome
assemblies. The presence of orthologous genes from metazoan and nematode lineages are shown
for each genome assembly. Each orthologous gene analyzed is depicted as either Complete (C,
blues), Fragmented (F, yellow), or Missing (M, red). Complete orthologs are then further
categorized as single-copy (S, light blue) or duplicated (D, dark blue).
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Supplemental Figure S2.2. Test of association results analyzing the overlap of CB4856
Hawaiian SNPs, indels, and SVs with arm-like versus center chromosome domains. A) Heatmap
showing the fold enrichment of each variant type within each region for each chromosome. B)
Heatmap of p-values associated with corresponding fold enrichments shown in panel A
calculated by the hypergeometric test.
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Supplemental Figure S2.3. Statistical significance of variants enriched/depleted in sequence
annotations and chromatin profiles. A) Heatmap showing the p-values corresponding to
enrichment or depletion of each variant type in genes and sub-gene annotations. B) Heatmap
showing the p-values corresponding to enrichment or depletion of each variant type in intergenic
regions, gene regulatory sequences, and transposons. C) Heatmap showing the p-values
corresponding to enrichment or depletion of each variant type in different chromatin profiles. All
p-values listed as 0.0 are < 0.001.
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Bridge to Chapter 3

In chapter 2, I demonstrated the effectiveness of using de novo genome assembly and
comparisons between reference genomes assembled via the same methods in identifying the
global distribution of genomic variation. By leveraging the use of genetically divergent
populations within the same species, our studies show that the majority of variant sites between
diverged populations are SNPs and indels, but SVs (though much fewer in number) affect the
most base pairs by far. Further, we demonstrate a role for chromatin accessibility, modulated by
specific chemical modifications to histones, in regulating the accumulation of these large
genomic SVs and other variants. These studies demonstrate how specific chromosome structures
affect the accumulation of variation over tens of thousands of years of geographical isolation and
genetic divergence. While this work gives us insight into how natural populations undergo
genetic drift, we can also learn something about the mechanisms that regulate genome function
by comparing the genomes of different laboratory lineages of wild type model organisms. Labs
passaging many generations of model organisms have shown both phenotypic divergence and
genomic divergence at smaller scales, but the genomic divergence has yet to be explored at a
genome-wide scale. In chapter 3, I explore the extent to which laboratory domestication and
cultivation of Bristol and Hawaiian C. elegans leads to the accumulated SNPs, indels, and SVs in

different genomic regions.
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CHAPTER 3: ACCUMULATED GENOMIC VARIATION BETWEEN LABORATORY

LINEAGES OF WILD TYPE C. ELEGANS

Introduction

DNA mutations are a source of genetic variation and the prerequisite for many
evolutionary processes acting on populations. In the human genome, the rate and prevalence of
single nucleotide polymorphisms (SNPs) is the highest, followed by small insertions/deletions
(indels, < 50bp) and structural variants (SVs, = 50bp), respectively (The 1000 Genomes Project
Consortium 2012; Nesta, Tafur, and Beck 2021). Mutations, whether they affect one, thousands,
or millions of base pairs, can have profound impacts on the development, health, and survival of
individuals (Stankiewicz and Lupski 2010; Gagliano et al. 2019). Combining modern DNA
sequencing technologies with the use of model organisms has greatly enhanced our detection and
understanding of how genomic variation in the contexts of both developmental and evolutionary
biology.

Model organisms used in labs are also subject to the same processes of mutation and
evolution. Genetic drift and repeated selection for desirable phenotypes in model organisms can
result in lab-to-lab variation in the genetic background of wild type strains. Studies in bacteria,
yeast, plants, and vertebrates demonstrate that laboratory cultivation of model organisms leads to
the accumulation of genomic variation with functional consequences on processes like
metabolism and reproduction (Yalcin et al. 2004; Guryev et al. 2006; Alonso-Blanco et al. 2003;
Bentsink et al. 2006; Daranlapujade et al. 2003; Bradley et al. 2016). Notably, some inbred lines

of mice have significant differences in their mutation rate (Chebib et al. 2021; Uchimura et al.
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2015). Thus, studies into how genetic variation between different lineages of laboratory wild
types affects the practice and interpretation of research is required.

Much of the existing work characterizing genetic variation between wild type strains
focuses on the accumulation of SNPs and indels (Daranlapujade et al. 2003; Carreto et al. 2008;
Y. Wang et al. 2018; Guryev et al. 2006). In contrast, the extent and impact of large genomic
SVs between the genomes of laboratory lineages of wild type models remains underappreciated.
Current long-read sequencing technologies have greatly aided the detection of SVs in humans
and revealed that SVs between human populations affect many more base pairs than SNPs and
indels (Hurles, Dermitzakis, and Tyler-Smith 2008; Sudmant et al. 2015; Sedlazeck et al. 2018).
Large genomic SVs could pose disruptions to daily research practices if, for example, thousands
of bases have been deleted or rearranged in an area targeted by PCR or CRISPR. Further, SVs
are known to disrupt gene expression and lead to disease phenotypes such as cancer (Hurles,
Dermitzakis, and Tyler-Smith 2008; Stankiewicz and Lupski 2010; Sakamoto et al. 2021).
Knowing that disruptive SVs are likely accumulating in laboratory model organisms requires a
more comprehensive analysis of genomic variation between laboratory model systems.

Caenorhabditis elegans is an excellent model organism to study the accumulation of
mutations in laboratory model organisms. Most C. elegans researchers use the N2 Bristol isolate
as the canonical wild type since it was first isolate established and extensively characterized in a
laboratory setting by Sydney Brenner in the 1970s (Brenner 1974; Sulston and Brenner 1974).
As a point of comparison to N2, many labs also use the CB4856 Hawaiian isolate to study
genomic variation, recombination, and evolution. (J Hodgkin and Doniach 1997; Koch et al.

2000; Wicks et al. 2001; Rockman and Kruglyak 2009; Thompson et al. 2015; Crombie et al.
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2019). While the remarkable sequence diversity between the N2 Bristol and CB4856 Hawaiian
wild types has been the focus of C. elegans genomics studies, recent work on germline mutation
rates, however, suggest that considerable genetic variation has also accumulated within the N2
Bristol strain since laboratory domestication (Denver et al. 2009). The germline rate of mutation
accumulation is 2.7 x 10 mutations per site per generation (Denver et al. 2009) and the
generation time is approximately three days. Depending on how often labs return to frozen
stocks, each laboratory N2 lineage alone may have accumulated up to ~1,500 single nucleotide
mutations since the 1970s and nearly 790 potential mutations since the first genome was
published in 1998 (C. elegans Sequencing Consortium 1998). Notably, this predicted variation
does not include the accumulation of multi-nucleotide indels and genomic SVs. While isolated
examples of genomic variation in N2 between labs has been documented, a modern genome
wide analysis has yet to reveal the full extent of genetic drift between labs.

The genomes of N2 Bristol and CB4856 Hawaiian that are currently in individual labs
likely carry considerable genomic variation relative to other labs isolates. Previous studies using
earlier genome assemblies have identified many segmental duplications between lab lineages of
C. elegans wild type strains (Vergara et al. 2009) as well as duplications ranging in size from
200bp to 108kb that affect as many as 26 genes (Vergara et al. 2009). This variation may
underpin phenotypic variation as well as previous work that has shown the lifespans of
laboratory N2 Bristol isolates varies between 12-17 days (Gems and Riddle 2000). Further, prior
research suggest that inter-lab genetic variation in wild type backgrounds also contributes to
differences in reproduction, feeding, sensory signaling, and social behaviors with likely impacts

on experimental outcomes (Sterken et al. 2015; Andersen et al. 2014; Duveau and Félix 2012;
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Weber et al. 2010; McGrath et al. 2009). Given the growing evidence for phenotypic divergence
between canonical wild type C. elegans, it is increasingly important to understand the underlying
genomic changes that lead to these differences. Thus, high-quality lab-specific reference
genomes are an important tool to understand how genetics influences the phenotypes and
processes studied by different laboratory groups.

Recently, several labs produced de novo genome assemblies for their lineages of the
Bristol and Hawaiian isolates using a combination of Illumina, PacBio, and Oxford Nanopore
platforms (Yoshimura et al. 2019; Kim et al. 2019). Compared to the previous short-read based
assemblies of N2 Bristol, the new assembly of N2 Bristol, called VC2010, identified 53 more
predicted genes, 1.8Mb of additional sequence, and eliminated 98% of existing gaps in the N2
Bristol genome. Thus, the overall structure of the VC2010 Bristol genome very likely better
represents the genome of Bristol C. elegans currently used in laboratories worldwide (Y oshimura
et al. 2019). In 2019, the first de novo CB4856 Hawaiian assembly from long-read sequencing
extended the length of the Hawaiian genome, and was further able to characterize over 3,000
previously uncharacterized SVs (Kim et al. 2019). Having multiple long-read assemblies of the
Bristol and Hawaiian isolates from different labs provides the first opportunity for a modern
analysis of not only SNPs and indels, but previously uncharacterized SVs as well.

To determine the extent of genetic variation between our laboratory lineages of N2
Bristol and CB4856 Hawaiian, we compared the Bristol and Hawaiian genome assemblies from
our lab (discussed in Chapter 2) to the VC2010 Bristol (Yoshimura et al. 2019) and Kim CB4856
Hawaiian (Kim et al. 2019) genomes, respectively. We identified SNPs, indels, and SVs unique

to the wild type strains in each lab. Between the different lab lineages of the Bristol strain, we
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identify over 2.01 megabases of genomic variation. When comparing lab lineages of the CB4856
Hawaiian isolate, we identify over 6.92 megabases of sequence variation. Notably, more than
99% of the total genomic variation between lineages of each isolate is due to SVs. We find that
SNPs, indels, and SVs were enriched in intergenic regions of the C. elegans genome, suggesting
that variations in regulatory sequences and other non-coding regions may underlie the
phenotypic variances previously observed between laboratory strains. Taken together, our
systematic analysis of genetic variation between natural and laboratory wild type isolates
highlights the impact of large structural variants and other chromosomal rearrangements

accumulating in the genomes of laboratory model organisms.

Results
Genome divergence between laboratory lineages of the Bristol isolate

To assess how much genetic variation may exist between lab lineages of the most utilized
wild-type strain N2 Bristol, we compared our N2 Bristol genome to VC2010 Bristol. Both
Bristol assemblies were constructed from PacBio long reads, so we expect much of the structure
of these genomes to be highly similar within alignable regions. An examination of synteny,
colinear stretches of highly homologous DNA, indicates how well conserved the sequence and
overall structure is between to genomes. We expected that examining whole-genome alignments
to previously validated long-read assemblies would reveal a large degree of synteny and
similarity, and whole genome alignments between the two N2 Bristol lineages revealed that
99.9% of bases were alignable and 99.3% of bases were syntenic (Table 3.1). To detect short

sequence variations, we used Illumina short read alignments and identified 1,162 homozygous
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SNPs and 1,528 homozygous indels. Further examination of our whole genome alignments
revealed approximately 2.01Mb of genomic SVs. In total, over 2.07Mb were affected by SNPs,
indels and SVs, with 99.7% of this sequence divergence due to structural variations (Table 3.1).
Highly divergent regions (HDRs) identified between laboratory strains represent regional
clusters of variants that create multiple gaps in pairwise alignments within regions of synteny
(Goel et al. 2019). These can be due to the presence of multiple SNPs, indels, or SVs acquired
independently by each genome at the same corresponding locus. While highly divergent regions
have been observed (and defined differently) between wild populations of C. elegans (D. Lee et
al. 2021; Thompson et al. 2015), we were also able to identify over 404kb of sequence as HDRs
between these two laboratory Bristol lineages (Table 3.1). Overall, while the majority of DNA
sequence is conserved between laboratory lineages of the N2 Bristol isolate, approximately 2%
of the genome differs by large insertions, deletions, and rearrangements over 50 base pairs in
length between the two lab lineages.

We then wanted to assess the global distribution of SNPs, indels, and SVs on each
chromosome between the Bristol genome assemblies for the two lab lineages. SNPs, indels, and
SVs in the Bristol genome are present in high numbers on the terminal megabases of each
chromosome (Figure 3.1A-C). We did, however, find multiple 500kb regions with highly
elevated SNP counts in the centers of chromosomes 7V, V, and the X chromosome (Figure 3.1A).
In contrast, only one 500kb region in the center of chromosome /" showed a much higher
accumulation of indels (Figure 3.1B). We identified more than 100 SVs on each chromosome

except on chromosome /7 (Table 3.1). SVs appeared to cluster on the terminal thirds of
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Table 3.1 Comparisons between the DLW N2 Bristol genome and VC2010 Bristol genome

Chromosomes
Total
1 17 a1 v V X
DLW N2
Bristol
Chromosome 15,114,068 | 15,311,845 | 13,819,453 | 17,493,838 | 20,953,657 | 17,739,129 100,431,990 bp
Length (this
study)
VC2010 Bristol
Chromosome
Length 15,331,301 | 15,525,148 | 14,108,536 | 17,759,200 | 21,243,235 | 18,110,855 102,078,275 bp
(Yoshimura et
al., 2019)
DLW N2
Bristol Bases 15,108,942 | 15,310,622 | 13,819,294 | 17,492,076 | 20,852,291 | 17,738,432 100,321,657 bp
. (99.89%)
Aligned
o -
7o Syntenic 98.83 99.83 99.47 99.12 99.05 99.50 99.28
Aligned Bases
SNPs* 169 124 164 209 280 216 1,162
Indels* 150 261 210 262 378 267 1,528 (3,465 bp)
SVs 113 134 83 228 175 164 897 (2,010,282 bp)
HDRs 8 14 10 21 24 11 88 (406,737 bp)

* All variants listed are only those for which the VC2010 Bristol genome was homozygous

each chromosome, where there are multiple instances of SVs 1-10kb in size (Figure 3.1C).

Among these SVs, we identified two inverted duplications (5.4kb and 12.9kb on chromosomes

Il and V, respectively) and 39 simple inversions. Four of these inversions are over 29kb in size

and account for 11.6% of all structural variation between our N2 Bristol and the VC2010 Bristol

genomes. In summary, the distribution of variation on each chromosome is largely in the

terminal domains, which resembles the broad pattern of variation observed when comparing

Bristol and Hawaiian genomes (Chapter 2, Figure 2.1 and Supplemental Figure S2.2). There are,
however, multiple punctuated regions of substantial sequence and structural variation in the gene

dense centers of some chromosomes.
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Figure 3.1. Genomic variation between the DLW N2 Bristol genome and the VC2010
Bristol genome. (A-B) Histograms depicting the distribution of DLW N2 Bristol SNPs and
indels across each VC2010 Bristol chromosome in 500kb bins. All SNPs and indels represented
include those that are both homozygous and heterozygous in the Libuda Bristol population. (C)
Scatterplots showing the genomic position of SVs with the log-scaled size of each SV on the y-
axis. Ticks above axes further indicate the genomic coordinates of each SV. (D) The proportions
base pairs affected by DLW N2 Bristol SNPs, indels, and SVs that overlap with intergenic
regions versus genes of the VC2010 Bristol genome.
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Given that the accumulation of SNPs, indels, and SVs has the potential to disrupt the
expression of genes, we next assessed how much sequence divergence overlapped with gene
versus intergenic regions. For SNPs, indels, and SVs, most of the base pairs affected by these
variants (55%, 63%, and 61%, respectively) overlapped with gene annotations on chromosome /.
SVs on chromosome /) also overlapped with approximately 52% of genes (Figure 3.1D). For
SNPs and indels, relatively fewer base pairs affected by these variants overlapped with genes
(SNPs: 14.3-40.2%; indels: 21.2-45.2%) on the other autosomes and the X chromosome.
Chromosomes /I and the X chromosome had remarkably fewer SVs compared to /, 17, IV, and V.
Only 10.4% and 11.5% of base pairs affected by SVs on chromosomes // and the X chromosome
overlapped with gene sequences. Taken together, much of the genetic variation between lab

lineages of the Bristol isolate is intergenic except for chromosome /1.

Intergenic enrichment of Bristol genomic variation on the chromosome arms

To determine if SNPs, indels, and SVs are also enriched in the terminal domains of each
chromosome, we performed permutation and enrichment analyses of variants in these regions.
When comparing the Bristol and Hawaiian wild isolates to each other, much of the genetic
variation is enriched in the “arm” like domains of each chromosome (Thompson et al. 2015; C.
Kim et al. 2019; D. Lee et al. 2021; Andersen et al. 2012). Given the shorter divergence time
between laboratory lineages of the Bristol wild type, we wanted to confirm whether these
lineages accumulated variation in the same pattern. Our broad findings demonstrate that SNPs,
indels, and SVs are enriched on the arms of each chromosome (Figure 3.2A-B). We find SNPs

were 1.2 to 1.5-fold enriched in the arm-like regions of chromosomes /, 17, 111, and V (p-values
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Figure 3.2. Intergenic enrichment of N2 Bristol variants. GAT interval-association test results
analyzing the overlap of DLW N2 Bristol SNPs, indels, and SVs with remapped VC2010 Bristol
genome annotations. A) Heatmap showing the fold enrichment of each variant type within gene
annotations for each chromosome. B) Heatmap of p-values associated with corresponding fold
enrichments shown in panel A calculated by the hypergeometric test.
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<0.01). Indels, however, were concentrated in the arm-like regions of every chromosome with
fold enrichments ranging from 1.2 to 1.5 (p-values < 0.05). While SVs were 1.2 to 2.2-fold
enriched (p-values < 0.05) in the arm-like regions of each chromosome, this enrichment was only
significantly higher than expected by null distributions on chromosomes 7, 7V, and the X
chromosome (Figure 3.2A-B). Further, highly divergent regions between Bristol lineages were
1.6-fold enriched on the arm-like regions of chromosome /7 and the X chromosome (p-values <
0.05), while displaying significant 1.8 to 2.1-fold enrichments in the center regions of
chromosomes /, IV, and V (p-values < 0.01). Thus, while much of the variation is in the arms of
each chromosome, and examination of HDRS, which represent high density clusters of variation,
are enriched in the gene dense centers of some chromosomes.

Finally, we also wanted to confirm whether the variant sites we detected between lab
lineages of the Bristol isolate were depleted from genic regions. Between the two Bristol
lineages, SNPs and indels were all significantly depleted from genes and sub-gene annotations,
particularly exons/CDS annotations (SNPs: 0.14 to 0.37-fold, indels: 0.01 to 0.43-fold; p-values
< 0.001) on every chromosome. SVs were significantly depleted from exons on every
chromosome except 77 (0.01 to 0.76-fold, p-values < 0.05), on chromosomes (Figure 3.2A-B).
Although HDRs were enriched in intergenic regions on chromosomes /, 11, II1, and IV (1.1 to
3.2-fold, p-values < 0.001), a more careful examination of HDRs on chromosome } showed they
are moderately enriched in exons and CDS annotations (1.3 and 1.4-fold, respectively; p-values
< 0.05). Taken together, the 2.07 megabases of genomic variation between laboratory Bristol

lineages is largely concentrated in non-coding intergenic regions of each chromosome.
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Exceptionally dense genomic variation between CB4856 Hawaiian lineages

We then wanted to comprehensively analyze the genomic variation between lineages of
the CB4856 Hawaiian wild isolate, which was discovered in 1978 (J Hodgkin and Doniach
1997) and used for comparative genetic studies. Due to differences in usage and generations
passaged in labs, there may be differences in the magnitude of divergence relative to
comparisons of the N2 Bristol lineage. Analysis of our CB4856 Hawaiian genome versus the
Kim CB4856 Hawaiian genome showed that 96.1% of bases were alignable, with 92.3% of bases
in syntenic alignments (Table 3.2). This proportion of syntenic alignments is approximately 7%
lower than when comparing N2 Bristol genomes (Table 3.1, Table 3.2). Chromosomes /V and V'
display the lowest amount of synteny between laboratory lineages, with only 89.28% and
89.24% synteny, respectively. Thus, the genomes of the CB4856 Hawaiian strains present in labs
likely harbor a greater degree of genomic variation than N2 Bristol lineages.

Our CB4856 Hawaiian lineage compared to the Kim CB4856 Hawaiian assembly
revealed a greater number of base pairs affected by variation than comparisons between
laboratory lineages of N2 Bristol. Small sequence variants were present at lower amounts across
the whole genome, as we identified 541 homozygous SNPs and 1,298 homozygous indels (Table
3.2). SVs, however, were much more prevalent between Hawaiian genomes in contrast to N2
Bristol lineages. Our whole genome alignments allowed us to detect 2,070 structural variants that
affect approximately 6.92 megabases of the genome (Table 3.2). Notably, approximately 66% of
this structural variation is due to unique regions in either genome that cannot be aligned to each

other (hereafter abbreviated as “NOTALSs”). NOTAL regions are highly divergent with many
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Table 3.2 Comparisons between the DLW CB4856 Hawaiian genome and Kim CB4856
Hawaiian genome

Chromosomes
Total
I I I I 4 X
DLW CB4856
Hawaiian
Chromosome 15,045,644 | 15,257,363 | 13,206,755 | 17,183,882 | 20,547,529 | 17,584,915 98,826,088
Length (this
study)
Kim CB4856
Hawaiian
Chromosome 15,528,896 | 15,813,191 | 14,110,336 | 17,985,219 | 21,389,866 | 18,073,349 102,900,857
Length (Kim et
al., 2019)
DLW CB4856 95.034.331
Hawaiian 14,620,886 | 14,680,704 | 12,451,582 | 16,482,840 | 19,427,050 | 17,371,269 P
. (96.16%)
Bases Aligned
S >
7o Syntenic 94.91 92.38 93.01 89.28 89.24 96.10 92.32
Aligned Bases
SNPs* 60 52 71 108 135 115 541
Indels* 240 190 175 242 238 213 1,298 (2,157 bp)
SVs 148 274 194 626 660 168 2,070 (6,923,335 bp)
HDRs 19 70 25 100 144 12 370 (3,327,407 bp)

* All variants listed are only those for which the Kim CB4856 Hawaiian genome was
homozygous

gaps in pairwise alignments that often contain many tandem repeats and low-complexity
sequences problematic for sequence alignment (Terresen et al. 2019). Thus, roughly 2.31
megabases of genomic SVs between laboratory lineages of the Hawaiian strain can be attributed
to large deletions, insertions, and rearrangements that can be accurately mapped by pairwise
alignments. This magnitude of base pairs affected by SVs is similar what we observed in Bristol
lineages (2.31 Mb vs 2.01 Mb, Table 3.1 vs Table 3.2). Further, over 3.3 Mb of variation in each
Hawaiian genome can be categorized as HDRs, indicating many more punctuated regions of
dense sequence divergence. Taken together, we identified more total variation between genome

assemblies of the Hawaiian isolate than genomes of the Bristol isolate.
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We then analyzed the genomic distribution of SNPs, indels, and SVs on each
chromosome between the two CB4856 Hawaiian lineages. Our analysis found that SNPs, indels,
and SVs tend to accumulate on the terminal domains of each chromosome (Figure 3.3A-B).
Similar to comparisons between N2 Bristol lineages, we note multiple 500kb regions in the
centers of chromosome /}" and the X chromosome with elevated levels of small sequence variants
(Figure 3.1A-B, Figure 3.3A-B). SVs in CB4856 Hawaiian are much more prevalent on
chromosomes /V and V relative to other chromosomes (Table 3.2, Figure 3.3C), and they appear
to follow a similar distribution pattern as SNPs and indels. Further, we find a greater proportion
of SVs in the Hawaiian genome that are ten to hundreds of kilobases in size relative to SVs in the
Bristol genome (Figure 3.3C). When we assessed how often SNPs overlapped with genes, we
noted a markedly low count of these variants in coding regions compared to observations in the
N2 Bristol lineages (Figure 3.3D). Only 1.9-8.7% of SNPs overlapped with gene annotations in
the CB4856 Hawaiian lineages. In contrast, indels were present at greater levels in genes, which
ranged from 16.7% on the X chromosome up to 37.7% on chromosome /. Notably, SVs
displayed the highest overlap with gene annotations. Similar to indels, base pairs affected by SVs
were least overlapped with genes on the X chromosome (23.9%). Most bases encompassed by
SVs on chromosomes /, /11, and IV, however, did overlap with coding regions (67.3%, 55.2%,
and 50.7%, respectively). In summary, much of the genomic variation between laboratory
lineages of the CB4856 Hawaiian isolate is due to structural variation, in which many overlap

with genes on multiple autosomes.
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Figure 3.3. Genomic variation between the DLW CB4856 Hawaiian genome and the Kim

SN
A

CB4856 Hawaiian genome. (A-B) Histograms depicting the distribution of SNPs and indels
across each Kim CB4856 Hawaiian chromosome in 500kb bins. (C) Scatterplots showing the
genomic position of SVs with the log-scaled size of each SV on the y-axis. Ticks above axes
further indicate the genomic coordinates of each SV. (D) The proportions of DLW CB4856

Hawaiian SNPs, indels, and SVs that overlap with intergenic versus gene-coding regions of the
Kim CB4856 Hawaiian genome.
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Depletion of CB4856 Hawaiian genomic variants in genic regions

We next examined the genomic distribution and enrichment of variant sites in gene
annotations of the two CB4856 Hawaiian genomes to see if the patterns of enrichment were like
the N2 Bristol lineages. All variant types on most chromosomes were enriched for variant sites in
the arm-like regions and intergenic sequences, with a few exceptions (Figure 3.4). SNPs were
only 0.84-fold depleted in the arm-like regions of the X chromosome, and indels were 0.81-fold
depleted in the arm-like regions of chromosome 7V (p-values < 0.05). In contrast, N2 lineages
SNPs were found to be randomly associated (1.0-fold) and indels are 1.2-fold enriched on the
arms of the X chromosome and chromosome 7V, respectively. In CB4856 Hawaiian lineages,
SVs were 0.64-fold depleted in the arm-like regions of chromosome 7/, and HDRs were 0.12-
fold depleted in the arm-like regions of chromosome / (p-values < 0.001). In contrast to
Hawaiian, N2 lineages showed strong depletions of HDRs on the arm-like regions (0.037 to
0.29-fold) on all chromosomes except /1.

We then examined the enrichment of all variants in intergenic versus gene sequences
between the two CB4856 genomes. Similar to N2 lineages, CB4856 Hawaiian SNPs and indels
showed significantly high enrichment in intergenic regions on all chromosomes (1.7 to 2.8-fold,
p-values < 0.001). SVs displayed a more moderate 1.2 to 1.7-fold enrichment in the intergenic
regions of all chromosomes except chromosome /7 (all p-values < 0.05). HDRs were similarly 1.2
to 1.7-fold enriched in the intergenic regions of chromosomes 7, /11, IV, V and the X
chromosome (all p-values < 0.05). Thus, laboratory lineages of the CB4856 Hawaiian isolate
follow similar patterns of genetic variation in intergenic regions of the chromosome arms as seen

in comparisons of N2 Bristol lineages.
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Figure 3.4. Non-coding variation dominates in the CB4856 Hawaiian genome. GAT interval-
association test results analyzing the overlap of DLW CB4856 Hawaiian SNPs, indels, and SVs
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enrichment of each variant type within gene annotations for each chromosome. B) Heatmap of p-
values associated with corresponding fold enrichments shown in panel A calculated by the
hypergeometric test.
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To test whether the high degree of overlap between SVs and genes on chromosomes 7,
111, and IV in the Hawaiian lineages, we tested for enrichment in sub-gene annotations. On
chromosome I, SVs were significantly depleted from untranslated regions, exons and CDS
(Figure 3.4A). Instead, SVs were enriched 1.2-fold higher than expected in intronic sequences
(p-value < 0.001). On chromosome /71, the overlap of SVs with genes is also largely observed in
introns, although this is not higher than expected by random chance (Figure 3.4A). On
chromosome 7V, we noted a moderate 1.3-fold enrichment of SVs in the 5 untranslated regions
of genes, though this is statistically insignificant in our sample size (p-value = 0.1). Overall,
while we see that SVs and HDRs are depleted from genes and sub-gene annotations our analyses
of Bristol lineages and Hawaiian lineages, we do note that the proportion of strong depletions (0
to 0.2-fold) is much higher in Bristol lineages (Figure 3.2A versus Figure 3.4A). In conclusion,
analysis of the genetic variation between respective lab lineages of the CB4856 Hawaiian isolate
revealed a striking amount of variation often present in intergenic regions and non-coding introns

of genes.

Discussion

Our examination of the inter-lab genetic drift among wild-type strains suggests that
laboratory domestication of multiple C. elegans isolates has led to the accumulation of
substantial genomic variation. Much of the variation we identified lies within non-coding
regions, but future investigation is required to determine whether any of the variants discovered
in non-coding regions or the few that reside within coding regions lead to changes in gene

function. Further, we find existence of large structural variations that could impact genomic-
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based analyses and other experimental practices such as primer design. Overall, our work
demonstrates the impact of long-term laboratory cultivation of strains in different laboratories on
the genome sequence of established wildtype isolates. Lastly, the growing number of wild type
genomes will serve as additional tools for future comparative genomics studies, especially in the

functional characterization of structural variations identified through whole-genome alignments.

Genomic divergence of laboratory wild type lineages

Earlier studies uncovering phenotypic and genetic variations between lab wild-type C.
elegans strains indicated that there are likely many underlying large-scale genomic differences
(Denver et al. 2009; Vergara et al. 2009; Gems and Riddle 2000). Here we identify numerous
SNPs, indels, SVs, and HDRs between different lab lineages of each wild isolate. The total
amount of genomic variation is at levels higher than predicted by earlier mutation accumulation
studies (Denver et al. 2009). Much of this variation, however, is due to SVs and HDRs, which
have only recently become a detailed subject of study (Thompson et al. 2015; Kim et al. 2019;
Lee et al. 2021). Our genome assemblies of the N2 Bristol and CB4856 Hawaiian strains
corroborate prior results indicating that genomic variation is enriched in the distal arm-like
regions of chromosomes between these natural isolates (Thompson et al. 2015; D. Lee et al.
2021). Evolutionary genomic analysis has shown that recombination in the arm-like regions of
each chromosome and balancing selection likely have shaped this landscape of sequence
divergence across the 30,000-50,000 generations these strains have been geographically isolated
(Thomas et al. 2015; Kern and Hahn 2018). In contrast to comparisons between Bristol and

Hawaiian genomes, we find that the distribution of variant sites across the arm-like regions
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versus center domains between lab lineages is not as striking or consistent across each
chromosome. This result could indicate that in relatively short timescales (~3,000-5,800
generations), selection for the accumulation of mutations in the arm-like regions, particularly in
noncoding regions, is not sufficient to consistently eliminate sequence divergence away from the
gene-dense chromosome centers. Further, we found that SNPs, indels, and structural variations
were highly enriched in intergenic regions when comparing the genomes of laboratory strains.
Although many of the sequence variants we identified are not directly disrupting coding
sequences, it remains possible that genetic drift in these regions is altering the function of
intergenic regulatory sequences such as promoters and enhancers. Thus, the accumulation of
disruptive genomic changes within regulatory regions in the gene-dense centers of chromosomes
may underpin many of the phenotypic differences observed in laboratory wild-type strains, such

as variance in lifespan (Gems and Riddle 2000).

Potential impacts of accumulating structural variations

We detected many structural variants ranging from one to hundreds of kilobases in size.
Although these were often in intergenic regions of the genome, this does not preclude any
possible impacts on the regulation of gene expression. Other than loss of entire genes, SVs of
this size can be particularly disruptive to gene expression by impairing long range interactions
between regulatory sequences such as promoters and enhancers (Stranger et al. 2007; Hurles,
Dermitzakis, and Tyler-Smith 2008). Further, the expression of eukaryotic genes relies on the
splicing of introns out of pre-mRNAs which is mediated by the spliceosome at specific

recognition sites (Y. Lee and Rio 2015). Large insertions, deletions, and rearrangements within
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intronic sequences of genes can potentially disrupt pre-mRNA splicing and intronic copy number
variations have been associated with variable gene expression in populations (Rigau et al. 2019).
SVs within the introns of genes have also been shown to lead to the emergence of duplicated
genes and give rise to functionally distinct paralogs (Xu et al. 2012). Therefore, the accumulation
and prevalence of non-coding SVs cannot be ignored as they may lead to significant impacts on
gene function and evolution between laboratory model systems.

Experimental practices and genomic analyses could be improved by resequencing the
genomes of labs’ wild-type strains or utilizing strains with recently published, accurate genome
assemblies. Aside from phenotypic consequences, the accumulation of undetected indels and
SVs could be inhibitory to basic molecular biology techniques such as PCR or CRISPR if the
target sequence is missing, disrupted, or rearranged. Further, large gains and losses of sequence,
which may include entire genes, would be inhibitory to DNA sequencing workflows where the
alignment of sequencing reads is necessary for downstream analyses. Researchers should ideally
be using strains or lines of their species with a reference genome that accurately reflects the
genotype of their model system. Though whole genome sequencing and genome assembly is a
costly option to resolve challenges in research stemming from genetic drift of model organisms,
there are alternatives and better practices in the maintenance of inbred lines. Our data presents a
strong argument for labs utilizing C. elegans in their research to use a lineage with a recently
published genome or frequently return to cryogenically preserved stocks of their wild type

strains.
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Are Hawaiian C. elegans lineages exceptional in their variation?

We find that the total genomic variation in CB4856 Hawaiian lineages is slightly higher
than our observations comparing N2 Bristol lineages. Although both strains passaged in labs
have underappreciated amounts of variation, largely due to SVs, the frequency of use for each
strain must be considered. By far, the N2 Bristol strain is largely the standard wild type strain for
laboratory research, and has been in use since the late 1960s and 1970s (Brenner 1974). We
expect that the CB4856 Hawaiian isolate, however, has not been maintained or passaged in C.
elegans labs worldwide at the same rate as the N2 Bristol isolate. This could lead to expectations
of lower frequencies of sequence variants between laboratory lineages of CB4856 Hawaiian.
Despite this, CB4856 Hawaiian C. elegans are a more “social” species with higher male mating
frequencies in the population in contrast to N2, which has lower frequencies of mating with
males (Wegewitz, Schulenburg, and Streit 2008). This increased mating frequency could lead to
increased heterozygosity and higher sequence divergence between Hawaiian lineages compared
to N2. Further, the Caenorhabditis Genetics Center, an international repository and distributor
of strains, returned to its 1995 working stock of CB4856 due to many labs reporting phenotypic
abnormalities into 2013 and 2014. Depending on how long each lab has passaged their lineage of
the N2 and CB4856 strains, our account of SNPs and indels could be reasonably explained by
findings in previous mutation accumulation studies (Denver et al. 2009). The rate of base
substitutions and indels in the germline do not account for SVs, though studies of human
genomes support the lower counts of SVs observed in our C. elegans genomes (Nesta, Tafur, and
Beck 2021). Why then, does there appear to be so much more genomic structural variation

between lab lineages of the Hawaiian isolate? One possible source is that the Hawaiian genome
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experienced expansion of tandemly repeated regions (which include rDNA and regions of
tandemly repeated TE sequences), which are known to mutate at much higher frequencies in
yeast and humans (Fan and Chu 2007). Analysis of tandem repeat expansion between human
individuals have shown that some tandemly repeated regions can vary in size from
approximately 159.8-441.8kb (Gondo et al. 1998). Another source of genomic structural
variation could simply be due to variability and accuracy afforded by different genome assembly
methods. Genomes assembled with Nanopore reads have successfully spanned and faithfully
represented tandemly repeat regions that can increase the genome length by hundreds of
thousands or of millions of base pairs, as is the case with C. elegans VC2010 and the recently
completed human genome (Yoshimura et al. 2019; Nurk et al. 2022). Thus, to accurately
determine the extent to which SVs account for elevated genomic variation in Hawaiian C.
elegans, or between any two genomes, future studies using genomes assembled from the same

sequencing technology will be a necessity.

Conclusion

Finally, the generation of multiple independent de novo genome assemblies for both N2
Bristol and CB4856 Hawaiian isolates provides an excellent system to study genetic drift
between laboratory model organisms. Additionally, identification and functional characterization
of polymorphic sites and structural variations present between lab lineages of N2 Bristol and
CB4856 Hawaiian may provide new insights into how pronounced phenotypic differences in the
lifespan, feeding behavior, and reproductive fitness arise in modern lab-derived strains (Gems

and Riddle 2000; Zhao et al. 2018). Future studies utilizing identical sequencing technologies
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and genome assembly methods for their comparisons will further illuminate the extent of

genomic diversity between labs and allow for functional characterization of large genomic
rearrangements. Overall, our findings here provide both evidence and a platform for future
comparative genomic studies to improve our understanding of how mutation accumulation

impacts the practice and interpretation of model organism research.

Methods
N2 Bristol and CB4856 Hawaiian genome assemblies

The Libuda N2 Bristol and CB4856 Hawaiian genomes used were previously assembled
de novo from PacBio long reads and corrected with Illumina short reads as described in Chapter
I. The VC2010 Bristol genome (European Nucleotide Archive: PRJEB28388) was previously
assembled de novo from PacBio and Oxford Nanopore long read sequencing technologies and
polished with Illumina and PacBio reads (Yoshimura et al. 2019). The Kim CB4856 Hawaiian
genome (NCBI BioProject PRINA523481) was previously assembled de novo from PacBio
sequencing reads and iteratively polished with both PacBio and Illumina reads (C. Kim et al.
2019). For subsequent variant analyses, the VC2010 Bristol and Kim CB4856 Hawaiian

genomes were used as the reference sequences.

SNP and indel variant calling in Bristol and Hawaiian genomes
To call short sequence variants, [llumina short reads from the Libuda N2 Bristol and
CB4856 Hawaiian genomes were aligned to the VC2010 Bristol genome and Kim CB4856

Hawaiian genome genomes, respectively. Sequencing adapters and barcodes were trimmed from
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raw reads using Trimmomatic (Bolger, Lohse, and Usadel 2014). The trimmed reads were then
aligned to Libuda reference genomes using BWA-MEM (Li and Durbin 2009). Aligned reads in
SAM format where coordinate sorted using SAMtools (Li et al. 2009) and converted to BAM
files. Picard was then used to assign read groups via AddOrReplaceReadGroups, and duplicate
reads were filtered using MarkDuplicates (“Picard Toolkit” 2019). BAM files with filtered reads
were used to call SNP and indel variants using GATK HaplotypeCaller (McKenna et al. 2010),
Freebayes (Garrison and Marth 2012), and BCFtools (Danecek and McCarthy 2017). The VCF
files produced from each individual program were concatenated and further filtered for duplicate
sites and low-quality variant calls using BCFtools. SNPs with phred-scaled QUAL scores of at
least 30, a minimum of 10 variant reads, and a minimum of 30 total, high-quality reads were

retained.

Whole-genome alignment and calling genomic structural variants

All assembly-to-assembly alignments were performed using Minimap2 (Li 2018) and
SyRI (Goel et al. 2019) was then used to parse SAM files to call SVs and highly divergent
regions. To acquire NOTAL regions in query genomes, Minimap2 alignments were repeated
with Libuda N2 Bristol and CB4856 Hawaiian genomes as the reference sequences. When
comparing our CB4856 Hawaiian genome to the Kim CB4856 Hawaiian genome, 89% of the
size difference in assemblies can be accounted for in the net sequence gained from Kim HDRs
and unique NOTAL structures. NOTAL structures and gap-adjacent sequences in the Kim
Hawaiian genome are 1.5 to 1.6-fold enriched for low complexity sequences (e.g. “homopolymer

runs” of at least 4 consecutive identical bases) and repeat sequences. These regions and sequence
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contexts are challenging for genome assembly and likely contribute to the megabase-scale
difference in assembly sizes. Further differences can be ascribed to the much greater read length
afforded by Nanopore sequencing, which can be especially helpful in assembling tandemly

repeated regions spanned by ultra-long reads (Jain et al. 2018).

Converting gene annotations between assemblies

I converted the coordinates of gene annotations from the original N2 reference assembly
(cel235) to corresponding regions in the VC2010 Bristol and Kim CB4856 Hawaiian genomes.
The gene annotations for the WBcel235 assembly were downloaded in GFF3 format from

Ensembl (http://ftp.ensembl.org/pub/release-105/gff3/caenorhabditis_elegans/). Assembly-to-

assembly alignments via Minimap2 and Liftoff (Li 2018; Shumate and Salzberg 2021) were used

to remap annotations as done in Chapter 1.

Assessing enrichment or depletion of variants in gene annotations

SNPs, indels, SVs, and HDRs were tested for their degree of association in gene
annotations to determine if lab lineages of each strain were accumulating genetic variants in
coding versus noncoding sequences. Log2(fold) values were computed using the Genomic
Association Tester (GAT) tool as described in Chapter . Briefly, the observed overlap of each
variant type with annotations was calculated independently and then compared to the mean
overlap of simulated null distributions of each variant type. Simulated distributions were made
from 20,000 iterations of a random uniform distribution across each chromosome. Statistical

significance of each fold difference was determined via hypergeometric tests. BED files for SNP,
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indel, SV, and HDR intervals were made by exporting pandas data frames of each VCF in
python as a tab-separated file. BED files for gene annotations on each chromosome were made
by separating the gene, mRNA, exon, CDS, and UTR regions from remapped annotations in
GFF3 format. Intron and intergenic regions not explicitly written into the original GFF3 file were
calculated using BEDtools (Quinlan and Hall 2010) as described in Chapter I. GAT simulations
and statistical tests were then performed within the VC2010 Bristol and Kim CB4856 Hawaiian

genome assemblies on each chromosome.

Bridge to chapter 3

Here, I outlined how laboratory passaging of multiple strains of C. elegans has led to
unexpected amounts of genomic divergence in different lineages of canonical wild types.
Genomic SVs account for millions of base pairs of variation between lab strains, and these likely
underpin variance in behavior, metabolism, lifespan, and reproduction between labs. Until now, I
have explored the patterns of sequence and genomic structural variation followed with
perspectives on how specific chromatin structures influence the rise of these variations. In
chapter 4, I explore this further by examining how similar chromatin structures influence
mechanisms of DNA repair like homologous recombination in the germline. Further, I examine
how sperm versus egg cells are differentially influenced by specific germline chromatin
structures to give rise to sexual dimorphisms in the spatial distribution and rate of crossing over
despite the shared goal of meioses in securing an obligatory crossover for accurate chromosome

segregation.
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CHAPTER 4: SEXUALLY DIMORPHIC CROSSOVER LANDSCAPES ARE

ASSOCIATED WITH GERMLINE CHROMATIN STATES IN C. ELEGANS

Introduction

Developing gametes, such as spermatocytes and oocytes, repair DNA double strand
breaks (DSBs) with homologous recombination to form crossovers. Crossover formation
physically links the homologs and facilitates faithful chromosome segregation during meiotic
cell division (Petronczki, Siomos, and Nasmyth 2003; Page and Hawley 2003). A failure to
induce or establish crossovers can lead to aneuploid gametes, infertility, and developmental
disorders (Hassold and Hunt 2001; S. Wang et al. 2019).

To ensure faithful inheritance of the genome, crossover formation is stringently regulated
in germ cells of many species. The formation of at least one crossover between each pair of
homologous chromosomes is ensured by a process called crossover homeostasis (Liangran
Zhang, Liang, et al. 2014; Cole et al. 2012; Martini et al. 2006; Yokoo et al. 2012; Globus and
Keeney 2012; Liangran Zhang, Wang, et al. 2014). In many species, the distribution of
crossovers across the genome is non-random. The formation of one crossover can inhibit the
formation of subsequent nearby crossovers on the same chromosome through a phenomena
known as crossover interference (Sturtevant 1913; Muller 1916; G. H. Jones 1984; Hillers 2004;
Meneely, Farago, and Kauffman 2002; Lloyd 2023; Gerton et al. 2000). Analyses of crossover
distributions in many species reveals that the strength of crossover interference varies greatly
between species and between sexes within species (Otto and Payseur 2019; Berchowitz and

Copenhaver 2010). In species like S. pombe and A. nidulans, crossovers form with little to no
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interference (Munz 1994; Strickland 1958), whereas some species like C. elegans have nearly
complete interference and each set of paired homologs form exactly one crossover event (Yokoo
et al. 2012; Machovina et al. 2016). Previous studies have indicated that while chromosome
structures may be involved in crossover interference, there are likely additional multi-tiered
mechanisms that regulate the rate and placement of crossovers and remain to be uncovered.

The rate and distribution of crossovers across the genome, known as the recombination
landscape, often differ between oogenesis to spermatogenesis in multiple model systems.
Evidence from studies in plants, mollusks, arthropods, amphibians, reptiles, birds, and mammals
all demonstrate that the distribution of crossover events during spermatogenesis is slightly
elevated in sub-telomeric regions in contrast to the more centrally located crossovers in
oogenesis (Sardell and Kirkpatrick 2020). Further, the crossover number per chromosome pair is
also sexually dimorphic, with oogenesis having a higher crossover rate than spermatogenesis in
many species (Sardell and Kirkpatrick 2020). Notably, there is increasing evidence that
epigenetic modifications can influence sex differences in the recombination landscape.
Mammalian oocytes, but not spermatocytes, undergo global DNA demethylation (Seisenberger
et al. 2012; Smith et al. 2012), and DNA methylation has been shown to promote the initiation of
recombination (Brick et al. 2018). DNA methylation occurs primarily at CpG nucleotides, which
are enriched in sub-telomeric regions coincident with known male biases for crossing over (Bird
1986; Arndt, Hwa, and Petrov 2005; Lister et al. 2009; Bernardi 2000; Sardell and Kirkpatrick
2020). Additionally, studies in mice and plants have shown that chromatin modifications like
H3K4me3 can differentially influence where recombination is initiated in each sex (Brick et al.

2018; Kianian et al. 2018). Thus, while sex differences in recombination with respect to
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epigenetic modifications may not completely explain sexually dimorphic recombination
landscapes, it is highly likely they play a substantial role.

Transcriptionally active regions, also known as euchromatin, are known to have more
physically accessible DNA, which may promote initiation, processing, and maturation of
crossover recombination. Local chromatin structure and nucleosome positioning around
promoter regions can influence the formation of programmed DSBs, the initiating event for
homologous recombination, by the highly conserved, topoisomerase-like protein SPO11
(Keeney, Giroux, and Kleckner 1997; Keeney 2008; Frédéric Baudat et al. 2000; Grelon 2001;
Dernburg et al. 1998; Lange et al. 2016). In mice and humans, the histone methyltransferase
PRDMO binds specific DNA motifs and creates “hotspots” for crossover formation (F. Baudat et
al. 2010; Myers et al. 2010; Parvanov, Petkov, and Paigen 2010; Powers et al. 2016). In species
that lack PRDM9-mediated hotspots, such as budding yeast, DSBs and crossovers are enriched
in physically accessible euchromatic regions, such as nucleosome-depleted sequences and gene
promoters (Pan et al. 2011). In species that lack hotspots entirely, such as the nematode
Caenorhabditis elegans, other chromatin modifications like H3K9 methylation are still known to
play a role in shaping the recombination landscape in oocytes (Lascarez-Lagunas et al. 2023),
and crossovers are preferentially positioned in multi-megabase domains at the terminal thirds of
each chromosome (Barnes et al. 1995; Rockman and Kruglyak 2009).

The crossover landscape is sexually dimorphic in C. elegans. Crossover assessment at the
resolution of multiple megabases via genetic assays have shown sex-specific differences in
crossover frequencies on the arms of some autosomes (Lim, Stine, and Yanowitz 2008; Meneely

et al. 2012; Meneely, Farago, and Kauffman 2002; Wagner et al. 2010). In C. elegans oocytes,
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crossover homeostasis and interference is incredibly robust, where paired homologs receive only
one crossover (Yokoo et al. 2012; Machovina et al. 2016). In contrast, the incidence of double
crossover events is slightly elevated in spermatogenesis across multiple genetic intervals
(Gabdank and Fire 2014; Henzel et al. 2011; Jonathan Hodgkin, Horvitz, and Brenner 1979;
Lim, Stine, and Yanowitz 2008; Meneely, Farago, and Kauffman 2002; Zetka and Rose 1995),
meaning that the strength of interference is likely sexually dimorphic and weaker in males.
Notably, a few studies did detect double crossover events on some genetic intervals in oogenesis,
but not spermatogenesis (Meneely et al. 2012; Meneely, Farago, and Kauffman 2002; Jonathan
Hodgkin, Horvitz, and Brenner 1979), thereby generating a debate on whether spermatogenesis
indeed has a lower level of crossover interference in comparison to oogenesis.

The use of whole genome sequencing can illuminate the crossover landscape and the
genomic features that regulate crossover positioning and distribution. Prior studies have mapped
and examined finer-scale features of crossover recombination in oocytes and shown an
association of the crossover rate near sites where homologous chromosomes pair (Rockman and
Kruglyak 2009). Additionally, fine-scale crossover mapping on a subset of the X chromosome in
oocytes also showed a negative association of crossover sites with euchromatic histone
modifications (Bernstein and Rockman 2016). Although the genomic landscape of chromatin
modifications differs between C. elegans oogenesis and spermatogenesis (Tabuchi et al. 2018), it
is unclear whether these fundamental features of chromosomes promote sex-specific crossover
distributions. The lack of a genome-wide crossover landscape for C. elegans spermatogenesis
has inhibited elucidating the mechanisms behind the sexually dimorphic crossover rates within

the genome. Overall, the lack of hotspots combined with the clear sexual dimorphisms in both
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the crossover landscape and the chromatin landscape of C. elegans presents an excellent
opportunity to define the critical factors behind how crossing over is regulated by the native
chromatin architecture.

To illuminate the both the fine-scale and broader scale genomic features contributing to
the sexually dimorphic recombination landscapes in C. elegans, we performed high-resolution
crossover mapping in individual products of both sperm and egg meioses. Using hundreds of
thousands of SNP markers between the N2 Bristol and CB4856 Hawaiian strains, we mapped
crossovers in spermatocytes and oocytes with an average resolution of one SNP every 300bp.
Our analysis demonstrated that Chromosomes /, 7/, and /11 display the most sex-specific
differences in recombination rates at both the kilobase and megabase scales. The global rate of
double crossover events is nearly five-fold higher than oogenesis. Finally, we demonstrate the
sex differences in the crossover landscapes are highly associated with specific chromatin states
that regulate gene expression in the germline. Crossover formation in spermatogenesis is highly
associated with the euchromatic histone modification H3K36me3, while oocytes crossovers
display high association with the heterochromatic histone modification H3K27me3. Taken
together, these results reveal that the mechanism(s) of homologous recombination in oogenesis
and spermatogenesis differentially utilize multiple chromatin states to shape the final crossover

landscape.
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Results
High-resolution mapping of crossovers in single C. elegans genomes

To detect crossovers with high resolution in each sex, we performed whole genome
sequencing of individual F2 progeny harboring recombinant chromosomes from single meioses
in the F1 generation. Briefly, F1 hybrid progeny were generated by crossing N2 Bristol
hermaphrodites and CB4856 Hawaiian males. F1 progeny were then backcrossed to individuals
with a Bristol genetic background so that F2 progeny inherit singular recombinant chromosomes
from sperm or egg meioses along with another N2 Bristol homolog. From the F2 generation, 300
oocyte-derived samples and 310 spermatocyte-derived samples were sequenced individually (see
Methods; Figure 4.1A). The average read depth at SNP markers in F2 individuals was
approximately 10 reads, and many samples were sequenced at 1-5X coverage (Supplemental
Figure S4.1). Using 213,591 of the SNPs between the N2 Bristol and the CB4856 strains (see
methods), we were able to map crossovers for each chromosome using our adaptation of the
TIGER pipeline (Supplemental Figure S4.2) for HMM inference of crossover breakpoints which
enables robust crossover detection against samples even sequenced at low coverage (Rowan et
al. 2015). In our dataset of 610 genomes, our crossover mapping pipeline was able to
successfully call crossovers on 297/300 oocyte samples and 300/310 spermatocyte samples. In
the oocyte data, we detected 837 crossovers across 830 chromosomes, and 738 crossovers across
710 autosomes in the spermatocyte data (Figure 4.1B). The average size of the SNP intervals
containing crossover breakpoints is 1568bp with a median resolution under 1kb for each
chromosome (Figure 4.1C), indicating great resolution of detection in both sexes. The increased

number of detected crossovers relative to the number of unique chromosomes represented is due
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Figure 4.1. Sexually dimorphic crossover distributions in C. elegans meiosis. (A) Crossing
scheme for the generation of F2 hybrids carrying recombinant chromosomes for sequencing and
crossover detection. (B) A bar chart indicating the number of crossovers detected per
chromosome in each sex. (C) Box and whisker plot describing the length of SNP intervals where
crossover breakpoints were detected. (D) Histograms showing the global distribution of
crossovers in oocytes versus oocytes on each chromosome. Crossovers were counted in
nonoverlapping 200kb bins on each chromosome. Oocyte data is shown in purple and
spermatocyte data is shown in green.
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to the presence of double crossover events. On chromosome /, we detected approximately 23%
fewer crossovers in oocyte samples, which could be due to some samples having insufficient
read coverage or known genetic incompatibilities between the Bristol and Hawaiian backgrounds
(Seidel, Rockman, and Kruglyak 2008; Seidel et al. 2011; Ben-David, Burga, and Kruglyak
2017). In total, the number of chromosomes with crossovers is within our expectation such that
roughly 50% of the chromosomes inherited via random segregation from F1 meioses are

recombinant.

The fine-scale crossover landscapes are sexually dimorphic in C. elegans meiosis

To assess whether then global distribution of crossovers was sexually dimorphic on each
chromosome, we compared the distribution of crossovers across each chromosome for both
spermatocyte and the oocyte recombination landscape data. Broadly, both oocyte and
spermatocyte crossovers exhibit a bias towards the terminal thirds of all chromosomes. Notably,
these results match previous studies describing the distribution pattern for crossovers (Rockman
and Kruglyak 2009; Barnes et al. 1995). For chromosomes / and /], we determined that the
crossover distributions are significantly different in each sex (p <0.01 by Kolmogorov-Smirnov
test). In contrast to spermatocytes, oocytes favor crossover formation on the right arm of
chromosome 7 and the left arm of chromosome /7 (Figure 4.1D). In contrast to chromosomes /,
11, 111, and IV, we detected a greater proportion of crossovers in the central regions of
chromosome V and the X chromosome. Overall, crossovers prefer to form in the terminal third of

all chromosomes regardless of sex. Using our high-resolution crossover maps, we determined
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whether regions within any of the chromosomes’ arms had elevated crossover formation. Similar
to previous studies (Rockman and Kruglyak 2009; Kaur and Rockman 2014), our data did not
detect any distinct 1-2 kb regions of extremely elevated crossover rates that resemble
recombination hot spots like those seen in mammals and budding yeast (Parvanov, Petkov, and
Paigen 2010; F. Baudat et al. 2010; Gerton et al. 2000). Despite the lack of recombination
hotspots, our data did identify 200 kb chromosomal regions with a greater density of crossovers
(Figure 4.1D). We observed multiple 200 kb regions on chromosomes / and 7V, in both oocytes
and spermatocytes, that have 3-4 times as many crossovers as adjacent regions on the same
chromosome arm (Figure 4.1D). Thus, while crossover formation is biased towards the
chromosome “arms”, we can see fine-scale variability in the crossover landscape suggesting that
crossover formation is not random or uniform in these large domains. These high-resolution
distributions for each sex, particularly on chromosomes 7, 17, and /11, reflect earlier studies’
broader conclusions of sexual dimorphisms using methods at multi-megabase resolution (Lim,
Stine, and Yanowitz 2008; Meneely, Farago, and Kauffman 2002; Meneely et al. 2012; Wagner

et al. 2010).

Sexually dimorphic rates of crossing over

Given that the spatial distribution of crossovers is sexually dimorphic on multiple
autosomes, we first assessed if the genetic map lengths on each chromosome were also sexually
dimorphic. A higher map length in one sex suggests a higher frequency of crossing over on a
given chromosome. Our data shows that spermatocytes have the highest the map lengths on

every chromosome except chromosome 7V (Table 4.1). Given that the theoretical map length for
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chromosomes that experience a single crossover is 50cM, this suggests that double crossovers

were likely detected in both sexes and that the rate of crossing over is highest in spermatocytes.

Table 4.1. Calculated map lengths (cM) of chromosomes in each sex.

1 n I 14 V X
Oocyte 42.4 43.4 48.5 54.9 447 47.8
Spermatocyte 54.33 453 54 47 453 n/a

Elevated double crossovers in spermatocyte genomes

To better assess sexual dimorphisms in the crossover rate, we calculated the incidence of
double crossovers (DCOs) at the global and chromosomal scales. The occurrence of DCOs in C.
elegans is rare and often undetected (Barnes et al. 1995; Hammarlund et al. 2005; Hillers and
Villeneuve 2003; Saito et al. 2009; 2012; 2013; Wagner et al. 2010). Our data set of 830 oocyte
recombinant chromosomes and 710 spermatocyte recombinant chromosomes revealed the global
rate of DCOs is 4.7-fold higher in spermatocytes than oocytes (3.94% spermatocytes vs 0.84% in
oocytes) (Figure 4.2A). Notably, we found that this global rate was not equally shared across all
chromosomes or limited to those with sexually dimorphic crossover distributions. In oocytes, we
only detected DCOs on chromosomes 7V (5/168, 3.1%) and the X chromosome (2/140, 1.42%),
whereas in spermatocytes DCOs were detected on all autosomes. The spermatocyte DCO rate
ranges from as low as 1.49% (2/134) on chromosome /I to as high as 7.63% (10/131) on

chromosome /V. Remarkably for spermatocytes, the rate of DCOs on chromosome 7V is nearly
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Figure 4.2. Broad and fine-scale variation in crossover rates in each sex. (A) Bar chart
showing the global average frequency of double crossovers among all recombinant
chromosomes. (B) Bar chart showing the frequency of double crossover events on each
chromosome in sperm versus eggs. (C) Cumulative distribution plots showing the frequency of
crossing over across each chromosome. (D) Line plot showing the Log2 values of the ratio of the
recombination rate (cM/bp) in eggs versus sperm. Crossover rates were calculated in 200kb
sliding windows with a 50% step size. (E) Scatterplot showing the correlation of oocyte and
spermatocyte recombination rates in sliding windows of varying sizes. Kendall’s tau was
calculated as the correlation coefficient, all p-values < 0.05 except 10kb window size on
chromosome V. Red line indicates the curve of best fit for each chromosome.
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double the global average DCOs frequency in spermatocytes (Figure 4.2B). Thus, the overall

crossover rate is not only different between the sexes but also between each chromosome.

Local differences in sex-biased crossover frequencies

To assess whether sexual dimorphisms in the frequency of crossing over persist at the
megabase or kilobase scales, we began by examining cumulative frequency distributions of
crossovers in each sex. The cumulative distributions of crossovers detected on each chromosome
illustrate the expected frequency of crossing over between any two loci. We found marked
differences between the sexes in crossover frequencies on the arms of chromosomes 7, /I, and 711
(Figure 4.2C). Spermatocytes display elevated frequency of crossover formation in the first five
megabases of chromosome /. In comparison, oocytes have higher crossover frequencies between
2.5-5Mb on the left of chromosomes /7 and /I (Figure 4.2C). In conclusion, these data show
sex biases in the crossover landscape in multi-megabase domains on chromosomes 7, /7, and /11.

Sexual dimorphisms in the crossover frequency at sub-megabase scales could indicate
specific regions or features of chromosomes contributing to a sexually dimorphic crossover
landscape. To test for sexual dimorphisms in the crossover rate at a finer scale, we performed a
sliding window analysis of the crossover rate in 200 kb windows on each chromosome for each
sex. Our approach detected many 200 kb regions where each sex has a higher local crossover
rate in a non-favored chromosome arm (Figure 4.2D). Consistent with the spatial and frequency
distributions of crossovers (Figures 4.1D and 4.2C, respectively), I found that chromosomes 7, /7,

and /11 have large clusters of 200 kb regions with sexually dimorphic crossover rates (Figure
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4.2D). Despite these large-scale patterns, we found 99 total instances on chromosomes / (n=31),
1I (n=40), and 11 (n=28) where neighboring 200 kb windows display opposite sex biases in the
local crossover rate (Figure 4.2D). Further, while the chromosomal crossover distributions for
chromosomes /V and V are not significantly different between the sexes at the megabase scale,
we do see many instances (41 and 64 for chromosomes /" and V, respectively) where adjacent
200kb windows have higher crossover rates in the opposite sex (Figure 4.2D). Taken together,
sexual dimorphisms in the crossover landscape persist at sub-megabase scales on each
chromosome.

To determine how well the local crossover rates in each sex correlate across many scales,
we repeated our sliding window analysis of crossover rates in a range of window sizes from 10
kb up to 2 Mb in 10 kb increments and calculated Kendall’s tau as a correlation coefficient
(Figure 4.2.3E). For autosomes /, 11, 111, and IV, crossover rates show little to no correlation (tau
< 0.3) up to window sizes of 30-50 kb. Crossover rates on chromosome V, however, remain very
weakly correlated up to a window size of approximately 200 kb. At larger window sizes,
chromosome / is unique in that even in windows of 1 Mb or greater, crossover rates remain only
moderately correlated (tau 0.4-0.6). Chromosomes 7/, 111, IV, and V, in contrast, achieve much
higher levels of correlation (tau 0.75-0.9) in megabase-scale windows. In conclusion, the rate of
crossing over in spermatocytes versus oocytes is different at the finer scale of tens of kilobases
with some differences persisting up to megabase scale domains. Further, we find that sexual
dimorphisms in the crossover landscape are not uniformly shared in their distribution or

magnitude across all chromosomes.
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Proximity of crossovers to homolog pairing sites

To facilitate efficient access to the homologous chromosome as a repair template,
homologous chromosomes pair along their lengths prior to crossover formation (Page and
Hawley 2003). Prior studies suggest that crossovers are sometimes bias towards sequence-
defined regions on each chromosome called pairing centers (PCs) (Rockman and Kruglyak 2009;
Barnes et al. 1995; Lim, Stine, and Yanowitz 2008; Meneely et al. 2012; Saito et al. 2013; 2012;
2009; Phillips et al. 2009; MacQueen et al. 2005; Phillips and Dernburg 2006). Analyzing the
location of crossovers relative to the PC for each chromosome revealed a sexual dimorphism for
crossover placement relative to the PC. Specifically, the fraction of oocyte crossovers on the PC
arm of chromosomes /, 71, and /1] is much higher at 56%, 43.41%, and 61.11% respectively
(Figure 4.3A-B). In spermatocytes, however, a minority of crossovers on chromosomes /, 17, and
111 are formed in arm domains harboring each PC (30.06%, 30.88%, and 43.82%, respectively)
(Figure 4.3A-B). These results indicate a sexual dimorphism for placement of crossovers relative
to the PC “arm” and/or early-paired regions of the chromosome. Interestingly, when we measure
the direct overlap of crossovers with clusters of sequence motifs that define the PCs (Phillips and
Dernburg 2006; Phillips et al. 2009; MacQueen et al. 2005), we see that on average less than 3%
of crossovers are formed within these PC sequence motif clusters except for spermatocyte
crossovers on chromosome /V (Figure 4.3C). For chromosomes / and 7/, we find that the
majority of both oocyte and spermatocyte crossovers are approximately 100 kb away from PC
motif clusters (Figure 4.3D). This distance is variable across the other autosomes, with the

approximate spacing in each sex being 60 kb on chromosome //7 and 200 kb on chromosomes
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IV and V (Figure 4.3D). Overall, we find that while crossovers are largely inhibited from forming
directly within or adjacent to PC motif clusters, crossovers usually preferentially form on the PC

“arm” of most chromosomes of oocytes.

Sex-specific crossover associations with germline gene expression

To determine whether any of the sexually dimorphic features of the crossover landscape
arise from specific chromosomal features, we first tested the association of the crossover
distribution with sequence level genome annotations. We tested for enrichment or depletion in
intergenic regions, genes (including sub-gene annotations such as each UTR, exons, introns, and
CDS), gene regulatory sequences (transcription factor binding sites, promoters, and enhancers)
as well as other sequences such as non-coding RNAs (such as meiotically expressed piRNAs)
and transposons (Supplemental Figure S4.3). For nearly all features tested, there was no
significant enrichment or depletion determined by hypergeometric tests. In spermatocytes, we
did find that crossovers were enriched in “ncRNAs” on chromosomes / and /17 (Logx(fold)
values of 1.58 and 2.77, respectively), which mirrored the sexually dimorphic crossover
distributions on these chromosomes. Notably, in the genome annotations from Ensembl,
“ncRNA” describes a subset of coding genes with non-coding splice variants of their mRNAs.
These results suggest that a particular subset of the genes in C. elegans may drive sex differences
in crossover formation.

To determine if gene expression in the germline shapes crossover distribution, we
performed enrichment/depletion analyses only on genes expressed during meiosis using a

published RNA-seq dataset that examined transcription levels specifically in the germline of
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each sex (Tzur et al. 2018). We first labeled our complete set of annotated genes with specificity
for oogenesis, spermatogenesis, genes commonly expressed in both germlines, or neither. Labels
for shared or sex-specific expression were determined based on the presence of normalized read
counts of > 2 in the germline (Tzur et al. 2018). The distribution of meiotically expressed genes
was greatest in the center of each chromosome, and most chromosomes had comparable counts
of meiotic genes except for the X chromosome (Supplemental Figure S4.4). When we tested for
fold enrichment or depletion of crossovers overlapping with these subsets of genes, we found
several sex-specific associations. Spermatocyte crossovers had significant enrichments in genes
expressed in germlines on chromosomes //7 and V' (Logx(fold) values of 0.52 and 0.60,
respectively). In contrast, for oocyte crossovers, there were no statistically significant
associations with meiotic gene expression states (Figure 4.4A). These trends indicate that
chromosomal regions undergoing transcription may be shaping the crossover landscape

differently in each sex.

Sex-specific associations of crossovers with chromatin states

In spermatocytes, an enrichment of crossovers in germline expressed genes indicates that
the local chromatin structure may be influencing sexual dimorphisms in the crossover landscape.
Gene expression states and the DSB landscape are influenced by chromatin states in multiple
organisms (Pan et al. 2011; Powers et al. 2016; F. Baudat et al. 2010; C. L. Liu et al. 2005;
Pokholok et al. 2005; Mikkelsen et al. 2007; Rando and Winston 2012; Ho et al. 2014). To
determine whether sex-specific chromatin states contribute towards the sexually dimorphic

recombination landscape, we tested the association of crossovers with sex-specific germline
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Figure 4.4. Differential associations of crossovers with chromatin states in each sex. (A)
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landscapes of the euchromatic histone modification H3K36me3 and the heterochromatic histone
modification H3K27me3 (Tabuchi et al. 2018). For the euchromatic modification H3K36me3,
spermatocytes displayed significant enrichment of crossovers in euchromatic regions on all five
autosomes (Log>(fold) values 0.43-0.66, p-values < 0.05; Figure 4.4B). In contrast, oocytes
showed a trend of crossovers depleted in H3K36me3 regions on chromosomes /7, 17, 111, V, and X
(Logx(fold) values -0.22 to -0.74, Figure 4.4B). When we compared the difference of fold
changes in spermatocytes versus oocytes, chromosomes /, /7, /11, and V were all significantly
different (Figure 4.4B). Only for the euchromatic H3K36me3 landscape on chromosome 7V did
we find that both oocytes and spermatocytes have a significant association with the crossover
landscape on chromosome 7V, (Logz(fold) values of 0.47 and 0.49, respectively; p-values <
0.05Figure 4.4B). In summary, we find that crossover formation in spermatocytes, but not
oocytes, is strongly associated with chromatin marked by H3K36me3.

We then tested for sexually dimorphic association of crossovers with heterochromatin.
For the heterochromatic mark H3K27me3, oocytes displayed an enrichment of crossovers in
these regions on chromosomes / and 7/ (Logx(fold) values of 0.58 and 0.84, respectively; Figure
4.4C). In contrast, spermatocyte crossovers were depleted from heterochromatic regions on
chromosomes /7, 111, and V' (Logz(fold) values of -0.38 to -1.18; Figure 4.4D). For chromosomes
[, 11, and I1I, the chromosomes with the most sexually dimorphic crossover landscapes, we found
the difference in fold enrichments between the sexes to be statistically significant. Overall, our

results suggest that the sex-specific crossover landscapes in C. elegans may be differentially
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influenced by local differences in chromatin structure and accessibility near sites of active

transcription in the germline.

Discussion

The importance of meiotic recombination for genome integrity and chromosome
segregation is well understood, but how or why the sexes display differences in the
recombination remains unclear. The studies we present here demonstrate that the global
distribution and rate of crossing over is sexually dimorphic in C. elegans meiosis. Chromosomes
I and /1] display the most drastic sex differences in the spatial distribution of crossovers, and all
autosomes in spermatogenesis undergo double crossover events at rates much higher than
oogenesis. Although most crossovers in either sex occur within 50-300kb of sites that facilitate
homologous chromosome pairing, we do observe a greater proportion of oocyte crossovers on
the pairing center arms of chromosomes /, /1, and /II. We also show that the distinct chromatin
states along meiotic chromosomes are differentially associated with the crossover landscape in
each sex. Crossover formation in spermatogenesis is enriched at sites of active gene expression
associated with H3K36me3 marked euchromatin, whereas crossover formation in oocytes is
enriched in H3K27me3 heterochromatin. Taken together, our high resolution maps and analyses
of crossovers in spermatogenesis and oogenesis provide a platform to further investigate both

mechanistic and evolutionary hypothesis about sexually dimorphic meiotic recombination.
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Potential sources of sex-differences in crossover distribution

The DSB landscape. Crossovers frequencies in each sex are elevated in the terminal arm
domains of each chromosome, yet oocytes preferentially form crossovers on the right and left
arms of chromosomes / and /11, respectively (Figure 4.2). Are crossovers in C. elegans
spermatogenesis and oogenesis simply following the distribution of DSBs? The sex-differences
in the crossover distribution on these chromosomes could be reflective of underlying sex
differences in the distribution of DSBs that are the substrate for crossover recombination. In C.
elegans, there are approximately four times as many DSBs present on the chromosome arms
relative to the central domains throughout meiotic prophase I (Lascarez-Lagunas et al. 2023).
While distinction has not yet been given to separately characterize the distribution of DSBs on
the right versus left arms of each chromosome, it remains possible that there could be sexual
dimorphisms as early in the recombination program as the induction of DSBs. Notably, other
model systems display sexual dimorphisms at the initiation of recombination. Studies in mice
demonstrate that in model systems with recombination hotspots induced by PRDM9 , there are
multiple hotspot locations that display sex-specific activation (Brick et al. 2018). In models
organisms that lack canonical hotspots (e.g. C. elegans), it remains unclear how the underlying
distribution of DSBs affects the resulting distribution of crossovers. Currently, there are no
published or publicly available datasets from C. elegans that characterizes the global distribution
of DSBs in either sex. This precludes the much-needed analysis of whether there are sex-specific
DSB distributions and how this may lead to the sexually dimorphic crossover landscapes we

observed.
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Homologous Chromosome Pairing. Both sexes place most of their crossovers within 50-
150 kb of pairing center motif clusters on chromosomes 7, I/, and /I (Figure 4.3). In our dataset,
we demonstrate a greater proportion of crossovers on the pairing centers in oocytes, with
chromosomes /, /1, and III displaying the greatest magnitude of differences when comparing the
two sexes (Figure 4.2). These same chromosomes also have the greatest number of pairing center
motif clusters relative to their total length (Phillips et al. 2009). Based on our data and published
data from others, we hypothesize that the pairing of homologous chromosomes could play some
role in shaping the crossover landscape in each sex. One proposed model for the procession of
recombination describes how all DSB sites are competing for the accumulation of pro-crossover
factors to determine the crossover versus non-crossover outcome (Liangyu Zhang et al. 2021;
Morgan et al. 2021; Fozard, Morgan, and Howard 2023; C. Girard, Zwicker, and Mercier 2023).
If the pairing of homologs enables faithful crossover formation, it is possible that DSB sites in
early-paired regions of chromosomes have a temporal advantage in processing recombination
intermediates and are more likely to form crossovers compared to DSB sites with less time in
alignment. The total time of Prophase I, as well as time spent in the window for chromosome
pairing, is nearly twice as long in C. elegans oogenesis (Jaramillo-Lambert et al. 2007). We
therefore speculate that the prolonged duration of pairing in oogenesis likely contributes to the
broad-scale differences in the crossover distribution on the PC “arms” of these chromosomes.

Crossover interference. We have demonstrated that the rate of crossing over on each
autosome is higher in spermatogenesis as we see double crossovers at much higher frequencies
than in oocytes (Figure 4.2). This supports the notion that the overall distribution and rate of

crossing over between the sexes could also be a product of differences in the strength of
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crossover interference. While multiple models have been proposed and effectors of interference
have been identified (Libuda et al. 2013; Nabeshima, Villeneuve, and Hillers 2004; Liangran
Zhang, Liang, et al. 2014; C. Girard, Zwicker, and Mercier 2023), the precise molecular
mechanisms that lead to this phenomenon remains unclear. The sex with the lowest strength of
interference, however, should have higher rates of crossover formation on individual
chromosomes. Notably, sexual dimorphisms in the strength of crossover interference have been
demonstrated in multiple model systems. In humans and some plants, interference is stronger,
and the crossover rate is lower in males (Barth et al. 2000; Drouaud et al. 2007; Vizir and Korol
1990; Doniskeller 1987; Broman et al. 1998). We and others (Gabdank and Fire 2014; Henzel et
al. 2011; Lim, Stine, and Yanowitz 2008) provide supporting evidence for a lower degree of
interference in C. elegans spermatogenesis. Our data demonstrates that the frequency of double
crossover events is higher on all autosomes during spermatogenesis. Our findings and others
warrant further research analyzing a much greater number double crossover events on all
chromosomes in C. elegans to more precisely characterize sex- and/or chromosome-specific

variations in the strength of interference.

Crossovers in euchromatin versus heterochromatin

We demonstrate the crossing over in oogenesis is enriched in H3K27me3 marked
heterochromatic regions on chromosomes 7 and /// (Figure 4.4). In contrast, we note a negative
association of crossovers with H3K27me3 in spermatogenesis and an enrichment of crossovers
in H3K36me3 euchromatic regions. Therefore, we hypothesize that not only does sex-specific

chromatin distributions influence the crossover landscape in each sex, but that the recombination
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program in each sex is differentially affected by the presence of different chromatin
modifications. Given that recombination intermediate processing is reliant on the recruitment and
accumulation of pro-crossover factors at DSB sites, the processing of recombination
intermediates in heterochromatin may be kinetically unfavored (Kelly et al. 2000; Jantsch et al.
2004; Bhalla et al. 2008; Nguyen et al. 2018; Liangyu Zhang et al. 2018; Yokoo et al. 2012). The
prolonged duration of Prophase I in oocytes, however, could be amenable to the slower kinetics
of DSB repair in heterochromatin. Despite this potential kinetic delay, there are known
mechanisms for DSB processing in heterochromatin that support a model for the initiation and
maturation of oocyte crossovers in these dense chromatin states. Evidence from studies in fruit
flies demonstrate that DSB sites are relocated outside of heterochromatic compartments and
processed for repair near the nuclear envelope in a more physically accessible environment
(Chiolo et al. 2011; Caridi et al. 2017). Further, DSBs made in euchromatin versus
heterochromatin are processed with similar kinetics, indicating that heterochromatic DSBs are
not wholly refractory to crossover formation (Janssen et al. 2016).

We must note that our analysis of the overlap of oocyte crossovers in heterochromatin
does not preclude the notion that these chromatin modifications are maintained and/or present
during DSB processing and crossover formation. It remains to be shown whether marks such as
H3K27me3 are remodeled around sites of active recombination, or whether these same
mechanisms of relocating recombination intermediates to more repair-permissive environments
is active in C. elegans oogenesis and promoting sex differences in recombination. For
spermatocyte crossovers, it could be that these events would take place in regions of accessible

chromatin that happen to coincide with transcription. Oocytes, however, display some preference
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for silenced, heterochromatic regions on some chromosomes, and the reason behind this higher

than expected frequency is worthy of further investigation.

Sexually dimorphic crossover distributions and gene evolution

Our results indicate that crossover recombination in C. elegans spermatogenesis is largely
associated with genes that are actively express during in meiosis. Recombination in genes can be
mutagenic (Arbel-Eden and Simchen 2019) and at the very least introduces genetic diversity in
progeny through reciprocal exchange genetic content on homologs. Further, studies have found
that transposable element activity, large scale differences in DNA methylation, and
spermatocyte-specific euchromatic chromatin modifications create a “promiscuous” state that
enables the differentiation of current and novel genes (Kurhanewicz et al. 2020; Kaessmann
2010). Thus, our detection of elevated crossover formation in genes during spermatogenesis
support hypotheses that suggest meiotic genes are rapidly evolving (Van Oss and Carvunis 2019;
Swanson and Vacquier 2002). Notably, the ‘out of testis’ hypothesis poses that male meioses
may be a unique source of selection on reproductive genes (Kaessmann 2010). Our data aligns
with these hypotheses and evidence from studies in fruit flies that demonstrated genes expressed
in spermatogenesis are under positive selection, which promotes adaptation and fixation of
beneficial alleles in populations (Betran and Long 2003; Yang and Bielawski 2000). The exact
molecular mechanism that is driving this preference for crossover in euchromatin in
spermatocytes but not oocytes remains elusive, and further investigation is need to understand
the rate at which recombination in spermatocytes may be promoting the evolution of meiotic

genes in C. elegans populations.
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Materials and Methods

Caenorhabditis elegans strains and maintenance

All strains were incubated at 20°C and maintained nematode on growth medium (NGM)
plates seeded with the OP50 strain of Escherichia coli. Strains used in this experiment include
the following: N2 (wildtype from Bristol, England), CB4856 (wildtype from Hawaii, United
States), EG7841 (0xTi302 [eft-3p::mCherry::tbb-2 3'UTR + Cbr-unc-119(+)] I), and CB4108
(fog-2(q71) V). All genetic crosses were done by mating L4 stage males and hermaphrodites on

NGM plates and screening for cross progeny after 3-4 days.

Crossing schemes for sex-specific crossover mapping

Parent (PO) N2 hermaphrodites were mated to CB4856 males to generate
Bristol/Hawaiian F1 hybrids. Individual F1 progeny were placed onto their own plates and
separated into two separate cross schemes. To assess oocyte recombination, F1 hermaphrodites
at the L4 stage were then mated to EG7841 males, and F2 cross progeny marked with red
fluorescent bodies were collected and briefly transferred to a new plate. To assess spermatocyte
recombination, F1 males at the L4 stage were mated to CB4108 hermaphrodites, and male F2

cross progeny were collected and briefly transferred to a new plate before sucrose floatation.

Sucrose floatation and isolation of individual F2 progeny
To minimize bacterial contamination in downstream gDNA sample preps, we performed
sucrose floatation on pooled worms from each cross scheme, respectively. Previously collected

worms were immediately washed from plates with 8mL cold M9 buffer and transferred to 15mL

123



glass centrifuge tubes using a glass Pasteur pipette. Collected worms were centrifuged at
3000rpm at 4°C and washed in 4mL of fresh M9 twice. To separate worms from bacteria and
other debris, 4mL of 60% sucrose solution was added to 4mL of M9 buffer and worms and
vortexed briefly. The mixture was then spun at 5000 rpm at 4°C for 5 minutes. Using a glass
pipette, the floating layer of worms were transferred to a new glass centrifuge tube on ice and
brought up to 4mL in fresh M9. Worms were then incubated at room temp for 30 minutes and
gently vortexed every 5 minutes. Worms were washed three times in equal volume of fresh M9
were performed before storing collected worms at -80°C in 1.5mL microcentrifuge tubes
containing M9 buffer. To isolate individual F2 progeny before sequencing, 10-20 worms were
transferred via glass Pasteur pipette into M9 buffer on a glass well slide. Individual worms were
then transferred into 10ul of M9 in a single well of a 96-well PCR plate. Plates containing F2

progeny were then briefly stored at -80°C before whole-genome sequencing.

INlumina Whole Genome Sequencing and data processing

I developed a method for the high throughput analysis of meiotic recombination in
individual genomes of C. elegans with as little as 0.75-1.0ng of DNA per sample. We sequenced
610 individual genomes (300 oocyte-derived samples and 310 spermatocyte-derived samples) at
nearly half of the cost compared to available commercial methods. For Illumina short-read
sequencing, library preparation was performed on individual worms for by the University of
Oregon’s Genomics and Cell Characterization Core Facility. The short-read libraries were then
sequenced on an Illumina Novaseq (2 x 150bp). Illumina short reads from each individual F2

genome were trimmed using Trimmomatic (Bolger, Lohse, and Usadel 2014) to remove adapter
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and barcode sequences. The trimmed reads were then aligned to the N2 Bristol reference genome
(NCBI accession number PRINA907379). All resulting variant positions comparing our N2
Bristol and CB4856 Hawaiian genomes are in relation to the N2 Bristol assembly. Aligned reads
in SAM format were then sorted using SAMtools (Li et al. 2009) and converted to BAM files.
Using Picard read groups were added via AddOrReplaceReadGroups, and duplicate reads were
filtered using MarkDuplicates as described above. BAM files with filtered duplicate reads
(Barnett et al. 2011) were used to call variant and homozygous reference sites using GATK
HaplotypeCaller (McKenna et al. 2010) to generate per-sample VCF files. Each sample’s VCF
file was then filtered to only include homozygous SNP sites as determined in chapter I. SNP
markers were then further filtered to exclude sites within repeats, low-complexity sequences, and
transposons identified by RepeatMasker. We used 213,591 high quality SNP markers out of the
246,298 homozygous SNPs identified from comparing our lab’s genome assemblies for N2
Bristol and CB4856 Hawaiian (Chapter 1, Table 1). In our N2 Bristol genome assembly, we
improved upon previous SNP maps to cover more than 99.9% of each chromosome’s length with
99.97% of the total genome covered. The average SNP spacing on each autosome (Z, 11, 111, IV,
and V) is 645bp, 354bp, 580bp, 674bp, and 262bp, and the average SNP spacing on the X
chromosome is 1020bp (Supplemental Figure S4.1A). Many regions, such as the terminal “arm”
domains of each chromosome have a much greater density of SNPs, and thus resolution of
crossover detection is high. The centers of each chromosome have a much lower density of

markers, with the largest gap between SNPs being 106kb on chromosome V.
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Reconstruction of F1 chromosomal products of meiosis

To aid crossover detection, a Hidden Markov Model approach was used to reconstruct the
chromosomes present after crossing over between the Bristol and Hawaiian homologous
chromosomes in eggs and sperm of the F1 generation. A previously developed pipeline, TIGER
(Rowan et al. 2015), was adapted for use on our samples and control for running each TIGER
script was combined into a single shell script. Read counts and alleles for each SNP marker were
generated from the output of GATK’s HaplotypeCaller, and input files were prepared as
described in (Rowan et al. 2015; https://github.com/betharowan/TIGER _Scripts-for-
distribution). To review their framework, the ratio of read counts between the N2 Bristol and
CB4856 Hawaiian backgrounds are transformed into a discrete alphabet and 6 states represented
as AA, AU, AB, BU, BB, and UU. AA represents a homozygous N2 Bristol state, AB is the
heterozygous state, U represents uncertainty in the homozygous state, and UU represents no
reads/information at a given marker. A marker site with a minimum of 5 reads where 100% of
the reads are from a single parental background are required to assign genotypes AA or BB. If
there are fewer than five reads aligned or both parental alleles were observed at the same marker,
genotypes were inferred from a multinomial distribution. Observing reads in a homozygous
parental background should follow a binomial distribution such that 99% of reads (accounting
for 1% sequencing errors) are from either N2 or CB4856, and 50% for the heterozygous state.
Genotypes were then assigned according to the maximum value between the homozygous
parental and heterozygous probabilities. Genotypes AU or BU were assigned unless there was an
equal probability of each genotypic background at these markers with low coverage and/or

uncertain parental origin.

126



An HMM is then generated for each individual genome to infer Bristol or Hawaiian
haplotype blocks on each chromosome. Transmission and emission probabilities are estimated
per sample for each model, and hidden states (homozygous N2, homozygous CB4856, or
heterozygous) were then determined via the Viterbi algorithm. Output files for each sample that
contain the intervals of each inferred hidden state were then converted to Pandas data frames in

Python for further processing.

Feature engineering for Random Forest Classification

Random Forest Classification is a supervised machine learning method that can be used
to automate the classification of data using a model trained on numerical features of the data.
Our random forest classifier will label transitions between each haplotype block on a single
chromosome as Crossover or “not crossover”. Each haplotype interval is given as a pair of SNP
coordinates denoting the start and end of each N2 or CB4856 interval. Between each haplotype
interval, a new “transition” interval was created that is defined as two SNP markers whereby the
start of the transition interval is the last SNP in a haplotype interval prior to transition, and the
end of the transition interval is the first SNP in the following haplotype interval. To label these
transition intervals as potential crossovers, numerical features associated with these transitions
must be made, and these numerical data were calculated in varying window sizes from 10kb up
to 10Mb centered on each transition interval. First, for each window size, the percentage of SNPs
with CB4856 alleles upstream and downstream were calculated, and then the difference between
these values was recorded as a separate feature. For an ideal crossover breakpoint, a transition

interval will have the highest possible difference in the percentage of CB4856 alleles upstream
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vs downstream. Secondly, for each window size, the cumulative distribution of both CB4856 and
N2 alleles, respectively, was stored as an array such that each marker’s index in the array
contains the cumulative percentage of that given genotype up to that marker’s position in the
window. A third array was then generated as the difference between the CB4856 cumulative
distribution array and the N2 array. Then, the values for the difference in cumulative genotype
distributions for the marker positions at the start of the transition interval and the marker at its
end were averaged to assign an overall difference in cumulative genotype distributions to the
transition interval. For an ideal crossover breakpoint, a transition interval will have the highest
possible difference between each genotype’s cumulative distribution in that window. All these
calculations were performed in windows rather than across the whole chromosome to increase
the sensitivity of detection for both single and double crossover events on a single chromosome.
Finally, in each individual chromosome, all numerical features associated with each transition
interval were converted to a zero to one scale by normalizing to the maximum value of each

feature across all transitions.

Training and Random Forest Classification of Crossover Sites

The training data for this classifier includes 217 of the 3,660 chromosomes sequenced.
The training data includes a nearly even mixture of spermatocyte and oocyte samples as well as a
mixture of non-recombinant, single crossover and double crossover chromosomes determined by
manual visualization and confirmation. The classifier was set up as a forest of 500 decision trees,
and the model was trained on 70% of the training dataset and then validated on the remaining

30%. Validation showed that the model had 99.7% accuracy in appropriately labeling crossover
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versus non-crossover transition intervals. The most features that provided the greatest amount of
accuracy to the model were calculations performed in window sizes of 500kb, 1MB, and 2MB.
Transition intervals labeled as crossover breakpoints were retained for further analyses, and
chromosomes with no labeled crossover breakpoints were only retained to calculate the total map
length in centimorgans for each chromosome. Chromosomes were visually inspected to further
validate automatic classification of crossover breakpoints. Notably, the first 50kb of the X
chromosome was responsible for 40 samples having improper crossover calls. In each of these
samples’ X chromosomes, there were two crossovers identified: one in the 50kb region and
another crossover as close as 1Mb away. Because three SNP intervals were improperly identified
as crossovers in all X chromosomes in these 40 samples, these markers/intervals were then
removed from the final crossover dataset given the extremely unlikely probability of such a high
rate of crossing over in the same narrow region. Finally, 16 samples that were sequenced
between below 1X read coverage did not have sufficient read data to confidently call crossovers.
18 crossovers on 17 chromosomes were recovered by visualization and manual inspection of the

highest probable transition intervals.

Statistical Analysis of Crossing Over

Whole chromosome map units (MU, centimorgans) were calculated using the formula
MU = 100* (# of single crossovers (SCOs) + 2(# of DCOs)) / sample size. MU for specific
intervals were calculated using the formula MU = Total MU for chromosome * (# of crossovers
in interval / # of crossover in chromosome). To statistically define the “arm” versus central

region of each chromosome, historically defined by a shared recombination rate across a multi-
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megabase domain, piecewise linear regression was used. Briefly, the pwlf package in python
(https://github.com/cjekel/piecewise linear fit py) was used to perform segmented linear fits
with the given parameters of two undefined breakpoints yielding three domains with a shared
recombination rate. The “left tip” and “right tip” domains were added to each chromosome and

defined as the non-recombining SNP intervals at the distal ends of each chromosome.

Genomic features correlated with crossing over

Gene annotations (gene, mRNA, exon, CDS, etc.) were downloaded from Ensembl for
the cell genome assembly. Annotations for regulatory sequences, transcription factor binding
sites, etc, were downloaded from Wormbase for the cell assembly as well. The coordinates for
these sequence level annotations were then remapped onto our N2 Bristol genome assembly
using Minimap?2 alignments in the LiftOff program (Li 2018; Shumate and Salzberg 2021). Sex-
specific germline RNA-seq annotations (Tzur et al. 2018) were taken and applied to our
sequence level “gene” annotations in the remapped Ensembl dataset. Sex-specific germline
ChIP-seq data (NCBI BioProject PRINA475794) were aligned to the N2 genome and peaks were
called using MACS3 (Feng et al. 2012) using parameters as previously described (Tabuchi et al.
2018). To identify pairing center regions, PC motifs from REF were identified and cluster
analysis was performed in our genome assembly using MCAST (Bailey and Noble 2003) with
maximum motif spacing of 100bp to be considered in the same cluster. Pairing center regions in
the arms were defined as the interval from the occurrence of the first cluster to the last cluster
detected in the arm region as defined by piecewise linear regression. To determine the fold

enrichment (or depletion) of crossovers in each of these genomic features, the Genomic
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Association Tester (GAT, Heger et al. 2013) was used to simulate a null distribution of overlaps
from 10,000 randomly shuffled intervals per annotation type. Significance of fold change
(observed vs null/expected) was determined by hypergeometric test. Significance of the
difference between fold changes in each sex was determined by examining the fold change ratio

of egg vs sperm via hypergeometric test.
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Supplemental Figure S4.1. Resolution and sequencing of F2 recombinant progeny. (A) A
bar chart depicting the average distance between SNP markers on each chromosome in the
genome. (B) A histogram depicting the distribution of genome coverage in individual samples.
Genome coverage is depicted here as the global average read depth at SNP marker sites. Vertical
dashed line indicates the average across all samples.
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Supplemental Figure S4.2. Computational pipeline for processing of sequencing data. (A)
Data collection and pre-processing including Illumina whole-genome sequencing, read
alignment, and SNP calling. (B) Schematic of Hidden Markov Model based reconstruction of
recombinant chromosomes and subsequent crossover detection via supervised machine learning
and random forest classification.
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Supplemental Figure S4.3. Association of crossovers with sequence-level annotations. (A)

Heatmap showing the log2(fold) enrichment or depletion of oocyte crossovers with each
sequence annotation. (B) Heatmap showing the log2(fold) enrichment or depletion of
spermatocyte crossovers with each sequence annotation. All annotations were taken from the

Ensembl cell genome annotation set and remapped to Libuda N2 Bristol genome assembly via

LiftOff (See methods).
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Supplemental Figure S4.4. Quantification of meiotically expressed genes in C. elegans. (A)
Bar chart showing the total amount of all genes expressed in the germline on each chromosome.
(B) Bar charts showing the number of genes expressed in both germlines or exclusively in
oogenesis versus spermatogenesis on each chromosome. (C) Histogram showing the distribution
of all genes expressed in the germline on each chromosome.
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Bridge to Conclusion

In chapter 4, I presented a combination of methods that leverage our genome assemblies and
SNPs identified in chapter 2 to map crossovers with high resolution in the chromosomal products
of single meiotic events. By generating the first high resolution map of crossovers in C. elegans
spermatogenesis, [ was able to accurately compare the spermatocyte versus oocyte crossover
landscape to show sex differences in the distribution and rate of crossing over. Further, the
results of these studies reveal specific chromatin states as potential regulators of crossing over,
with each chromatin state examined having opposing effects in the germline of either sex. I then
speculated on other factors contributing to the multi-layered regulation of sex-specific crossover
recombination and discussed the potential effects on sex-biased gene/genome evolution. In the
conclusion, [ will give one last summary of all the work presented in this dissertation with a final
look at the directions future research can take to complete our understanding of how genomic

integrity is maintained.
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CHAPTER 5: CONCLUSION

In this dissertation, we illuminated and characterized the complex nature of large-scale
genomic structural variants and the potential impacts that local differences in chromosome
architecture play in shaping the landscape of genomic diversity. We then show how these same
higher order chromatin structures influence distinct mechanisms of DNA repair in a sexually
dimorphic manner to ensure faithful genome inheritance while also contributing to genetic
diversification of progeny. This dissertation lays the foundation for future research that will
illuminate the molecular mechanisms that both protect and diversify the information stored in
our genomes.

In chapter 2, with my co-authors, we addressed the question of whether distinct
chromatin states differentially affect the rate at which SNPs, indels, and SVs may appear across
the genome. To do this, we generated reference genome sequences for the Bristol and Hawaiian
isolates of C. elegans, and further demonstrated how the generation of reference genomes from
the same assembly pipeline is the ideal approach for comparative genomic studies. By revisiting
the genomic distribution of SNPs and indels, we revealed a greater density of genetic variation
than previously uncovered by earlier studies using disparate sequencing technologies and
methods to compare genome assemblies. Moreover, our methods enable the most accurate
detection of SVs in the C. elegans genome accompanied by a nuanced dissection of the many
different types and sizes of SVs affecting genomic organization. We also presented a novel
method of tracking transposable DNA elements, which historically has been very
computationally challenging due to the highly repetitive nature of their sequences. In those

analyses, we demonstrate how a highly abundant and previously understudied family of
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transposons are the most mobile genetic element between the Bristol and Hawaiian genomes.
Lastly, we demonstrate a unique role for the heterochromatin state in contributing to the
frequency of genomic SVs.

How does chromatin influence the rate at which different chromatin-associated variants
arise? In these studies, we examined the genomic endpoints of the tens of thousands of
generations of divergence between the Bristol and Hawaiian isolates of C. elegans. Our data
strongly suggest that the heterochromatic versus euchromatic compartments of the genome likely
have different influences on the rate of variant accumulation. We demonstrated that
heterochromatic regions are relatively enriched for all types of variation, but it remains unclear
as to what the specific rates of mutation accumulation are in these regions. Future studies
leveraging experimental evolution methods could utilize genome-wide approaches as we
employed here to assess the specific rates at which SNPs, indels, and SVs appear in distinct
heterochromatin versus euchromatin states. Additionally, our results from chapter 4 suggest that
sex-differences in germline chromatin may uniquely impact genomic diversity in different
regions of the genome. Further research into whether there are sexually dimorphic rates of
genomic variation in different chromatin structures/regions could further clarify how the
spermatogenic versus oogenic genomes are especially ripe sources of genomic evolution.

In chapter 3, we discussed the ongoing genetic drift of laboratory lineages of the C.
elegans model organism. There have been many reported cases of both genomic and phenotypic
variance between laboratory lineages of the wild type strains most used for research. Our work in
this chapter presents the first genome-wide analysis of the genomic variation between present-

day lineages of both the Bristol and Hawaiian strains in multiple labs. We identified many SNPs
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and indels predicted by prior studies of the mutation rate in C. elegans, and we build upon these
findings by demonstrating the accumulation of many large and complex SVs over relatively
short generational timescales. Our findings show that while most of the variation we identified is
intergenic, it remains possible that sequence variants and chromosome rearrangements could be
impacting hierarchical genome organization or gene regulatory sequences. Thus, present a
comprehensive dataset of the genomic variation that likely underpins the phenotypic diversity
observed across labs. Further, we discuss these data as a call to action for researchers to utilize
strains with recently published genomes that reflect the organisms used in their research, as
growing genomic divergence in laboratory wild types could impact the practice and
interpretation of day-to-day research.

In research using model organisms, genetic drift between laboratory lineages of wild type
strains is constantly ongoing and requires careful attention. We should aim to complement our
understanding of genetic drift between natural populations in further research comparing the
genomic distributions of SNPs, indels, and SVs between more laboratory strains and different
model species. In this dissertation, we examined the quantity and distribution of genomic
variation between different laboratory lineages of the Bristol and Hawaiian isolates, respectively,
and found a very large fraction of the genome impacted by SVs. To more fully understand the
problem genomic variants pose to model organism research, a careful examination of more
laboratory lineages and more strains/isolates between labs is required. It remains possible that
different strains and genomic backgrounds accumulate different types of variants at different
rates. Laboratories passaging mutants that perturb certain chromatin structures, for example, may

be accumulating variants that disrupt genome function at a higher rate than other strains. A more
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comprehensive cross examination of many laboratory model organisms, then, would improve our
understanding of how processes of genetic drift differ between natural and laboratory
environments.

In chapter 4, we used both historical bioinformatics methods and novel applications of
Random Forest Classification to develop a high-throughput method for whole genome
sequencing and crossover mapping in single C. elegans genomes. We presented the highest
resolution maps of crossover recombination in C. elegans to date, which includes the first
genome wide map of crossovers in spermatogenesis. Using these incredibly precise
recombination landscapes specific to each sex, we provide evidence that a fundamental
mechanism of genome integrity is sexually dimorphic in developing sperm and eggs. Further, we
leveraged simulations and enrichment analyses to show sex-specific crossover landscapes are
differentially influenced by the landscape of different chemical modifications to chromatin.

What environmental and genetic factors could be differentially regulating crossover
formation in each sex? Many biological processes are sexually dimorphic including aging and
the response to different stressors. Future research should aim to resolve exactly how processes
like aging affect the spatial distribution and rates of crossing over, and whether these effects on
recombination are also sexually dimorphic. Additionally, we demonstrated that different
chromatin states differentially influence the location of crossover formation in wild type sperm
and eggs. To directly test how these distinct chromatin states regulate the crossover landscape, a
genome-wide assessment of crossing over in mutant backgrounds that perturb specific chromatin
modifications in the germline is required. Further, targeted and site-specific induction of the

recombination program in different chromosome structures, not merely limited to histone
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modifications, could further reveal how higher-order structures regulate recombination
outcomes. Finally, this dissertation provides evidence for regulation of the crossover landscape
considering the effects of sex and chromatin. To complete our understanding of how sexually
dimorphic recombination is regulated by chromosome structures, future research is needed into
how the landscape of noncrossover events fits into these regulatory schemes of recombination in
the germline.

In conclusion, the research discussed in this dissertation highlight advancements in our
fundamental understanding of genomic variation and integrity. The combination of next-
generation DNA sequencing technology, simulations, and supervised machine learning presented
here has provided novel insights into genome function. These data further support hypotheses
about the interrelated nature of DNA structure, DNA repair, and genetic diversity while
providing a platform for future research to further fill our gaps in knowledge of how the
regulatory intersection of chromatin and/or biological sex influence the mechanisms that

promote faithful genome inheritance.
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SUMMARY

Sexually reproducing organisms use meiosis to generate haploid gametes and faithfully transmit their
genome to the next generation. In comparison to oogenesis in many organisms, spermatogenesis is partic-
ularly sensitive to small temperature fluctuations, and spermatocytes must develop within a very narrow
isotherm [1-4]. Although failure to thermoregulate spermatogenetic tissue and prolonged exposure to
elevated temperatures are linked to male infertility in several organisms, the mechanisms of temperature-
induced male infertility have not been fully elucidated [5]. Here, we show that upon exposure to a brief 2°C
temperature increase, Caenorhabditis elegans spermatocytes exhibit up to a 25-fold increase in double-
strand DNA breaks (DSBs) throughout meiotic prophase | and a concurrent reduction in male fertility. We
demonstrate that these heat-induced DSBs in spermatocytes are independent of the endonuclease SPO-
11. Further, we find that the production of these heat-induced DSBs in spermatocytes correlate with heat-
induced mobilization of Tc1/mariner transposable elements, which are known to cause DSBs and alter
genome integrity [6, 7]. Moreover, we define the specific sequences and regions of the male genome that
preferentially experience these heat-induced de novo Tc1 insertions. In contrast, oocytes do not exhibit
changes in DSB formation or Tc1 transposon mobility upon temperature increases. Taken together, our
data suggest spermatocytes are less tolerant of higher temperatures because of an inability to effectively
repress the movement of specific mobile DNA elements that cause excessive DNA damage and genome al-

terations, which can impair fertility.

RESULTS AND DISCUSSION

Elevated Temperatures Produce DNA Damage in
Spermatocytes during Meiotic Prophase |

Several studies indicate that spermatocytes in meiotic prophase
|, as well as post-meiotic sperm, are particularly susceptible to
thermal stress [1, 8, 9]. Further, the dysregulation of DNA dam-
age and repair pathways during meiosis have been implicated
as potential mechanisms linking heat stress and DNA damage
in spermatocytes [10]. To investigate this link between heat
stress and DNA damage in spermatocytes, we exploited the
model system Caenorhabditis elegans, which allows for isola-
tion, visualization, and comparison of both developing oocytes
and spermatocytes.

To assess DNA damage during oogenesis and spermatogen-
esis, immunofluorescence for the recombinase RAD-51 [11] was
used in the germlines of wild-type adult males (exclusively un-
dergoing spermatogenesis) and adult hermaphrodites (exclu-
sively undergoing oogenesis). Immediately following a 2-h heat
shock of whole animals at 34°C (but not 32°C or extended expo-
sure to 28°C), we found that, throughout meiotic prophase |,
spermatocytes exhibit elevated RAD-51 foci (Figures 1, S1,
and S2) that largely disappeared by 3 h post-heat shock (Fig-
ure S3). In contrast, heat-shocked oocytes did not display
any increase in RAD-51 foci (Figure 1). In heat-shocked

spermatocytes, RAD-51 foci increased nearly 3-fold in early
pachytene nuclei (17 £ 8.7 foci/nucleus [n = 119] with heat shock
versus 6.2 = 3.6 foci/nucleus [n = 150] without heat shock; p <
0.0001; Figure 1) and late pachytene nuclei exhibited an approx-
imately 25-fold increase in RAD-51 foci (41 + 17 foci/nucleus [n =
110] versus 1.6 x 2.7 foci/nucleus without heat shock [n = 146];
p < 0.0001; Figure 1). In contrast to meiotic prophase |, heat-
induced DNA damage was not observed in pre-meiotic S phase
or in mitotically dividing spermatocytes (Figure S1A). This restric-
tion of heat-induced DNA damage to meiotic prophase | sug-
gests that feature(s) unique to spermatocytes in prophase |
permit the formation of heat-induced DNA damage. Further, dur-
ing the early L4 larval stage of hermaphrodites, when their germ-
line is exclusively undergoing spermatogenesis, a 34°C heat
shock also generates DNA damage (Figure S1B). These results
in the spermatocytes of the early L4 hermaphrodite indicates
the heat-induced DNA damage is not sex specific but spermato-
cyte specific. Notably, heat-induced DNA damage in spermato-
cytes only occurs when the temperature threshold of 34°C is
reached. At 36°C and 38°C, heat-induced DNA damage is no
longer limited to prophase | and we observe RAD-51 foci in
pre-meiotic S phase region of the germline as well as the mitot-
ically dividing spermatocytes (Figure S2A). In addition, adult her-
maphrodite germlines exposed to 36°C and 38°C also exhibit
DNA damage continuously from the pre-meiotic region through

Current Biology 30, 1-11, December 21, 2020 © 2020 The Author(s). Published by Elsevier Inc. 1
This is an open access article under the CC BY-NC-ND license (http://creativecommons.org/licenses/by-nc-nd/4.0/).

143



Please cite this article in press as: Kurhanewicz et al., Elevated Temperatures Cause Transposon-Associated DNA Damage in C. elegans Spermato-
cytes, Current Biology (2020), https://doi.org/10.1016/j.cub.2020.09.050

M oo

>

early pachytene

Current Biology

late pachytene

No heat-shock

spermatocytes

oocytes

32°C heat-shock 34°C heat-shock

No heat-shock 32°C heat-shock 34°C heat-shock

x=1.6

spermatocytes

oocytes

DAPI RAD-51 X = average # RAD-51 foci/nucleus
B 2 early pachytene late pachytene
o 100 *
S 3 * —_— Il no heat
E [ 32°C
g 60 - 34oc
= 40 *p<0.0001
ey
v 20
2 0 e A
14 No 32°C 34°C No 34°C No 32°C 34°C No 34°C
heat heat heat heat
spermatocytes oocytes spermatocytes  oocytes
post-meiotic
pre-meiotic pachytene condensation zone sperm =

transition zone

division'zone

Meiotic progression (~24 hr)

16-24 hr ' 8-16 hr ' 0-8 hr ~
Timing of progeny laid post-heat-shock
D E 20 % p=0.0002
o 200 no BE 15 m"°
ag 300 .heat 95 10 heat
gg 200 gy gt
8+ 100 . 35 S
34 shock Qs o shock
16-24 hr 8-16 hr 16-24 hr 8-16 hr
time post-heat-shock (hr) time post-heat-shock (hr)
E 8-16 hours post-exposure: Total count (avg * SD)
Treatment Total progeny | Live progeny | Dead eggs | % Dead eggs
2845 2789 56 -
No heat (121%59) | (119%66) | (2.4:2.6) 1.9% | n=23 worms
4321 4084 237* o
Heat-shock (107£71) (113£74) (6.2t4.1) 58%  |n=38 worms

2 Current Biology 30, 1-11, December 21, 2020

*p < 0.0001 (Fishers exact)

(legend on next page)

144



Please cite this article in press as: Kurhanewicz et al., Elevated Temperatures Cause Transposon-Associated DNA Damage in C. efegans Spermato-
cytes, Current Biology (2020), https://doi.org/10.1016/.cub.2020.09.050

Current Biology

meiotic prophase | (Figure S2B). Thus, once the threshold tem-
perature has been exceeded, it is possible that additional mech-
anisms begin to contribute to the production of heat-induced
DNA damage outside of meiotic prophase I.

Acute Exposure to Heat Stress Impairs Male Fertility

To determine whether heat-induced DNA damage affects male
fertility, we assessed the fertility of wild-type adult males
exposed to a 34°C heat shock. Both the spatial-temporal
arrangement of the C. elegans germline and the established
rate of spermatocyte progression through the male germline
[12] enables comparing the fertility of heat-shocked spermato-
cytes that experienced temperature-induced DNA damage (8-
16 h post-exposure) from spermatocytes that did not experience
this damage (16-24 h post-exposure and no heat shock; Fig-
ure 1C). Brood size was comparable between heat-shocked
and no heat shock cohorts of spermatids (Figure 1D), indicating
the heat-damaged spermatocytes are competent to fertilize an
oocyte. The production of inviable eggs increased 3-fold in the
8- to 16-h post-exposure cohort (average [avg] 6 + 4 dead
eggs/brood; n = 38 broods) compared with their no heat shock
counterparts (avg 2 + 2 dead eggs/brood; n = 23 broods; Figures
1E and 1F; Fisher's exact test; p < 0.001). Thus, the cohort of
sperm that experienced heat-induced DNA damage also pro-
duced elevated numbers of dead eggs. These data suggest
that, although heat-damaged spermatocytes can develop into
functional spermatozoa capable of fertilization, their genstic
content is likely compromised, therefore resulting in inviable

progeny.

Temperature-Induced DNA Damage Is SPO-11
Independent

During early meiotic prophase |, double-strand DNA breaks
(DSBs) are induced by the conserved endonuclease Spolil
[13]. To determine whether the heat-induced DNA damage was
due to altered Spo11 activity, we examined RAD-51 foci in adults
lacking the SPO-11 endonuclease [14]. As spo-171-null mutants
lack programmed meiotic DSBs, few to no RAD-51 foci are
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present in the no heat shock male or hermaphrodite germlines
(Figures 2A and 2B). Although heat-shocked spo-77-null mutant
hermaphrodites looked similar to no heat shock spo-77-null her-
maphrodites and males, heat-shocked, spo-77-null male germ-
lines exhibited heat-induced RAD-51 foci at a similar level to that
of heat-shocked wild-type males (Figures 2A and 2B). Using
spo-11-null hermaphrodites at the molt for late L4 larval-young
adult developmental transition stage, where both oogenesis
and spermatogenesis occur simultaneously within the same
germline, elevated RAD-51 foci were detected specifically in
the spermatocytes and not the oocytes inthe late L4-young adult
transition heat-shocked germlines (Figure 2C). Together, these
data demonstrate that the heat-induced RAD-51 foci in sper-
matocytes are a SPO-11-independent and spermatocyte-spe-
cific response to heat stress.

To determine whether heat-induced RAD-51 foci represent
DSBs, we exploited the fact that crossover events require a
DSB as an initiating event. Using the C. elegans pro-crossover
factor COSA-1, which forms foci at nascent crossover sites
in vivo [15], we assessed crossover formation in spo-77-null mu-
tants following heat shock. Due to a lack of programmed meiotic
DSBs, both male and hermaphrodite spo-77-null mutants fail to
establish crossovers and therefore fail to form COSA-1 foci
(0.16 + 0.43 foci per nucleus; n = 49). Upon heat shock,
COSA-1 foci were largely restored in the spermatocytes of
spo-171-null mutant males (Figure 2D; 3.5 + 1.8 foci per nucleus;
n = 80). Thus, at least a subset of the heat-induced RAD-51 foci
represent DSBs that are competent for recruitment of crossover
repair machinery.

Heat Shock Activates Tc1 Transposons

Because movement of a transposable element (TE) can result in
the formation of a DSB independent of SPO-11 [16-21], we
tested whether heat shock activates the mariner TEs Tc1 and/
or Tc3 first using quantitative PCR to measure Tc1 and Tc3
transposase expression. In males exposed to heat shock, Tc1
transposase expression increased (gene expression ratio =
2.4 + 0.25) compared with their no heat shock counterparts

Figure 1. Acute Exposure to Heat Stress Produces DNA Damage in Male C. efegans Germlines and Impairs Male Fertility

(A) Representative immunofluorescence images of recombinase RAD-51 (green) from early and late pachytene regions of wild-type adult male germlines
(spermatogenesis) and adult hermaphrodite germlines (cogenesis) with and without heat shock (32°C or 34°C for 2 h). Numbers on panels report average number
of RAD-51 foci per nucleus for each group. Scale bar represents 5 um.

(B) Quantification of RAD-51 foci per nucleus in early and late pachytene for wild-type spermatocytes and cocytes. Violin plots show frequency distribution of the
data: center dashed line (median) and bottom and top dotted lines (first and third quartiles, respectively). Statistical significance between groups was determined
using the Kruskal-Wallis non-parametric test, with Dunn's test to account for multiple comparisons. Statistically significant differences indicated by *, where p <
0.0001. Number of nuclei scored from male germlines: early pachytene no heat shock, n=150; 32°C, n=74; 34°C, n = 119; late pachytene no heat shock, n= 146;
32°C, n=49; 34°C, n = 110. Hermaphrodite germlines: early pachytene no heat shock, n =20; 32°C, n = 11; 34°C, n = 63; late pachytene no heat shock, n=21;
32°C,n=11;34°C,n = 45.

(C-F) Male fertility was assessed using wild-type male worms and fog-2-null obligate females.

(C) Schematic of the C. efegans male germline with corresponding meiotic stages and 8-h intervals representing spermatocytes that were present at specific
meiotic stages when heat shock occurred.

(D and E) Quantification of dead eggs and total brood size for each 8-h interval following heat shock. Violin plots show frequency distribution of the data: center
dashed line (median) and bottom and top dotted lines (first and third quartiles, respectively). Statistical significance was determined using two-way ANOVA
corrected for multiple comparisons. A statistically significant increase (p = 0.0002) in dead eggs per worm was found in the 8-16 h post-exposure window.
Number of male worms scored for fertility: no heat shock 0-8 h, n = 8; 8-16 h, n = 23; 16-24 h, n = 6; heat shock 0-8 h, n=10; 8-16 h, n =38; 16-24 h,n=11.
(F) Average + standard deviation for total progeny, living progeny, and dead eggs per mated pair in the 8- to 16-h post-exposure window. Correlation between
heat shock and production of dead eggs was assessed using a two-sided Fisher's exact test; total progeny no heat shock, n = 2,746; total progeny heat shock,
n=4,321; dead eggs no heat shock, n = 56; dead eggs heat shock, n = 237. A significant asscciation was found between heat shock and the production of dead
eggs p < 0.0001.

See also Figures $1-83.
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(gene expression ratio = 1 + 0.14; p < 0.0001). Notably, Tc1
transposase expression was significantly increased in males
exposed to heat shock compared with hermaphrodites (p =
0.0024; Figure 3A, left). In contrast, Tc3 transposase expression
remained unchanged upon heat shock in either males or her-
maphrodites (Figure 3A, right). This result demonstrates that
Te1 and Tc3 transposase expression is differentially affected
by heat stress, and males exhibit a significantly greater increase
in Tel transposase expression following heat shock.

To determine whether the heat-induced Tc1 transposase
expression leads to changes in transposon locations genome-
wide, we used lllumina sequencing to map Tc1 and Tc3 locations
throughout the genome (Figure 3B; see STAR Methods). All pre-
viously reported copies of Tc1 and Tc3 were represented in our
dataset, including a second copy of Tc1 on chromosome X,
which was not reported in Fischer et al. [22] but was later identi-
fied in Laricchia et al. [23]. Although ~90% of reads obtained
mapped back to the known Tc1 and Tc3 locations previously
identified in the N2 wild-type genome [22, 23], a number of de
novo insertion sites (sites where Tc1 or Te3 had not been previ-
ously reported; read threshold of >20 reads/site) were also iden-
tified for both Tc1 and Tc3 in males and hermaphrodites.
Notably, we also identified Tc1 insertions at the site of the unc-
22(st136) allele [24, 25], which contains a well-documented
Te1 insertion site identified during screens for worms with unco-
ordinated movement (neuron defects). The presence of de novo
TE locations in the no heat shock control may represent Tc1 and
Tc8 elements that have become recently mobilized and fixed in
our N2 wild-type strain. However, given the relatively low read
density at these de novo locations (avg = 405 + 400 reads/loca-
tion) compared with known Tc1 locations (avg = 4,114 + 1,350
reads/location), this likely indicates a baseline level of Tc1 and
Te3 movement (Figure 3B).

Heat-shocked males exhibited a 65% increase in de novo Tc1
genomic locations (69 + 14 de novo sites) compared with their no
heat shock counterparts (42 + 14 de novo sites; Figure 3C; Table
S1), suggesting heat-induced mobilization of Tc1 in males.
Although hermaphrodites exhibit a 1.6 increase in Tc1 expres-
sion following heat shock (Figure 3A), heat-shocked hermaphro-
dites exhibited a 16% reduction in de novo Tc1 locations (53 + 15
de novo sites without heat shock versus 44 + 11 de novo sites
with heat shock; Figure 3C; Table S1). This result suggests
that, unlike males, hermaphrodites can repress Tc1 transposase
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activity (or inhibit Tc1 translation) to prevent Tc1 mobilization. In
concordance with the lack of sex-specific changes in Tc3 trans-
posase expression changes upon heat shock, there was a much
smaller incidence of novel Tc3 insertion in either sex (Figure 3C;
Table S1). However, both males and hermaphrodites exhibited
mild increases in novel Tc3 locations with heat shock (22%
and 5%, respectively), which is likely due to the known temper-
ature sensitivity of piwi-interacting RNA (piRNA) pathways that
inhibit Tc3 transposition [26, 27]. Overall, these results indicate
that heat shock increases the mobility of Tc1 specifically within
the male genome.

The 2.4% increase in Tc1 transposase expression in males in
comparison with the ~25X increase in DNA damage in sper-
matocytes upon exposure to heat shock suggests that other fac-
tors are likely contributing to the heat-induced DNA damage
observed. For instance, Tc1 mobilization may not solely account
for all heat-induced DNA damage. Although certain pathways
regulate specific transposon families, including Tc3 regulation
by the piRNA pathway [27, 28], there is also overlap between
mechanisms that regulate various Tc families [29-31]. Notably,
both the piRNA and mutator pathways have been reported to
be heat sensitive [32, 33], and mutants for these pathways
exhibit both elevated Tc transposase expression as well as
transposon excision [7]. Thus, heat exposure may allow for
germline activation of multiple transposons by disruption of indi-
vidual or overlapping mechanisms, which may contribute to the
production of heat-induced DNA damage. Alternatively, a single
Te1 transposase enzyme might work on additional DNA targets
following mobilization of a Tc1 element. It is notable that non-
linear relationships between transposase expression and rates
of transposition have been previously described for Tc1/mariner
family elements [7, 27, 28]. Specifically, it was demonstrated that
a 40% increase in Tc3 transposase expression led toa 100X in-
crease in Tc3 transposition events [27]. Moreover, there may be
repression or enhancement of Tc1 transposase activity, such as
alterations to transposase binding to its 21-bp DNA target.

Intra- and Inter-chromosomal Mobilization of Tc1

To determine Tc1 mobility within individual chromosomes, Tc
genomic location number was compared across each chromo-
some with known Tc1 copy number per chromosome. In males,
de novo Tc1 genomic location number increased in frequency
with the copy number of known Tc1 sites per chromosome

Figure 2. Temperature-Induced DNA Damage Occurs via a SPO-11-Independent Pathway

(A) Representative immunofluorescence images from early pachytene regions of male wild-type (top) and spo-17-null (bottom) germlines. Wild-type and spo-117-
null mutant spermatocytes demonstrate similar relative increases in RAD-51 marked DNA damage with exposure to heat shock. Values reported within each
panel report average number of RAD-51 foci per nucleus for each group. Scale bar represents 5 pm.

(B) Quantification of RAD-51 foci per nucleus during early pachytene for spermatocyes and cocytes of both wild-type and spo-77-null strains. Violin plots show
frequency distribution of the data: center dashed line (median) and bottom and top dotted lines (first and third quartiles, respectively). Statistical significance
between groups was determined using the Kruskal-Wallis non-parametric test, with Dunn'’s test to account for multiple comparisons. Statistially significant
differences between heat- shock and no-heat-shock cohorts are indicated by * (p < 0.0001), while significant differences between wild-type and spo-77 null
strains are indicated by t (p < 0.01). Number of spermatocytes scored: wild-type no heat shock, n = 133; wild-type heat shock, n=119; spo-17 null no heat shock,
n=20; spo-17 null heat shock, n = 19. Number of oocytes scored: wild-type no heat shock, n = 20; wild-type heat shock, n = 63; spo- 717 null no heat shock, n =19;
spo-11 null heat shock, n = 15.

(C) Representative image of a spo-17-null hermaphrodite germline during the molt at the late L4-young adult developmental transition at 1-h post-heat shock.
Although oocytes and spermatocytes are being produced in the same germline, only spermatocytes display a heat-induced increase in DNA damage. Enlarged
panels display cogenic and spermatogenic regions of the gonad. Scale bars represent 5 pm in inset panels and 10 pm in whole gonad image.

(D) Formation of COSA-1 foci in late pachytene, indicating nascent crossover sites, was assessed in a spo-77-null strain with and without heat shock. Repre-
sentative images from late pachytene of spo-17-null male germlines without heat shock and 6.5 h following heat shock are shown.
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(R? = 0.75; p = 0.026; Figure 4A). In contrast, de novo Tc1 inser-
tion sites in hermaphrodites do not strongly correlate with the
copy number of known Tc1 sites per chromosome (R? = 0.035;
p = 0.72). Similar to the anti-correlation of de novo Tc1 insertion
sites in hermaphrodites, de novo Tc3 insertion sites in both
males and hermaphrodites do not strongly correlate with the
copy number of known Tc3 sites per chromosome (R® = 0.034,
p =0.73 and R? = 0.47, p = 0.13, respectively). Together, these
results suggest that these chromosomes may contain preferen-
tial targets for Tc1 insertion. Alternatively, heat-induced Tc1
mobilization may preferentially undergo intrachromosomal
movement. Further, because chromosomes with higher Tc1l
copy number experience more Tc1 insertions, these chromo-
somes consequently may be more susceptible to amplification
of Tc1 copy number due to preferential use of the homologous
chromosome as a template for DSB repair during meiosis.

To determine where in the genome-specific Tc1 transposons
move to upon heat shock, we analyzed sequencing reads that
picked up known polymorphisms within the inverted repeat re-
gion of three Tc1 transposons in the genome [22]: (1) TC1.6
(WBTransposon00000018 from Y48GO9A), a pair of polymor-
phisms on chromosome /if; (2) TC1.9 (WBTransposon00000021
from Y46G5A), a pair of polymorphisms followed by a single-
base-pair deletion on chromosome /f; and (3) 7C1.24 (WBTrans-
poson00000036 from TE9A2AR), a single base deletion in the
terminal inverted repeat followed by a polymorphism in the trans-
posase-coding region on chromosome {V (Figure 4B). Reads
were identified containing these polymorphisms and then parsed
out by genomic location and experimental group, either heat
shock or no heat (Figures 4C and 4D).

TC1.6 reads were found overwhelmingly at its established loca-
tion (91% =+ 4% of reads), regardless of heat shock or sex (Figures
4C and 4D). Because TC1.6 on chromosome /{f contains a single-
nucleotide polymorphism within the inverted repeat recognized by
the Tc1 transposase [17], this result suggests that this polymor-
phism was sufficient to suppress mobility of 7C1.6. Next, 7C1.9
reads were found widespread across the genome. Fewer than
0.5% of reads with the TC7.9 polymorphism were found at its pre-
viously reported established location but were instead broadly
distributed among the known Tc1 locations on all other chromo-
somes (Figure 4C). This result indicates that this polymorphism
is no longer specific to any one copy of Tc1 in the genome of
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our wild-type N2 strain, suggesting it has been redistributed
through the dynamic exchange of genstic information between
TEs in the genome. Notably, reads containing this polymorphism
were found to increase at de novo Tc1 insertion locations only in
the male heat shock group (p < 0.005; Figure S4), indicating a gen-
eral increase in transposon activity among the heat-shocked
males. Lastly, the TC1.24 reads were found more often at the
TC1.24 established location on chromosome fV than any other
genomic position (35% + 8% of total reads; Figure 4C). When
identified at non-established sites, 7C7.24 was found primarily
at other established Tc1 locations (Figure 4C). In heat-shocked
males, 7C1.24 was located more often at non-established loca-
tions (79% + 8% of reads from non-established location)
compared with non-heat-shocked males (61% + 15% of reads);
whereas in hermaphrodites, 7C7.24 maintained a similar pres-
ence at its established location with and without heat shock (Fig

ure 4C). This indicates TC1.24 may either prefer to move into Tc1
sites that may have recently experienced an excision event or act
as a preferred repair template for Tc1-induced DSB. Further,
males with heat shock also exhibit an increase in 7C17.24 insertion
into de novo locations (7% + 6% of total reads) compared with
their no-heat-shock counterparts (0.7% + 0.3% of total reads).
Overall, these data from three specific copies of Tc1 demonstrate
the variability of transposon activity between individual copies of
Te1 and support our finding that Te1 activity is globally increased
upon heat shock specifically in males.

Te1 Insertion Motifs

Previous studies reported a preferred Tc1 insertion motif,
TATRTG (R = A or G) [16, 19, 34]. To determine whether Tc1
target sequences change following heat shock, sequencing
reads were assessed for TATRTG [35]. Although TATRTG occurs
at a relatively low rate across the genome (43,906 times across
the 100,286,401 bp C. elegans genome), it was found within
11% + 2% of our Tc1-adjacent reads. When reads are parsed
out by sex and heat shock treatment, the TATRTG motif
occurred consistently in reads from all experimental groups (Fig

ure S4C). To assess the potential presence of novel insertion mo-
tifs in our dataset, we first aligned sequences and then quantified
relative nucleotide frequencies at each of the first six positions 3/
adjacent to Tc1 (Table S2). Although the first five positions were
consistent with the previously reported TATRTG motif, the sixth

Figure 3. Tc1 Transposase Expression and Increased Incidence of Tc1 Transposon Genomic Locations Are Associated with Temperature-
Induced DNA Damage in Males

(A) Quantitative PCR of Tc1 and Tc3 transposase expression in both male and hermaphrodite populations with and without heat shock. Box and whisker plots
show the distribution of the data: center line (median), box (first to the third quartile), and whisker lines (smallest and largest values recorded). An increase in Tc1
transposase expression (calculated as gene expression ratio using the Pfaffl method) is evident upon heat shock in both hermaphrodites and males (*p < 0.0001).
Te1 transposase expression is increased in males after heat shock compared with hermaphrodites after heat shock (1p = 0.0019; calculated from log-transformed
gene expression ratio values). In contrast, Tc3 expression does not change in either sex or condition. Both act-7 and pmp-3 were used asreference genes. gPCR
experiments included three biological replicates and were performed in triplicate.

(B) Inverse PCR paired with amplicon sequencing was used to identify Tc1 and Tc3 locations genome-wide in male and hermaphrodite populations
(300 worms/group). Three bioclogical replicates were produced for each experimental group. lllumina sequencing reads representing Tc1-adjacent sequences
were aligned to the C. elegans genome (WS245). Histograms displaying read counts across each chromosome were constructed; previously reported Tcl
transposon locations were identified, as well as de novo Tc1 insertion sites. Representative plots for chromosome /f from adult males and hermaphrodite
populations from a single replicate are shown with known locations marked by dashed vertical lines and de novo locations marked by solid lines.

(C) Global de novo Tc1 and T3 insertion site number was quantified for males and hermaphrodites, and the total number of de novo insertion sites in heat-
shocked worms was compared with no heat shock worms. Males demonstrated a 65% global increase in Tc 1 de novo insertion sites (no heat shock: 42 + 8; heat
shock: 69 + 8), although hermaphrodites demonstrated a 16% decrease (no heat shock: 53 + 15; heat shock: 44 + 11 de novo Tc1 locations).

See also Tables S$1-83.
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Figure 4. Tc1 Transposon Mobility Differentially Affected by Heat in Males and Hermaphrodites

{A) To evaluate transposon mobility across individual chromosomes, the global change in Tc1 and Tc3 transposon location number upon heat shock was plotted
against Tc1 or Te3 copy number per chromosome. Linear regression and correlation analysis were used to determine a coefficient of determination (R?) value of
0.75 in males, representing a moderately strong correlation between Tc1 copy number per chromosome (p = 0.026) and indicating increased Tc1 occupancy at
de novo insertion sites on chromosomes with more fixed copies of Tc1. Conversely, in hermaphrodites, Tc1 transposon de novo insertion number appears slightly
reduced and does not correlate strongly with Tc1 copy number (R? = 0.035; p = 0.72). De novo Tc3 insertion sites in both males and hermaphrodites did not
strongly correlate with the copy number of known Tc3 sites per chromosome (R? = 0.034, p = 0.73 and R? = 0.47, p = 0.13, respectively). Each point represents the

(legend continued on next page)
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position was highly variable. To assess whether the G nucleotide
in the sixth position might be dispensable for preferential Tc1
insertion, we considered a truncated version of the motif
(TATRTN). The TATRTN motif, which occurs 233,427 times
across the C. elegans genome, was present in 40% + 4% of
our Tc1-adjacent reads (Figure S4C). Tc1-adjacent reads con-
taining the TATRTN motif were then aligned, and the relative
nucleotide frequencies of the first six positions 3’ adjacent to
Te1 were quantified. Again, the first five positions were consis-
tent with the previously reported insertion motif, but the sixth po-
sition was highly variable (Table S3). The usage of the TATRTN
motif was increased in heat-shocked males related to other
groups (Figure S4C, right graph). Overall, the previously reported
TATRTG motif is preferred for Tc1 insertion, regardless of heat
shock treatment, but the G in the sixth position may be dispens-
able for Tc1 transposase recognition and subsequent Tc1 inser-
tion, especially in males following heat shock.

Conclusions

An increasing number of studies indicate that several meiotic
prophase | processes differ between oogenesis and spermato-
genesis [36]. Our data demonstrate that a single, transient expo-
sure to heat stress produces intra- and inter-chromosomal
transposon activity specifically in spermatocytes and not oo-
cytes. Transposable elements constitute a large fraction of
many eukaryotic and prokaryotic genomes, and their movement
and accumulation are a major force shaping the structure and
dynamics of the genomes they inhabit [37]. Movement of DNA
transposons are known to drive the evolution of host genomes
by facilitating the translocation of genomic sequences: from
exon-shuffling to large-scale chromosomal rearrangements
[37]. Additionally, the excision and subsequent repair of TE-
associated DSBs provides the substrate for spontaneous muta-
tion as well as the generation of allelic diversity [22, 37]. The
germline is acutely at risk, as a DSB from a TE excision during
meiotic prophase enables amplification of TE copy number
due to recombination-based repair of DSBs [38].

Although oocytes are able to repress TE movement inresponse
to heat shock, we show C. elegans spermatocytes lack the ability
to effectively repress heat-induced TE movement within their ge-
nomes. The “out of testis” hypothesis suggests genes expressed
inthe male germline are more likely to generate new genes due to
a combination of strong selective pressure and unique genomic
features [39-41]. Given that TE movement can be an evolutionary
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driver [37], our data in C. efegans suggest that the inability of the
male germline to repress heat-induced TE movement corrobo-
rates this hypothesis. Further, the difference in the relative
numbers of spermatocytes versus oocytes produced throughout
the lifetime of an organism may have contributed to the evolution
of this differential response to heat stress. In most organisms,
fewer oocytes are produced over the course of a lifetime
compared with much larger number of spermatocytes produced
by a male over the course of its lifetime. This difference may
have enabled spermatocytes to tolerate a higher incidence of er-
ror while still maintaining enough sperm to promote fertility.

Our results in C. elegans may be an extreme manifestation of
the inability of spermatocytes in most organisms to respond to
TE mobility. A wild-type (Bristol) C. elegans population is natu-
rally 99.9% hermaphrodite and therefore maintains are largely
self population [42]. Our data show that heat-shocked spermato-
cytes of L4 larval hermaphrodites and adult males experience
increased DNA damage and transposon mobility, which may in-
crease genetic variation in sperm. Further, this increased DNA
damage in L4 hermaphrodites may reduce self-fertility and
thereby force outcrossing in response to stress.

Overall, our work suggests the combination of increased DNA
damage and TE insertion into new, varied, and potentially harm-
ful genomic positions in heat-stressed spermatocytes repre-
sents a dangerous mechanism for heritable transmission of an
altered genome that generates male subfertility. Rising global
temperatures and heatwaves are contributing to increased or-
ganism infertility (both human and insect) and risk of species
extinction around the globe [43-45], often differentially impacting
male or female fertility [46]. Understanding the mechanisms of
heat-induced TE mobilization in spermatocytes may contribute
to understanding how and why organism fertility and populations
are shifting in response to climate change.
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cations. All SNP-containing reads from each exposure group are combined and parsed out by chromosome. Percentages represented by the stacked bars report
the average of three replicates. TC1.9 (/) is present across the genome (99.5% + 0.3% ofreads) but very rarely occurs at its established location (0.4% + 0.3% of
reads). In contrast, TC7.6 (/) is usually present at its established location (91% + 4% of reads). Finally, TC1.24 (V) is present the majority of the time at its
established location (35% + 8% of reads); however, it is also found elsewhere in the genome, at other known Tc1 locations and de novo insertion sites.

(D) Frequencies of SNP-containing reads identified in Figure 3C, now parsed out by sex and exposure condition. TC7.9-specific SNPs were found to increase at
de novo insertion sites only in the male population exposed to heat shock (12% + 4% of reads), compared with all other groups (male no heat: 2.2% =+ 1%,
hermaphrodite [herm] no heat: 2.7% =+ 3%, and herm exposed to heat shock:1.3% + 1%; p < 0.005 in all cases). Percentages represented by the stacked bars
report the average of three replicates. Differences in percent occupancy at established, other Te1, or de novo insertion sites were assessed via one-way ANOVA,
with Sidak’s test to account for multiple comparisons. Data for individual replicates are in Figure S4.
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Rabbit polyclonal anti-RAD- This study N/A
51

Chicken polyclonal anti- This study N/A
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Rabbit anti-GFP [15] N/A
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OP50 Escherichia colf CGC OP50
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Superscript IV reverse Invitrogen 18090010
transcriptase

Random hexamers Promego C118A
PowerUp SYBR Green Applied Biosystems A25776
Master Mix

DNeasy Blood and Tissue Kit QIAGEN 68504
Mag-bind TotalPure NGS Omega Bio-Tek M1378-00
paramagnetic beads

KAPA HyperPlus Library KAPA Biosystems KK8503
Preparation Kit

RESOURCE AVAILABILITY

Lead Contact
Further information and requests for resources and reagents should be directed to and will be fulfilled by the Lead Contact, Diana E.
Libuda (dlibuda@uoregon.edu)

Materials Availability
Antibodies generated in the course of this work are freely available to interested academic researchers through the Lead Contact

Data and Code Availability

The sequencing data used in this report have been deposited in NCBI's Sequencing Read Archive database (SRA). Original data have
been deposited with links to BioProject accession number PRINA602000 in the NCBI BioProject database (https://www.ncbi.nlm.
nih.gov/bioproject/)

EXPERIMENTAL MODEL AND SUBJECT DETAILS

C. elegans strains, genetics, and culture conditions
Allstrains are from the Bristol N2 background, and were maintained at 20°C under standard conditions. All strains were maintained as
mating stocks. Temperatures used for specific experiments are indicated in Figures and below.

The following strains were used in this study:

N2: Bristol wild-type strain

DLWS5: spo-11(ok79) IVInT1 [gis51] (V;V)

CB4108: fog-2(q71) V

AV761: mels8func-119(+) Ppie-1:gfp::cosa-1] If; spo-11(me44) IV / nT1[qgis51] ((V:V)
DLW59: mels8func-119(+) Ppie-1:gfp::cosa-1] If; spo-11(me44) IV / tmcSftm1s1221] IV

METHOD DETAILS

Heat shock

Heat-shock experiments were performed in a VWR refrigerated Peltier incubator (Model VR16P) at 34°C for 2 hours. Additional ex-
posures were also done at 26°C, 28°C, 30°C, 32°C, 36°C and 38°C. Following heat-shock, an hour of recovery was given before sam-
ple collection.

Immunofluorescence

Immunofluorescence was performed as in Libuda et al., 2013 [47]. Briefly, gonads from adult male and hermaphrodite worms at 18—
22 hr post-L4 stage were dissected together in 1x egg buffer with 0.1% Tween on the same VWR Superfrost Plus slides, fixed for
5 min in 1% paraformaldehyde, flash frozen with liquid nitrogen, and then fixed for 1 min in 100% methanol at —20°. Slides were
washed 3 X 5 min in 1x PBS Tween (PBST) and blocked for 1 hr in 0.7% BSA in 1x PBST. Primary antibody dilutions were made
in 1x PBST and added to slides. Slides were covered with a parafilm coverslip and incubated in a humid chamber overnight (14—
18 hr). Slides were washed 3 X 10 min in 1x PBST. Secondary antibody dilutions were made at 1:200 in 1x PBST using Invitrogen
goat or donkey Alexa Fluor-labeled antibodies and added to slides. Slides were covered with a parafilm coverslip and placed in a
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humid chamber in the dark for 2 hr. Slides were washed 3 X 10 min in 1x PBST in the dark. All washes and incubations were per-
formed at room temperature, unless otherwise noted. Next, 2 ug/ml DAP| was added to slides and slides were subsequently incu-
bated in the dark with a parafilm coverslip in a humid chamber. Slides were washed once for 5 min in 1x PBST prior to mounting with
Vectashield and a 20 X 40 mm coverslip. Slides were sealed with nail polish immediately following mounting and then stored at 4°C
prior to imaging. All slides were imaged (as described below) within 2 weeks of preparation. The following primary antibody dilutions
were used: rabbit anti-RAD-51 (1:5000), chicken anti-RAD-51 (1:1000) (RAD-51 antibodies were custom made, see “Antibody pro-
duction” below), rabbit anti-GFP (1:1500) [15]. Immunofluorescence images from Figures 1, S1, and S2 utilized the rabbit anti-RAD-
51 antibody. Immunofluorescence images from Figures 2 and S3 utilized the chicken-RAD-51 antibody.

Antibody production

Ourexisting RAD-51 antibodies were generated from a His-tagged fusion protein expressed by Genscript from plasmid pET30a con-
taining the entire RAD-518S coding sequence (1385 bp, GenBank accession number AF061201) [51, 52]. Antibodies were produced in
rabbit and chicken and affinity purified by Pocono Rabbit Farms.

Imaging and quantification of RAD-51 and COSA-1 foci

Immunofluorescence slides were imaged at 512 x 512 pixel dimensions on an Applied Precision DeltaVision microscope with a 63x
lens and a 1.5x optivar. Images were acquired as Z stacks at 0.2 um intervals and deconvolved with Applied Precision softWoRx
deconvolution software. For quantification of RAD-51 and GFP::COSA-1 foci, early pachytene included the first four-to-five rows
of nuclei immediately following the transition zone, while late pachytene included nuclei in the last four-to-five rows of nuclei preced-
ing the condensation zone in males or the last four-to-five complete rows of nuclei in hermaphrodites. Foci per nucleus were quan-
tified automatically from deconvolved three-dimensional (3D) stacks using Imaris software (Bitplane). Foci per nucleus counts were
analyzed using one-way analysis of variance (ANOVA) to compare all groups in Prism 8 (Graphpad)

Male fertility assay

Wild-type (N2) males and fog-2A (CB4108) obligate females were isolated at the L4 developmental stage and aged 18-22 hours to
adult stage. Individual obligate females were then singled and left at 20°C, while wild-type males were exposed to heat-shock (34°C,
2 hours). Immediately following heat-shock, individual males were paired with individual females and left at 20°C for 3 consecutive 8-
hour intervals; during each successive interval single heat-shocked males were paired with virgin females. Living progeny, dead
eggs, and unfertilized eggs were quantified for each female. Pairs with brood sizes of zero were excluded. Differences in the ability
of heat-shocked males to produce viable progeny were analyzed using Fishers exact tests in Prism 8 (Graphpad). Due to poor mating
performance of recently heat-shocked males, brood size from heat-shocked males was found to be reduced in the 0-8 hour post-
exposure window (brood size per male with heat-shock = 39 + 30 worms, versus without heat-shock = 87 + 33). Experimental group
sizes go as follows: 1) 0-8 hours post-heat-shock: no heat-shock, n = 8; heat-shock, n = 10; 2) 8-16 hours post-heat-shock: no heat-
shock, n = 28; heat-shock, n = 38; and, 3) 16-24 hours post-heat-shock: no heat-shock, n = 6, heat-shock = 11. During the 0-8 hr
post-exposure time point, heat-shocked males had difficulty mating immediately following exposure which significantly decreased
brood size.

Quantitative PCR for Tc1 and Tc3 transposase

Sample preparation

200 wild-type (N2) L4 stage worms were collected for each experimental group (male without heat-shock, male with heat-shock, her-
maphrodite without heat-shock, hermaphrodite with heat-shock). The L4 worms were aged 18-22 at 20°C hours to adult stage. Once
at the adult stage, heat-shock groups were exposed to 34°C for 2 hours. Immediately following exposure, worms were washed off
plates with M9 buffer, pelleted, flash frozen in liquid nitrogen and stored at —80°C.

RNA extraction, cDNA synthesis and quantitative PCR

RNA was isolated using the RNAqueous-4PCR Total RNA Isolation kit (Ambion). To quantify Tc1 and Tc3 transposase levels equal
amounts of cDNA were synthesized using Superscript IV reverse transcriptase and random hexamers following the manufacturer-
included protocol. Quantitative PCR was carried out using PowerUp SYBR Green Master Mix (Applied Biosystems) and 500nM of
both forward and reverse primers (Table S3). act-1 and pmp-3 were amplified as internal controls. Gene expression ratios were calcu-
lated using the the Pfaffl method [53], and by ACt and AACt values to compare groups by one-way ANOVA analysis.

Evaluation of Tc1 and Tc3 transposon genomic locations

Sample preparation

300 wild-type (N2) L4 stage worms were collected for each experimental group (males without heat-shock, males with heat-shock,
hermaphrodites without heat-shock, hermaphrodites with heat-shock). Three biological replicates were prepared for each experi-
mental group. The L4 worms were aged 18-22 hours at 20°C to adult stage. Once at the adult stage, heat-shock groups were
exposed to 34°C for 2 hours. Following a one-hour recovery period, genomic DNA was prepared using the QIAGEN DNeasy Blood
and Tissue Kit using a modified protocol. Worms were transferred off plates and into 15 mL centrifuge tubes using M9 buffer, they
were then pelleted by centrifugation at 2500 rpm at room temperature for 30 s. The pellets were washed twice with M9 and re-pelleted
before resuspending pellet in 200 uL ATL buffer (from kit) and transferring solution to a 1.5 mL microcentrifuge tube. Samples were
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incubated at —80°C overnight, then underwent 3 cycles of freeze (—20°C)/thaw (37°C). Proteinase K and RNase A was added ac-
cording to the manufacturer-provided protocol, and the provided protocol was followed exactly thereafter.

Inverse PCR and amplicon sequencing

Genomic DNA was fragmented to ~800 bp using a Covaris M22 sonicator and checked for size by gel electrophoresis. Fragments
were self-ligated using T4 ligase (NEB) and recovered using glycogen/isopropanol precipitation. Nested PCR was performed to
amplify DNA sequence directly adjacent to Tc1 and Te3 transposon ends. Two sets of primers were designed to capture sequence
adjacent to both the 5’ and 3’ ends of the transposon. Primer sequences are provided in Table S3. Size selection was used to obtain
products under 1 kb using Mag-bind TotalPure NGS paramagnetic beads (Omega Bio-Tek). End repair and adaptor ligation was car-
ried out using reagents and protocols from the KAPA HyperPlus Library Preparation Kit (KAPA Biosystems) and lllumina TruSeq
adapters. Samples were multiplexed and sequenced on an lllumina MiSeq v3 (25M reads) paired end 300.

Read alignment and quality filtering

Paired end reads were quality filtered for adaptor contamination and low-quality ends using trimmomatic [49]. After quality filtering an
average of 1.5 million reads per paired end sample remained. Surviving reads were filtered to contain only sequence adjacent to Tc1
or Te3 insertion sites by searching for and removing the inverted repeats and associated Tc1 and Tc3 sequences. Reads were then
mapped to the C. elegans reference genome using Gmap [48] and uniquely aligned reads were imported into R [54], binned by map-
ping position, and plotted using ggplot2 [50].

Identification of specific Tc1 transposon polymorphisms and insertion motif analysis

Previously reported Tc1 polymorphisms were identified in our raw reads and sequences adjacent to insertion sites were mapped to
the C. elegans reference genome using gmap [48], imported into R [54], and plotted using ggplot2 [50]. To investigate previously iden-
tified known Tc1 hotspot motifs around insertions sites, uniquely aligned reads were searched for the known motif sequence and
reads containing the motif were trimmed to the 6 base pairs directly adjacent to insertion sites and plotted using ggplot2 [50].

Transposon nomenclature

Inthis report, we utilized newly established nomenclature to define the specific copies of Tc1 that were described in Fischeret al. [22].
A full description of these specific Tc1 copies goes as follows: TC1.9 represents WBTransposon00000021 from Y46G5A on chro-
mosome ff; TC1.6 represents WBTransposon00000018 from Y48G9A on chromosome /if; and TC1.24 represents WBTranspo-
son00000036 from T69A2AR) on chromosome V. This nomenclature was decided upon following a discussion with Paul Davis
(WormBase, EMBL-EBI, Welcome Trust) and Tim Schedl (Washington University St. Louis).

QUANTIFICATION AND STATISTICAL ANALYSIS

All p values reported in Figures 1, 2, and S3 regarding the quantification of RAD-51 foci are calculated from Kruskal-Wallis one-way
analysis of variance tests, which are robust non-parametric statistical tests appropriate for the relevant datasets. In all cases, Dunns
test was used to account for multiple comparisons. For the time-course analysis in Figures 1D and 1E, we used a two-way mixed-
effects ANOVA with a Sidak post hoc test to account for multiple comparisons. To assess dead egg production as shown in Figure 1F,
we used Fisher's exact test (an appropriate test for 2 X 2 contingency tables) to evaluate whether dead eggs occurred at a higher
frequency with exposure to heat stress independent of brood size. For Figure 3A, differences in gene expression were assessed us-
ing a one-way ANOVA on log-transformed gene expression ratios (calculated using the Pfaffl method, which calculates relative gene
expression while accounting for differences in primer efficiencies), with a Sidak test used to account for multiple comparisons. Gene
expression was also assessed by one-way ANOVA on ddCt values. The results agreed in both cases. The change in Tc1 and Tc3 de-
novo site numbers, as shown in Figure 3C, was assessed via one-way ANOVA, with a Sidak test used to account for multiple com-
parisons. For Figure 4A the goodness-of-fit for the linear regression lines were reported as coefficient of determination (R?; an appro-
priate goodness-of-fit statistic for fitted linear regression lines). In addition, a correlation analysis was run to test the null hypothesis
that there was no correlation between the two variables, and the p value was reported. The changes in percent of Tc1 copies carrying
specific polymorphisms residing at specific locations (established, other Tc1, or de novo) as shown in Figure 4D, as well as changes in
the percentage of Tc1-adjacent reads containing TATRTG and TATRTN insertion motifs in Figure S4C, was assessed via one-way
ANOVA, with a Sidak test used to account for multiple comparisons. All statistics were done using the Prism graphing program
(GraphPad Software). For all tests described above, the assumptions of each test were met.
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Figure S1. Heat-exposure produces elevated RAD-51 foci throughout meiotic prophase |
in the male germline. Related to Figure 1. Inmunofluorescence for the recombinase RAD-51
was used to assess DNA damage throughout the germlines of wild-type C. elegans with and
without heat-shock (34°C for 2 hours). (A) Extruded and fixed adult male gonads, which produce
sperm, are shown without exposure (upper image) and with exposure to heat-shock (lower
image). (B) An extruded and fixed L4 hermaphrodite gonad, exclusively producing sperm, is
shown. Panels exhibit magnified images from each stage of meiosis. Scale bars represent 20
pm in whole gonad images and 5 ym in magnified panels. DAPI stain for DNA is shown in blue,
RAD-51 foci marking sites of DNA damage are shown in green. The “RAD-51 zone” where
RAD-51 foci are consistently present and associated with the nuclei of developing
spermatocytes is indicated by a green line along the length of the gonad.
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Figure S2. Heat-induced DNA damage is exacerbated at temperatures above 34°C, but
not by an extended exposure at 28°C. Related to Figures 1 and 2. (A) Immunofluorescence
for the recombinase RAD-51 was used to assess DNA damage throughout the germlines of
wild-type male and hermaphrodite C. elegans with exposure to heat-shock (34°C, 36°C, or 38°C
for 2 hours). Extruded and fixed adult male gonads which produce sperm are shown on top, and
hermaphrodite gonads which produce eggs are shown below. Magnified panels highlight the
premeiotic and pachytene zones in both the male and hermaphrodite germline, as well as an
additional panel highlighting the condensation zone in the male germline. Notably, the dissected
hermaphrodite gonad ends at prophase | while the male germline includes stages
encompassing meiotic divisions. Thus, this extra panel is only able to be shown in the male.
DAPI stain for DNA is shown in blue, RAD-51 foci marking sites of DNA damage are shown in
green. The “RAD-51 zone” where RAD-51 foci are consistently present and associated with the
nuclei of developing spermatocytes is indicated by a green line along the length of the gonad.
Temperatures above 34°C produce both an increase in heat-induced DNA damage, as well as
an elongation of the RAD-51 zone in the male germline. Heat shock at 34°C does not illicit a
DNA damage response in the hermaphrodite germline. However, exposure to 36°C and above
produces DNA damage throughout the entire gonad. (B) The production of DNA damage was
assessed throughout the germlines of wild-type male C. elegans with exposure to extended low-
temperature heat stress (28°C for 24 hours). This temperature is permissive for the growth of
wild-type C. elegans from egg to adult but results in sterility. An extruded and fixed adult male
gonad is shown. Magnified panels highlight the premeiotic, pachytene zones and condensation
zones. DAPI stain for DNA is shown in blue, RAD-51 foci marking sites of DNA damage are
shown in green. Extended exposure at 28°C did not elevate the number of RAD-51 marked
sites of DNA damage, nor was the RAD-51 zone extended.
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Figure §3. Heat-induced DSB repair dynamics. Related to Figures 1, §1, and §2. To
characterize the dynamics of resolution or repair of heat-induced DSBs, RAD-51 foci were
visualized and quantified throughout the germlines of wild-type male C. elegans with exposure
to heat-shock (34°C, 2 hours) at 1, 2, and 3-hours post-exposure. (A) Extruded and fixed adult
male gonads, which produce sperm, are shown at 1-hour post-heat-shock (upper image) and 3-
hour post-heat-shock (lower image). Magnified panels highlight the degree of heat-induced DNA
damage in early and late pachytene. Scale bars represent 20 um in whole gonad images and 5
pum in magnified panels. Notably, in the condensation region of heat-shocked male germ lines at
the 3-hour time point, a subset of nuclei had massive amounts of unrepaired DSBs that were
largely localized to the periphery of the nucleus heat-shock. DAPI stain for DNA is shown in
blue, RAD-51 foci marking sites of DNA damage are shown in green. (B) Quantification of RAD-
51 foci per nucleus in early and late pachytene for wild-type spermatocytes. Violin plots show
frequency distribution of the data: the center dashed line represents the median, the bottom and
top dotted lines represent the first and third quartiles respectively. The degree of damage at 1-
hour post-heat-shock was more severe in late-pachytene (avg 4043 foci/nucleus, n=76), than in
early pachytene (avg 20+2 foci/nucleus, n=110). Similarly, RAD-51 marked DSBs levels
returned to pre-heat-shock levels by 3 hours post-heat-shock in the late pachytene region, while
a return to pre-heat-shock levels of RAD-51 marked DSBs only required 2 hours in the early
pachytene region. Previous studies in C. elegans oogenesis indicate that distinct (or differential
availability of) repair mechanisms are present in early versus late pachytene phases [S1, S2].
The difference in DSB repair dynamics in early vs late pachytene indicate that heat-shock
induced DSBs may proceed down repair pathways that are either differentially available or
differentially regulated during subsequent stages of meiotic prophase. Statistical significance
between groups was determined using the Kruskal-Wallis non-parametric test, with Dunns test
to account for multiple comparisons. Number of nuclei scored from male germlines: Early
pachytene: no heat, n=16; 1 hour post-heat-shock, n=37; 2 hours post-heat-shock, n=33; 3
hours post-heat-shock, n=26; late pachytene: no heat, n=16; 1 hour post-heat-shock, n=27; 2
hours post-heat-shock, n=18; 3 hours post-heat-shock, n=13.

164



Home Location Other Te1 Location de novo Tc1 Insertion
100 100 _ 100
& 80 > 80 80
2 | i |
Zets $5 4 a0 %
¢S 20 20 20
=3 0. 0 7+T—T—‘P—Q—‘!L 0
e mamiv v X I imiv v X [ | B I I A VAV
i 100_ 100 _ 100
o gg . 80 | 80 _
0 2 il 60 - - 60
Te1.9 S 2 40 | 40 = 40
g E 28 . 20 > s 20 |
° B [ 0.
& I 1w v X I Iil v v X I nmiwv v
3 100 100 100 _
%) 80 80 - 80 -
Tc1.24 TF 60 60 | 60 -
g 40 = 40 | - 40 _|
2E 204 20 - - 20
0 y e 0 7#—1—4—‘—V—T 0
I miwvyv X i nmiv v I miv v X
B Chromosome Chromosome Chromosome
L 2 100 100 100
SEo go| == W A 3 80 80
Te1.6 P58 60 - 60 60
J1C1.0 'BE o 40 40 40
&0 20 20 - o 20
=0 - 1 —— 0. =% ofim 22 ¥ 0
Male H - Male H - 2 - Male Herma- Male Herma-
ae pﬁ:g:ﬁte ae ph?ggﬁe Meks I'-)iﬁrn&eheMale B*E,?{,’Hﬁe phrodite phrodite
NoHeat  Heat-Shock NoHeat  Heat-Shock NoHeat Heat-Shock
' 2 100 100 100
%-Eg 80 g0 | T T oaa T 80 oons
Ic1.9 “5x 80 60 P=0003 —; 5575 80 00028
—= =0 40 40 p=0. 40 p=0.0022
20 20 20
e 0 oL A
. - Male H - Male H - Male Herma- Male Herma-
Hole E'ﬁ!'&ﬂm“"""e ﬁmﬁe e pﬁp&aite ? egherggiate phrodite  phrodite
NoHeat Heat-Shock NoHeat Heat-Shock NoHeat  Heat-Shock
' 100 100 _ p=061
S, 80 p03 30 o x
%,E'g 601 = 60 = = = T
Tc1.24 @ ®S 40 = ve 40 - v
°c= 20 3 = - 20] =
29 - A, . 2 ol
- 2 Male H - Male H - Male Herma- Male Herma-
A I;ﬁfgh?teMale ;I)-Ilfrggﬁe e pﬁghaite ¢ epherggﬁe phrodite phrodite
NoHeat  Heat-Shock NoHeat  Heat-Shock NoHeat Heat-Shock
C
o 18 _ p=026 B p=0.09
© = - k=]
€2 14 - g2 ig - -
= p - T———
80 12 o SE 40 - -
O e — P O — = —
© S 35 - -
T B S5 s :
=
2 l; L3 L} = L3 e L 25 : 25 L Ll J L3
ﬁ = Male Herma- Male Herma- ﬁ = Male Herma- Male Herma-
o3 phrodite phrodite e = phrodite phrodite
® No heat Heat-shock z No heat Heat-shock

165



Figure S4. Characterization of three distinct copies of Tc1 and TATRTG consensus Tc1
insertion motif. Related to Figure 4 and Tables §2 and S3. Tc1 mobility was assessed at
the level of individual copies of Tc1 using copy-specific polymorphisms. (A) Percent of
polymorphism-containing reads across each chromosome for each copy of Tc1 t at their
previously reported established location, at other known Tc1 locations, and at de novo locations.
Values for each biological replicate are displayed. (B) Comparison of percentage of
polymorphism-containing reads at each type of location between each exposure group. Values
for each biological replicate are displayed. Differences in percent-occupancy of established,
other Tc1, or de novo insertion sites were assessed vie one-way ANOVA, with Sidaks test to
account for multiple comparisons. (C) Percent occurrence of TATRTG and TATRTN insertion
motifs were quantified across each exposure group (3 biological replicates per group are
represented on the graph). The TATRTG motif was found in ~11% of all Tc1-adjacent reads.
There was a trend toward a decrease in the occurrence of the TATRTG motif in males exposed
to heat-shock compared with unexposed males (heat-shock: 9.2 + 0.8%, no heat: 11 * 3%),
however this was not statistically significant (p=0.26). The TATRTN motif was found in ~40% of
all Tc1-adjacent reads. Males exposed to heat-shock demonstrated a slight increase in the
occurrence of TATRTN compared with their no heat-shock counterparts (heat-shock: 46 + 4%,
no heat: 38 * 4%), however, this was not statistically significant (p=0.09).
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Tc1:

Total # sites
occupied by Tc1

# known Tc1

# of de novo insertions

No heat Heat No heat Heat No heat Heat %A
shock shock shock shock shock shock
Male 254 +£20 | 283 £15 212+9 214+ 4 42+ 8 69+8 | +64.3
Hermaphrodite 296+£22 | 247+ 21 2439 202 +£16 53%+15 | 4411 | -16.9
Tc3: Total # sites # of known Tc3 # of de novo insertions
occupied by Tc3
No heat Heat No heat Heat No heat Heat %A
shock shock shock shock shock shock
Male 19927 | 217+18 | 183+20 | 197 £ 18 167 205 +25
Hermaphrodite 225+ 6 211 £10 2075 [192+11 18+3 19+ 2 +6.9

Table $1. Increased incidence of de novo Tc1 insertions in males exposed to heat-stress.

Related to Figure 3. Inverse PCR paired with amplicon sequencing was used to identify Tc1
and Tc3 locations genome wide in male and hermaphrodite populations (300 worms/group).

llumina sequencing reads (6851314 total reads) representing Tc1-adjacent DNA was aligned to

the C. elegans genome (WS245). Genomic position was binned by 100 bp and a Tc1 or Te3
location site was defined as a bin where a Tc1 or Tc3-adjacent read mapped at a frequency

above 20. Tc1 and Tc3 locations were quantified for males and hermaphrodites. Total number
of locations, number of known locations, and de novo insertion sites for each experimental

group are reported.
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Hermaphrodite

No heat shock Nucleotide position immediately 3’ of Tc1

Frequency

{Avg * SD) 1 2 3 4 5 6

A 0.06 +0.01 | 0.55+0.03 [ 0150 0.28+0.04 | 0.12+0.01 [ 0.29+0.03
C 0.38+0.04 |004+0 0.26 +0.07 | 0.18+0.02 | 0.08 +0.01 | 0.09+0.01
G 0.05+0.01 [ 0.09+0.01 [ 0.36+0.03 | 048+0.03 [ 0.05+0 0.24+0.02
T 0.51+0.03 |0.32+0.03 | 024+0.05 | 0.06+0 0.74+0.03 | 0.39+0.03
Male

No heat shock Nucleotide position immediately 3’ of Tc1

Frequency

{Avg * SD) 1 2 3 4 5 6

A 0.07+0.02 |051+0.03 | 0.16 +0.02 | 0.3+0.06 0.15+0.05 | 0.26 +0.05
C 04+005 |005+0.02 |0.21+0.06 |0.15+0.02 |0.12+0.02 | 0.1+0.04
G 0.06+0.02 |011%0 04+004 (049003 [0.04+0 0.29+0.01
T 047 +0.03 |0.33+0.04 | 0.22+0.01 | 0.06 + 0.01 0.68 +0.06 | 0.35+0.07
Hermaphrodite

Heat shock Nucleotide position immediately 3’ of Tc1

Frequency

{Avg * SD) 1 2 3 4 5 6

A 007+001 |06+012 |0.18+0.03 |0.32+0.12 | 0.11+£0.01 | 0.23 +0.03
C 0.34+012 | 0040 0.26 +0.04 | 0.2 +0.03 0.1+ 0.01 0.11+0.05
G 0.05+0 01+002 [032+0.11 [044+0.14 [0.05+0.01 | 0.34 +0.03
T 054+011 | 026+011 |025+0.11 |0.04+0 0.75+0.02 | 0.32 +0.07
Male

Heat shock Nucleotide position immediately 3’ of Tc1

Frequency

{Avg * SD) 1 2 3 4 5 6

A 0.07+0.01 |056+0.02 | 0.19+0.01 |0.35+0.05 |0.17+0.05 | 0.3+0.02
C 0.37+0.01 |[0.05+0 023+0.04 |016+0.02 [0.11+0.01 [ 0.14+0.01
G 0.05+0.01 [0.12+0.01 | 0.33+0.01 | 044+005 [0.05+0 0.22 + 0.03
T 051+0 0.28+0.01 | 0.25+0.03 [0.06+0 0.67 +0.06 | 0.34+0.02

Table S2. Analysis of all Tc1-adjacent reads for insertion motifs: Nucleotide frequency in
first six positions immediately 3’ of Tc1. Related to Figures 3 and $4, and Table S3.
Sequences directly adjacent to inverted repeat of Tc1 were analyzed. The first six nucleotides
directly adjacent to Tc1 were aligned and the frequency of each nucleotide at each position was
quantified. An average and standard deviation are reported for all three replicates.

168



Hermaphrodite

No heat shock Nucleotide position immediately 3’ of Tc1

Frequency

{Avg * SD) 1 2 3 4 5 6

A 0040 0.66+0.04 | 0.09+0 0.38+0.02 | 0.06 +0.01 | 0.36 +0.08
C 0.28+0.05 |0.03+0 0.12+0.06 | 0.1+ 0.01 0.05+0 0.14+0.01
G 0.05+0.01 |0.06+0 0.32+0.01 | 048+0.03 [ 0.04+0 0.15+0.01
T 064+0.05 | 025+0.04 | 047+0.05 |0.04+0 0.86+0.01 | 0.35+0.08
Male

No heat shock Nucleotide position immediately 3’ of Tc1

Frequency

{Avg * SD) 1 2 3 4 5 6

A 0.05+0.02 |058+0.04 [0.12+0.04 | 0.27+0.06 | 0.06 +0.02 | 0.27 + 0.02
C 0.37+0.03 0030 0.06+0.01 |0.06+0.05 [0.08+0.04 |0.18+0.08
G 0.03+0.01 |0.09+0.04 | 0.41+£0.03 | 0.63+0.01 0.03+0 0.22 +0.02
T 055+0.02 |03+008 |041+0.02 |]0.03+0 0.83+0.06 | 0.34+0.11
Hermaphrodite

Heat shock Nucleotide position immediately 3’ of Tc1

Frequency

{Avg * SD) 1 2 3 4 5 6

A 004+001|071+014 |0.08+001 |0.39+0.19 | 0.06 £0.01 | 0.19+0.02
C 024+013 | 0030 0.06 +0.01 [ 0.06 +0 0.04 +0.01 | 0.22 +0.06
G 0.03+0.01 | 0.05+0.01 [0.3+0.16 |052+0.18 [0.03+0 0.24 +0.03
T 069+013 | 022+0.14 |055+0.16 | 0.03+0.01 | 0.87 £+0.02 | 0.35 +0.08
Male

Heat shock Nucleotide position immediately 3’ of Tc1

Frequency

{Avg * SD) 1 2 3 4 5 6

A 0.05+0.02 |0.6+0.06 |0.12+0.05 | 0.36+0.01 0.07+0.01 | 0.26+0.05
C 0.34+0.05 |0.03+0 0.07+0.01 |0.07+0.02 [0.08+0.02 [ 0.23+0.01
G 0.04+0.01 |0.09+0.02 | 0.36+0.07 | 0.54+0.03 |0.04+0.01 | 0.14+0.05
T 057+0.04 |027+0.07 [044+0.01 |0.04+0 0.82+0.03 | 0.36+0.1

Table S3. Assessment of Tc1-adjacent reads containing TATRTN: Nucleotide frequency
in first six positions immediately 3’ of Tc1. Related to Figures 3 and $4, and Table S2.
Reads containing the TATRTN motif were parsed out and the first six nucleotides directly
adjacent to Tc1 were aligned. Similar to Table S2, the frequency of each nucleotide at each
position was quantified. An average and standard deviation are reported for all three replicates.
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Primer target Primer sequence Forward or
Reverse
*Tc3 AATAGTCGCGGGTTGAGTTG RV
*Tc3 GAGCGTTCACGGAGAAGAAG FW
*Tcl CACACGACGACGTTGAAACC RV
*Tc AACCGTTAAGCATGGAGGTG FW
*act-1 GTACGTCCGGAAGCGTAGAG RV
*act-1 CACGGTATCGTCACCAACTG FW
*(universal) CTCAAGTGTCGTGGAGTCGGCAA RV
"pmp-3 TGGCCGGATGATGGTGTCGC FW
"pmp-3 ACGAACAATGCCAAAGGCCAGC RV
Tc1 3 end, PCR #1 CAAACGGATACGCGACAAA FW
Tc1 3 end, PCR #1 TGACAACGACGTGGCATC RV
Tc1 5 end, PCR#1 GAAAGCCATTGTAGCTGG FW
Tc1 5 end, PCR#1 ATCCAGTGCAACAAACAGAG RV
Tc1 3 end, PCR #2 (nested) CTGGTTGAATTTGGCATCTG RV
Tc1 3’ end, PCR #2 (nested) TATCTTTTTGGCCAGCACTG FW
Tc1 5 end, PCR #2 (nested) CGAACAAGGAATACCCACGA FW
Tc1 5 end, PCR #2 (nested) CATTTCGCTTTATGCACACG RV
Tc3 3 end, PCR #1 GAAATGTTCTCGTGGGATC RV
Tc3 3 end, PCR #1 AGCGCGACCTCAGTTTTT FW
Tc3 5 end, PCR #1 GAACCAGTCTGGAGATCCCAC RV
Tc3 5 end, PCR #1 TCAAGCTTCCTGGTGCTCTC FW
Tc3 3’ end, PCR #2 (nested) TCAAGCTTCCTGGTGCTCTC RV
Tc3 3 end, PCR #2 (nested) TCGGAAGTTCCTCAAACCTTCA FW
Tc3 5 end, PCR #2 (nested) AGCGCGACCTCAGTTTTTGA RV
Tc3 5 end, PCR #2 (nested) TACGCCATCCCCAAGAAACC FW

*from [S3]
tfrom [S4]

Table S4. Primers used in this study. Related to STAR Methods.
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